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Since the discovery of the structure of the DNA double helix in

1953 by Watson and Crick [1], we know that DNA is of critical

importance, carrying the genetic information for all living

organisms. Only a few years later appeared the first reports on

the chemical synthesis of oligonucleotides with a natural 3'-5'

phosphodiester linker by Michelsen and Todd [2]. It took

another two decades until the first step towards building block

chemistry (the so-called phosphoramidte chemistry) was

published by Letsinger and Lunsford, enabling efficient and

fully synthetic access to oligonucleotides [3]. These authors

discovered that DNA building blocks based on phosphorous(III)

were significantly more reactive than phosphordiesters or

-triesters. Finally, this approach using phosphoramidites as

nucleoside building blocks was significantly further developed

in 1981 by Beaucage and Caruthers [4]. Since then, oligo-

nucleotides of up to 50-mers in length have become available

by an extremely efficient solid-phase methodology that runs

automatically on machines, so-called DNA synthesizers. With

special care during each synthesis step, even longer oligo-

nucleotides can be prepared in a similar, almost routine fashion.

The field of nucleic acid chemistry has exploded: natural and

artificial functionalities, as well as probes, markers or other bio-

logically active molecules, can be synthetically introduced into

DNA (as well as RNA) by preparing the corresponding artifi-

cial DNA and RNA building blocks. More recently, the chem-

istry was further developed for building blocks that are other-

wise synthetically not obtainable. In such cases, postsynthetic

strategies can allow for the desired oligonucleotides modifica-

tion. This becomes an even more important issue for functional-

ities, probes or biologically relevant molecules that are incom-

patible with routine phosphoramidite chemistry. Although

nucleic acid chemistry appears to be a mature part of organic

and bioorganic chemistry, the many questions that are still

being raised by research in biology and chemical biology give

sufficient motivation to continue to synthesize new nucleic acid

probes and thereby further develop nucleic acid chemistry.

Moreover, in addition to their biological functionality, DNA

and RNA are considered as increasingly important architec-

tures and scaffolds for two- and three-dimensional objects,

networks and materials for nanosciences. In conclusion, nucleic

acid chemistry continues to maintain its appeal and affords

good reason to focus on in this Thematic Series of the Beilstein

Journal of Organic Chemistry.

Hans-Achim Wagenknecht

Karlsruhe, November 2014
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Abstract
The predictability of DNA self-assembly is exploited in many nanotechnological approaches. Inspired by naturally existing self-

assembled DNA architectures, branched DNA has been developed that allows self-assembly to predesigned architectures with

dimensions on the nanometer scale. DNA is an attractive material for generation of nanostructures due to a plethora of enzymes

which modify DNA with high accuracy, providing a toolbox for many different manipulations to construct nanometer scaled

objects. We present a straightforward synthesis of a rigid DNA branching building block successfully used for the generation of

DNA networks by self-assembly and network formation by enzymatic DNA synthesis. The Y-shaped 3-armed DNA construct,

bearing 3 primer strands is accepted by Taq DNA polymerase. The enzyme uses each arm as primer strand and incorporates the

branched construct into large assemblies during PCR. The networks were investigated by agarose gel electrophoresis, atomic force

microscopy, dynamic light scattering, and electron paramagnetic resonance spectroscopy. The findings indicate that rather rigid

DNA networks were formed. This presents a new bottom-up approach for DNA material formation and might find applications like

in the generation of functional hydrogels.

1037

Introduction
DNA has found applications in the field of nanotechnology due

to its inherent properties. The simplicity and predictability of

DNA secondary structure are of outstanding potential for the

design of self-assembled architectures [1-3]. Inspired by natu-

rally existing self-assembled DNA architectures known as Holl-

iday junctions, Seeman envisioned the approach to organize

DNA with branched DNA (bDNA) and thereby initiated the

field of structural DNA nanotechnology [4]. Since then several
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reports have described the generation of bDNAs self-assem-

bling to predesigned architectures with dimensions on the

nanometer scale [5-9]. Based on this, numerous examples of 2D

arrays [10-14], DNA origami [15] and complex 3D DNA nano-

structures [16-20] were generated by intelligent algorithmic

assembly design strategies [5-9]. Besides, the directed assembly

of cells was achieved by using duplex DNA to drive the

connections of cells and thereby providing access to micro-

tissues [21,22] or extracellular matrices [23,24] by DNA-based

2D-arrays.

DNA bears the inherent potential, that nature evolved a large

toolbox of different enzymes for manipulation of DNA. These

enzymes can be used to manipulate DNA for the construction of

DNA nanometer scaled objects. For example, DNA ligases

were applied to covalently attach DNA strands to each other to

form covalently linked objects [16,18,25,26]. Furthermore, by

using branched DNA constructs and ligases, a DNA hydrogel

was generated [27-29]. Luo et al. used a DNA based network,

manufactured in that fashion, that can act as a protein

producing gel and can be used as an efficient cell-free

translation system [30]. Recently, ordered 2D DNA scaffolds

were reported in which a nanometer precise arrangement of

enzymes on these scaffolds leads to efficient enzymatic commu-

nication [31]. DNA polymerases have been applied for the

assembly of DNA nanostructures. Joyce et al. employed a DNA

polymerase to synthesize long single-stranded DNA that folds

into an octahedron by assistance of scaffolding DNA oligomers

[17]. In another approach rolling circle amplification was used

for enzymatic amplification of DNA nanostructures [32,33].

Recently, this approach was extended to operate in cells

[34,35].

Furthermore, it has been shown that branched DNA constructs

can form materials by self-assembly [36]. Richert et al. were

able to generate DNA based materials based on branched DNA

molecules which are non-covalently bound to each other by

only hybridization of 2 nucleotides [37]. Interestingly, the

formed DNA networks are remarkably stabilized (up to 95 °C)

compared to the non-branched counterparts.

We previously reported an approach to construct three dimen-

sional DNA networks that were generated and amplified by

DNA polymerase chain reactions (PCR). In order to construct

the network we developed covalently connected, 3-armed

bDNA constructs (Y-motif) that act as primer and reverse

primer strands in PCR [38-40]. The branching of the DNA was

realized via a flexible alkyl chain that was connected to the

nucleobase. Although the primer strands were covalently

connected, they were accepted by a DNA polymerase and DNA

networks formed by the enzyme. Based on this observation, we

aim at investigating the impact of geometric constrains within

the covalently branching unit on the network forming behavior

of the branched DNA and the ability of DNA polymerases to

form DNA networks by PCR. Thus, we developed a synthetic

strategy for branched DNA by using a rigid branching point

(Bp), based on the 1,3,5-triethynylbenzene scaffold. After the

synthesis, the branched DNA was investigated towards its prop-

erties in network formation by self-assembly and PCR. We

found that, despite the geometric restriction of the branching

unit, the enzymatic generation of complex DNA networks by

PCR was feasible. The novel generated DNA networks were

investigated by agarose gel electrophoresis, atomic force

microscopy, dynamics light scattering, and electron paramag-

netic resonance spectroscopy on surfaces and in solution.

Results and Discussion
Design and synthesis of the branching molecule. In order to

investigate the impact of rigidity of the branching core on DNA

hybridization and usage of the constructs for network forma-

tion by PCR, we aimed at synthesizing a branching molecule

based on the 1,3,5-triethynylbenzene scaffold. The oligo-

nucleotides should be directly fused to the benzene ring via the

three acetylene modifications resulting in a Y-shape topology.

Thereby a rigid core with reduced degrees of rotation will be

generated in contrast to other approaches that used more flex-

ible branching molecules. The synthesis strategy was designed

to meet the requirements of standard DNA solid support syn-

thesis. Stepwise Sonogashira reaction was employed using the

higher reactivity of iodide in the presence of bromide within

1,3-dibromo-5-iodobenzene (1) employing the known com-

pounds 2 [41] and 4 [42] yielding 5 in acceptable yields

(Scheme 1). Finally, compound 5 was transformed into 6 by

phosphitylation resulting in a building block that bears protec-

tion groups and reactive groups that are standard in solid phase

DNA oligonucleotide synthesis.

Synthesis of branched oligonucleotides. DNA oligo-

nucleotide synthesis was performed at 0.2 µmol scale (trityl-on

mode) employing the standard phosphoramidites and 6 which

was diluted in a mixture containing 10% CH2Cl2 in CH3CN to a

final concentration of 0.12 M. 3000 Å LCAA-CPG support was

used, derivatized with the respective 3'-nucleotide of the respec-

tive DNA oligomers. Since we later intended to investigate

whether the oligonucleotide branches are used as primers in

PCR (vide infra), the oligonucleotides have to terminate with a

free 3'-hydroxy group. This requires a particular synthesis

strategy (Scheme 2).

The synthesis strategy was adapted in a way that all branches

have the same sequence and terminate with a free 3'-OH group

required for processing by DNA polymerases. This was
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Scheme 1: Reagents and conditions: (a) PdCl2(PPh3)2, DMF, CuI, NEt3, 55 °C, microwave, 82%; (b) PdCl2(PPh3)2, DMF, CuI, NEt3, 80 °C,
microwave, 48%; (c) CH2Cl2, 2-cyanoethyl-N,N-diisopropylchlorophosphoramidite, N,N-diisopropylethylamine, 0 °C, 84%.

Scheme 2: Stepwise solid-phase synthesis for branched oligonucleotides. (I): The first oligonucleotide branch is synthesized in 3'–5' direction using
standard phosphoramidites. (II): Incorporation of the branching point by usage of 6. (III): Simultaneous synthesis of the two remaining oligonucleotide
branches in 5'–3' direction using inverse protected phosphoramidites.

achieved by the employment of standard phosphoramidites until

the incorporation of the branching unit 6. Afterwards, the

inverse-phosphoramidite strategy was used for the synthesis of

both DNA strands. Following this approach a series of branched

oligonucleotides were synthesized (Figure 1). The average

coupling yield was always higher than 95% requiring a

coupling time of 5 min only for the reaction of 6. DNA-

oligomers were purified twice by HPLC and characterized by

ESI–IT–MS (see Supporting Information File 1).

Characterization of bDNA by thermal denaturation studies

and CD spectroscopy. Formation of stable duplexes with

complementary DNA strands is a prerequisite for the employ-

ment of the bDNA ODN I and ODN II in PCR experiments.
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Figure 1: (A) Depiction of synthesized branched oligonucleotides; (B) Sequences of all synthesized branched oligonucleotides. Bp: branchpoint.

Table 1: Thermal denaturation studies comparing linear and branched oligonucleotides hybridization. Incorporated phosphoramidite 6 is depicted as
Bp for branched ODN I.a

Linear DNA bDNA

duplex Tm [°C] duplex Tm [°C]

5'-TGGTGATGGTGATGGT
3'-ACCACTACCACTACCACT 8 7 61.5 5'-TGGTGATGGTGATGGT

(3'-ACCACTACCACTACCACT)3 Bp 8 ODN I 60.4

5'-TGGTGATGGTGATGGTG
3'-ACCACTACCACTACCACT 9 7 63.0 5'-TGGTGATGGTGATGGTG

(3'-ACCACTACCACTACCACT)3 Bp 9 ODN I 62.4

5'-TGGTGATGGTGATGGTGA
3'-ACCACTACCACTACCACT 10 7 65.2 5'-TGGTGATGGTGATGGTGA

(3'-ACCACTACCACTACCACT)3 Bp 10 ODN I 64.0

5'-TGGTGATGGTGATGGTGAC
3'-ACCACTACCACTACCACT 11 7 63.6 5'-TGGTGATGGTGATGGTGAC

(3'-ACCACTACCACTACCACT)3 Bp 11 ODN I 62.3

aTemperatures were determined with ±0.5 °C accuracy.

Thus, we investigated duplex formation properties. In order to

investigate whether the thymidine residues that are directly

linked to the benzene core are amenable to participate in duplex

formation, complementary oligonucleotides with varied lengths

were investigated and compared to linear, non-branched refer-

ence duplexes. The thermal denaturation studies (see

Supporting Information File 1) indicate that dependent on

length, Y-shaped bDNA ODN I behave comparably to the

linear non-branched counterpart 7 (Table 1). Increases in Tm

were observed with increasing duplex length. Noteworthy, the

obtained results show that the terminal thymidine that is cova-

lently connected to the benzene core via a rigid ethylene bridge

is amenable to contribute to duplex stability. This was evi-

denced by an increase in Tm, when ODN I was hybridized to 10

in comparison to the one nucleotide shorter 9.

Next, bDNA constructs were characterized by circular

dichroism (CD) spectroscopy. The CD spectra of Y-shaped

bDNA ODN I bound to oligonucleotides 8–11, respectively,

show dichroic peaks similar to those of unmodified DNA

duplexes, indicating that bDNA maintain the B-DNA form (see

Supporting Information File 1).

As the Y-shaped bDNA is able to hybridize with complemen-

tary linear strands, we next investigated, if these constructs can

undergo self-assembly to form DNA networks. For this

purpose, self-complementary (sc) bDNA constructs were

synthesized (ODN-sc-I to ODN-sc-IV, cf. Figure 1) and the

melting characteristics were addressed by thermal denaturation

studies (cf. Figure 2).

The self-complementary oligonucleotides (5 μM) were annealed

in 10 mM triethylammonium acetate buffer at pH 7 in the

presence of sodium chloride (150 mM), sodium chloride and

magnesium chloride (150 mM and 100 mM, respectively)

or in the absence of salts. The solutions were heated and

the UV absorbance was recorded in dependence on the tempera-

ture.
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Figure 2: Thermal denaturating studies of self-complementary branched oligonucleotides. Different conditions are indicated in the figure. TEAA:
triethylammonium acetate.

Interestingly, self-complementary constructs with high

GC-content show higher melting temperatures and a strong

increase of the melting temperature on the addition of Mg2+,

whereas the linear control oligonucleotides showed no melting

in all buffers tested (data not shown). In magnesium ion-

containing buffer the CG 2-mer (ODN-sc-I) shows a higher

melting temperature (37.6 °C) as the ODN-sc-II 4-mer

(24.3 °C). The GC-rich 4-mer ODN-sc-III shows high melting

temperatures even in the presence of only sodium chloride

(58.0 °C) and an even higher melting temperature in the pres-

ence of additional magnesium (73.0 °C). The melting tempera-

ture in presence of sodium chloride and magnesium is even

higher than the respective melting temperature of the 6-mer

ODN-sc-IV (50.7 °C). All in all, one can conclude that the self-

assembly of GC-rich self-complementary constructs is stronger

than the self-assembly of AT containing constructs. Further-

more, the self-assembly is much stronger in the presence of

magnesium ions for the GC-rich constructs.

Enzyme catalyzed network growth. Next we investigated

whether the synthesized ODN I and II are suitable primers for

DNA network formation by PCR. We used a 1062 nt open

reading frame of human DNA polymerase β as template and

Thermus aquaticus (Taq) DNA polymerase for amplification. In

earlier studies [17] of flexible Y-motifs strong dependence of

the network formation on the annealing temperature was found.

Therefore, we varied this parameter of PCR and investigated

product formation by agarose gel electrophoresis (Figure 3).

Depending on the cycle number the formation of slower

migrating products was observed. At the highest cycle number

(28 cycles) at all investigated annealing temperatures ranging

from 52–66 °C the formation of DNA networks with hardly any

mobility was observed. Noteworthy, using linear primer strands

of the same sequence resulted in the formation of the expected

linear reaction products that migrated as expected (see

Supporting Information File 1). No amplification products were
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Figure 4: AFM analysis of DNA structures: (A) Overview-scan 10 × 10 µm showing DNA networks generated after 28 cycles with 66 °C annealing
temperature (bar is 2 µm). (B, C) Zoom in picture of DNA network (all bars are 0.5 µm, respectively). (D) AFM when non-branched primers were
employed (bar is 0.5 µm). (E) Software analysis of AFM measurement taking first derivative of height channel. DNA network generated after 28 cycles
with 66 °C annealing temperature (bar is 0.5 µm).

Figure 3: Generation of DNA networks with Taq DNA polymerase from
1062 nt template using primer ODN I and ODN II. Monitoring of DNA
network growth influenced by varying of annealing temperature (as
indicated) and increasing cycles (10, 18, 22, 28, respectively).

observed in the absence of template DNA under identical condi-

tions (see Supporting Information File 1).

Characterization of DNA networks. The formed DNA

networks were studied by atomic force microscopy (AFM)

using the tapping mode [43,44]. The original sample solutions

were diluted to a total amount of 10 ng/µL DNA for AFM

measurements with buffer (10 mM Tris, pH 7.4, 1 mM NiCl2).

Freshly cleaved mica was incubated with the sample following

a multistep protocol (see Supporting Information File 1).

As control, the PCR products of standard linear primer strands

were investigated first (Figure 4D). Long linear double stranded

DNA (dsDNA) is flexible. During AFM measurement linear or

coiled structures with a height ranging from 0.5 to 1.1 nm (theo-

retic diameter 2 nm) and a width of about 15 nm were observed.

Due to the force, which is applied by the scanning tip, the DNA

is flattened, which might explain the smaller height of the

observed DNA [45]. The increased width of the observed

objects is a result of the finite size of the scanning tip, leading to

a shape broadening of objects [46]. The PCR products derived

from branched primer strands ODN I and II were found to be

extended DNA networks (Figure 4A–C). An overview scan of

10 × 10 µm (Figure 4A) showed the diversity of shapes. Further

AFM scans with higher resolution (Figure 4B,C) depicted DNA

networks with dimensions from 0.6 to 2 µm in the surface

dimension and a height up to 7 nm (see Supporting Information

File 1). These findings correlate well with the decreased

mobility of the structures in the agarose gel electrophoresis

(Figure 3) demonstrating one covalently connected migrating

DNA molecule. The irregular shapes of the DNA networks

might result from the collapse of three-dimensional structures

forced by ionic interactions and induced by nickel ions on the

mica surface.

More information about the DNA network character was

observed taking the first derivative of the height output channel

resulting in Figure 4E. The principle of this mathematic opera-

tion is to assume a local maximum at an edge resulting from

cross section measurements of objects (see Supporting Informa-

tion File 1). Using this operation the data depicted in Figure 4C

could be transferred into the data depicted in Figure 4E. The
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AFM picture showed a better contrast for the visualization of

DNA networks. Proceeding in this way, the DNA strands were

better resolved and gave an impression of the shape of DNA

networks. The observed DNA networks showed a less ordered

shape which can be related to DNA flexibility. This flexibility

was also observed with linear DNA (Figure 4D).

In order to review whether DNA networks form in solution the

network generated by PCR was investigated by dynamic light

scattering (DLS). The obtained data indicate that DNA

networks are also present in solution. The measured average

hydrodynamic diameter (DH) at 90° after 10 measurements

were partially 67 nm and 593 nm while the linear DNA showed

a DH of 11 nm (see Supporting Information File 1). This DH is

variable at different angles because DNA networks were not

expected to have spherical morphology in solution [47].

Furthermore, different DH values in the case of branched DNA

samples were owed to the dynamics in solution. Comparing

scattering intensity of linear DNA and branched DNA

networks, gave the possibility to conclude that DNA networks

existed in solution in variable shapes.

Next we employed electron paramagnetic resonance (EPR)

spectroscopy for investigation of the DNA networks. EPR is a

widespread technique for the studies of structural and dynamic

properties of biological macromolecules, e.g., DNA [48-53].

Since the systems studied in the current investigation are

diamagnetic, nitroxide labels had to be inserted enzymatically

[54,55]. EPR spectra of nitroxide labels are sensitive to

dynamics on the picosecond to microsecond timescales and

these dynamics are greatly altered upon attachment to a macro-

molecule. The nitroxide labels report not only the dynamics of

the macromolecules as a whole, but additionally, they undergo

rotations around the chemical bonds of the linker, and further-

more, the site of attachment can undergo conformational

changes compared to the rest of the macromolecule. As the

EPR-signal arises from these three processes, the interpretation

of EPR spectra is rendered difficult. Measurements at a single

frequency do not allow complete description of the spin label

motion. However, a spectrum often can be approximated by a

simple motional model to provide information on the properties

of the macromolecule [56].

Since DNA polymerases are known to tolerate several dNTP

modifications [57,58], we next investigated whether dTTP can

be partially replaced by the nitroxide labeled dT*TP to generate

DNA networks containing spin labels covalently bound to

DNA.

All EPR spectra were measured in X-band (9.5 GHz) at room

temperature in solution and are shown as first derivatives. For

later comparison, spin-labeled TTP analogue dT*TP

(Figure 5D) was measured and results to EPR spectra with three

narrow lines indicating a high rotational mobility averaging the

anisotropy of the hyperfine interaction to the 14N nucleus

(Figure 5A) [54].

Using the same approach as described above, we generated a

linear DNA construct as well as a DNA network using a

1062 bp long template in the presence of a 1:1 ratio of dT*TP to

TTP and natural dNTPs. We obtained spectra showing that the

spin-labeled nucleotide was indeed incorporated into the DNA

(Figure 5B,C). All spectra were quantitatively analyzed by

spectral line shape simulations. Thereby, the dynamics of the

nitroxide spin-labels are reflected in rotational correlation times

τc assuming isotropic rotation of the label. The 13C-satellites

(Figure 5A) were not taken into account for simulations. While

spectra of Figure 5A and B are satisfactorily described by this

approach, two components featuring two different rotational

correlation times τc were required in case of Figure 5C. The two

component fit was more consistent than assuming anisotropic

rotational diffusion or a log-Gaussian distribution of correlation

times [59]. The main component of the spectrum features a

drastically reduced rotational mobility of the spin-label. The

rotational correlation times as well as the fraction of both spec-

tral components for spin labeled DNA networks as derived by

spectral simulations are summarized in Table S1 (see

Supporting Information File 1). The drastic decrease in mobility

of the probe shown in the EPR spectrum upon enzyme-

catalyzed DNA network growth (Figure 5C) clearly indicated

network formation in solution and suggests rather rigid DNA

networks. A more detailed analysis of the spectrum results in

two components; the first component (contributing 8%) features

a rotational correlation time (τc = 0.17 ± 0.02 ns) almost iden-

tical to τc of spin labels in linear DNA (τc = 0.15 ± 0.02 ns).

The second component (92%) gives rise to a correlation time of

τc = 11.2 ± 0.3 ns and is allocated to spin-labels incorporated

into the DNA network. Since the presence of linear, non-

branched DNA in the sample was excluded by gel filtration, we

concluded, that the first component originated from “dangling

DNA” at the edges of DNA networks. In a simple model, two-

dimensional, approximately circularly shaped networks

consisting of some 600 hexagons would contain about 8%

dangling DNA. The diameter of such a structure could be esti-

mated to several micrometers and is thus consistent with the

AFM results. Concentrations of spin labels were obtained from

the simulations fitted to the experimental data and used to

derive the degree of labeling. We found that 1% of incorpo-

rated thymidines were replaced by the spin labeled analogue in

PCR when linear strands as well as networks were formed.

Thus, one dsDNA strand contains approximately 4 incorpo-

rated spin labels.
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Figure 5: EPR spectra with corresponding spectral simulations (red line) of (A) dT*TP, (B) PCR reaction product resulting from non-branched primers
in the presence of 50% dT*TP; The simulated spectrum and the corresponding τC are derived from a one component fit, (C) DNA networks generated
by PCR in the presence of 50% dTTP* using branched primer; the simulated spectrum and corresponding τC are derived from a two component fit,
(D) structure of modified dT*TP employed in PCR.

Conclusion
To summarize, branched DNA primers were applied for the

generation of DNA networks via enzymatic elongation of DNA

by PCR. A straightforward synthesis was developed resulting in

a rigid DNA branching building block 6 that was successfully

used in solid phase DNA synthesis. In thermal denaturation

studies Y-shaped bDNA indicates comparable behavior to the

linear non-branched counterpart, thus forming a B-DNA con-

formation. Furthermore, the branched DNA self assembles into

stable networks when short self-complimentary DNA sequences

are used. We found that despite its rigidity, Taq DNA poly-

merase accepts the branched DNA construct as primers and

builds DNA networks that grow cycle by cycle in PCR. Further,

the generated DNA networks can be visualized using AFM.

Generated images present surface covering structures in

different shapes which are further characterized in solution by

DLS. EPR measurements further corroborate network forma-

tion and suggest rather rigid DNA networks. As demonstrated,

the approach allows to additionally modify the networks by

using chemically modified nucleotides during PCR. The

depicted approach might find applications like in the genera-

tion of functional hydrogels or tissue engineering.

Supporting Information
Experimental procedures and full characterization data for

all new compounds, materials and general procedures are

given. Oligonucleotide synthesis and characterization of

oligonucleotides, original melting curves of

oligonucleotides and CD spectra of double stranded

Y-motif are also shown. Further AFM studies, DLS spectra

and EPR related experiments.

Supporting Information File 1
Experimental part.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-104-S1.pdf]
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Abstract
Pyrene derivatives can be incorporated into nucleic acid analogs in order to obtain switchable probes or supramolecular architec-

tures. In this paper, peptide nucleic acids (PNAs) containing 1 to 3 1-pyreneacetic acid units (PNA1–6) with a sequence with preva-

lence of pyrimidine bases, complementary to cystic fibrosis W1282X point mutation were synthesized. These compounds showed

sequence-selective switch-on of pyrene excimer emission in the presence of target DNA, due to PNA2DNA triplex formation, with

stability depending on the number and positioning of the pyrene units along the chain. An increase in triplex stability and a very

high mismatch-selectivity, derived from combined stacking and base-pairing interactions, were found for PNA2, bearing two

distant pyrene units.

1495

Introduction
Peptide nucleic acid (PNA) probes are very selective in the

recognition of DNA and have been used in a large variety of

diagnostic methods, easily allowing the detection of point muta-

tions at very low concentrations [1-3]. Poly-pyrimidine PNA

can form very stable triplexes of the type PNA/DNA/PNA with

poly-purine DNA, via both Watson–Crick and Hoogsteen base

pairing (Figure 1). These structures are so stable that dsDNA

undergoes displacement of the non-complementary strand [4-7].

However, the formation of triplex structures is limited to

homopyrimidine sequences since the presence of one or more

purine residues destabilizes these complexes and favour the for-

mation of less stable duplexes [8]. Therefore it would be of

great value to adopt strategies for the stabilization of triplex

structures even in the presence of non-pyrimidine bases. From

the available structural data on these complexes [7], it is

possible to envisage that any pair of groups protruding from

both thymines methyl groups of a TAT triplet and able to give

rise to attractive interactions (Figure 1a) would stabilize the

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:alex.manicardi@unipr.it
mailto:roberto.corradini@unipr.it
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Figure 1: (a) TAT triplet structure showing Watson–Crick and Hoogsteen base pairing; the binding can be reinforced by the concurrent interaction
between two groups protruding from C5 position of thymine into the major groove; (b) pyrene-modified uracil derivative used in PNA monomer in the
present study; (c) sequences of PNA and DNA used. T indicates pyrene modified nucleobases; bold letters indicate the position of W1282X point
mutation.

triplex. If these groups are aromatic fluorophores, changes in

the fluorescence properties can be observed upon interaction

with DNA, thus enabling to study the occurring interactions and

to produce switching PNA probes.

Fluorescent switching probes for DNA detection are very useful

tools in diagnostics applications such as real-time PCR and in

situ hybridisation [9,10]. Among the possible reporter groups,

pyrene has been proposed in several in vitro detection systems,

due to the sensitivity of its fluorescence properties to microen-

vironment and due to its ability to produce stabilizing stacking

interactions and to show excimer fluorescence [11-20]. Further-

more, pyrene has been shown to favour self-assembly processes

of supramolecular structures [21-28] and interact with carbon

nanostructures such as nanotubes [29] or graphene [30], thus

allowing to create composite material with special properties.

PNA fluorescent probes bearing pyrene units as “universal

base” were described [31,32], and recently, pyrrolidinyl-PNA

bearing a uracil-linker pyrene unit showed good fluorescence

response and mismatch recognition [33]; though terminal

pyrene units were shown to stabilize triplexes formed by

oligonucleotide probes [34], the effect of single- or multiple

pyrene units on PNA in the formation of triplex structures has

still to be addressed.

We have recently reported the modification of uracil at C5 by

hydroxymethylation, followed by substitution with chloride and

then with azide, which can be used for click chemistry or as a

masked amino group both in a PNA monomer and in PNA

oligomers, allowing to produce a variety of modified PNAs

from a single precursor [35]. This chemistry introduces a

moderate degree of flexibility which can be useful for allowing

interactions with other groups to occur within the major groove.

In this work we applied this strategy to the synthesis of new

mono-, di- and tri-functionalised PNA containing a

1-pyreneacetic acid residue linked to this C5-aminomethyl

group (Figure 1b). As a model sequence, we chose a 9-mer

(Figure 1c) complementary to a purine-rich tract of DNA which

is present in the mutated form of the human cystic fibrosis

(CFTR) gene, and which was previously studied in our lab

using PNA and modified PNA probes [36,37]; this mutation is

characterised by the presence of an adenine instead of guanine,

and corresponds to one of the most frequent point mutations

connected with cystic fibrosis (M-W1282X).

Results and Discussion
Synthesis of the PNA strands
Two different approaches were followed for the introduction of

the pyrene units in the PNA strands. The probe containing only

1 pyrene unit (PNA1, Figure 1c) was synthesized by on-resin

modification of 5-azidomethyluracil precursor, as described

previously [35], whereas a pyrene-containing modified mono-

mer 1 (Scheme 1), more suitable for automated synthesis, was
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Scheme 1: Synthesis of the PNA monomer 1: i) 1. PPh3, H2O, THF; 2. TFA, 71%; ii) 1-pyreneacetic acid, HBTU, DIPEA, DMF, 66%; iii) NaOH, H2O/
MeOH (2:1), 91%; iv) EDC·HCl, DIPEA, DhBtOH, DMF, 68%; v) TFA, DCM, 86%.

designed for the realization of all the other oligomers (PNA2–6,

Figure 1c).

For the synthesis of the modified monomer bearing the pyrene

moiety, we started from the 5-azidomethyluracil building block

2 previously synthesized by our lab [35]. The azide function

was first reduced under Staudinger conditions to the corres-

ponding amine 3, on which 1-pyreneacetic acid was linked

using HBTU/DIPEA as condensing agent. The ester 4 was then

hydrolyzed to the acid 5, and linked to the Fmoc-protected PNA

backbone using EDC/DhBtOH as activating mixture; the PNA

monomer 1, was then obtained by ester hydrolysis of 6 under

acidic conditions.

The PNAs sequence was designed to be complementary to the

W1282X mutated form of CFTR gene, and all PNAs were

synthesized using standard Fmoc-based manual solid phase

protocol. The crude products were purified by RP-HPLC and

characterized by HPLC–UV–MS (Supporting Information

File 1, Figures S6–S11).

Thermal stability of PNA:DNA complexes
The introduction of a modification in a PNA stand can lead to

different effects, electronic or steric, which affect both self-

aggregation of the PNA and their interactions with complemen-

tary DNA strand. Substitution at the C-5 position of the uracil

ring allows positioning of the substituent in the direction of the

major groove of the double helix, thus reducing the destabiliza-

tion induced by steric factors; moreover the large aromatic

portion introduced with the pyrene ring can interact with the

flanking bases of the strand through π–π stacking interactions,

thus stabilizing the complex formed.

For the evaluation of the sum of all this effects we measured the

melting temperatures of the complexes formed between the

PNAs and the full matched DNA1 or the single mismatched

DNA2 (corresponding to the wild type CFTR gene), using both

UV (Table 1, and Supporting Information File 1, Figures

S12–S14) and fluorescence (Supporting Information File 1,

Figure S15). The stability of these complexes was indeed found

to be strongly dependent on the presence, the positioning and

the number of pyrene units within the PNA strand.

The presence of a single pyrene unit (PNA1) destabilizes the

PNA:DNA complex. The introduction of a second pyrene unit

adjacent to the first one (PNA3) results in a further destabiliza-

tion, whereas distal positioning of pyrene units (PNA2, 4, 5)

leads to stabilization if compared to PNA1, but to an extent

depending on the position of the second pyrene unit. For PNA2

the additional interactions lead to the highest stability and very
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Figure 2: Fluorescence spectra at 347 nm excitation, recorded at 20 °C of: (a) PNA1, (b) PNA2, (c) PNA3, (d) PNA4, (e) PNA5, (f) PNA6. All
measurements were done in PBS buffer, pH 7; concentration of each strand was 1 μM. Full lines are for ssPNA solutions, dotted lines are for
PNA:DNA1 solutions and broken lines are for PNA:DNA2 solutions.

Table 1: UV melting temperature of PNA:DNA complexes. All
measurements were done in PBS at pH 7 with 1 μM strand concentra-
tion except for unmodified PNA measurements (5 μM strand concen-
tration).

PNA Tm PNA:DNA1 (°C) Tm PNA:DNA2 (°C) ΔTm (°C)

PNA1 26 20 6
PNA2 39 19 20
PNA3 24 < 18 n.d.
PNA4 33a 22 11
PNA5 28 22 6
PNA6 n.d.b n.d.b n.d.
PNA7 34 24 10

aBroad transition observed. bContinuous drift, no net transition
observed.

high selectivity, with ΔTm strongly increased compared to the

unmodified PNA7 (20 °C vs 10 °C). The presence of a second

pyrene unit at N-terminal position is more stabilizing than that

at C-term (compare PNA5 and PNA2, 4). PNA4 is character-

ized by a broad melting curve, whereas for PNA6 a continuous

drift was observed already for the PNA alone, and in the pres-

ence of DNA no clear-cut transition was detected, suggesting a

pyrene-mediated strong aggregation of the probe itself.

As described below, all the probes showed excimer emission in

the 460–480 nm range upon hybridization (Figure 2). The

temperature dependence of the excimer band in the presence of

DNA was found to be in accordance with the UV melting

measurements (Supporting Information File 1, Figure S15).



Beilstein J. Org. Chem. 2014, 10, 1495–1503.

1499

Figure 3: (a) Increase in fluorescence intensity of the excimer band for PNA2 upon addition of complementary DNA1 (black diamonds) or
mismatched DNA2 (grey squares) at 25 °C); (b) model of interaction showing both base recognition through hydrogen bonding and stacking interac-
tions. X = A for full match, G for mismatch.

Fluorescence studies
Beside the modification of thermal stability and selectivity

induced by the incorporation of pyrene moieties described

above, we evaluated the fluorescence properties of these PNA

in the absence and in the presence of DNA. The evaluation of

the pyrene quantum yields showed that these probes are much

less fluorescent than the 1-pyreneacetic acid precursor in water

(23 times lower quantum yield for PNA2, see Supporting Infor-

mation File 1, Figure S16), probably due to the quenching effect

of nucleobase units; however, the most important data are

related to changes in the fluorescence spectrum upon hybridiza-

tion with DNA, since this property is strongly related to the

environment around the fluorophores [38] and can reveal inter-

actions between pyrene units in the PNA:DNA complexes.

In Figure 2 the fluorescence emission spectra of the PNA

probes in the absence or in the presence of complementary

DNA1 or mismatched DNA2 are reported.

For PNA1, having only one pyrene unit, a typical pyrene

excimer band was observed in the presence of DNA1

(Figure 2a); this band cannot evidently derive from an intramol-

ecular excimer and thus it must be due to a DNA-templated

association of two PNA units. Furthermore, the same band was

not observed in the presence of DNA2, thus indicating that the

excimer formation is sequence-specific. PNA2, which has two

distant pyrene units, showed a weak excimer emission, due to

weak self-association (this band tend to disappear with dilution,

see Supporting Information File 1, Figure S16), which under-

Figure 4: Ratio of the intensities of the pyrene excimer (F474) and
monomer emission (F379) for the PNA probes in the absence of DNA
(white bars), in the presence of DNA1 (full match, grey bars), and
DNA2 (mismatch, black bars). Experiments were done at 20 °C in PBS
at 1 μM PNA concentration (0.5 μM DNA concentration).

went a dramatic enhancement when PNA2 was bound to

DNA1, whereas it remained unchanged by addition of DNA2

(Figure 2b and Figure 3). This resulted in a very high increase

in the excimer to monomer emission ratio (Figure 4), which can

be exploited for analytical purposes in the case of the bio-

logically relevant DNA1 (mutated form) and DNA2 (wilt type).

The fluorescent responses for the other two mismatched DNA

(DNA3: 5’-AGTGCAGGA-3’ and DNA4, 5’-AGTGTAGGA-

3’), were also measured (Supporting Information File 1, Figure

S18) and were shown to give rise to results comparable to that

of DNA2. Accordingly, no melting transitions were observed

for PNA2 with DNA3 and DNA4 above 18 °C (data not



Beilstein J. Org. Chem. 2014, 10, 1495–1503.

1500

shown). Thus the intensity of the excimer band was found to

follow the expected sequence selectivity of the hydrogen-

bonding scheme.

PNA3 has two proximal pyrene units on adjacent bases, and

therefore the free probe already shows excimer emission; this

band was enhanced in the presence of the templating DNA1,

whereas in the presence of the mutated DNA2 the excimer band

remained as in single strand and only a slight enhancement in

the monomer emission was observed; thus, the excimer to

monomer emission ratio (Figure 4) was slightly reduced. PNA4

and PNA5 showed an increase in the excimer fluorescence

intensity signal upon hybridization with the templating DNA,

though lower than for PNA2. PNA6 has already a strong

excimer emission as single-strand, but this band was slightly

enhanced upon interaction with the full-match DNA1, whereas

it was slightly reduced in the presence of DNA2.

For all PNAs, very similar results were obtained in fluores-

cence response induced by DNA3 and DNA4, except that for

PNA6 the difference observed with DNA4 was less pronounced

than with other mismatches (Supporting Information File 1,

Figure S18).

The DNA-induced formation or enhancement of these excimer

bands can be explained if a PNA2DNA triplex is formed,

favoured by the prevalence of pyrimidines in the PNA [22,23].

The PNA2DNA triplex, in this sequence, is destabilized by the

presence of a pyrimidine base (T) in the 5’-end of the DNA;

thus this sequence represents a good model for evaluating the

stabilization/destabilization effects due to the presence of

pyrene units. The nature of these PNA:DNA complexes was

confirmed by titration experiments; for PNA7 CD titrations

revealed a 2:1 stoichiometry (Supporting Information File 1,

Figure S19); the same stoichiometry was found for PNA2 by

following the increase in the excimer emission as a function of

DNA concentration (Figure 3a).

The hysteresis observed between melting and annealing curves

(Supporting Information File 1, Table S1) is also indicative of

the formation of triplex structures between the PNAs and the

DNA.

Evaluation of pyrene-modified PNA2 as fluo-
rescent probe
In Figure 4 the ratios between the excimer and monomer emis-

sion of each probe alone and in the presence of 0.5 equivalents

of the full match DNA1 and mismatched DNA2 are reported.

Under these conditions, PNA1 showed an increased, though

weak, excimer emission, whereas PNA2 showed a dramatic

increase in the presence of DNA1 and very low one in the pres-

ence of DNA2. Thus, PNA2 showed best performances in terms

of excimer signal intensity ΔFFM (difference between the fluo-

rescence in the presence of full match DNA1 and that of single

strand PNA) and of selectivity compared to the wild-type

mismatch (MM) reaching ΔFFM/ΔFMM = 180.

Using a 1 μM PNA2 solution we calculated the limit of detec-

tion (LOD) of the fluorescence detection of DNA1 using this

probe. A linear regression was obtained in the low nanomolar

range, and a LOD of 18.7 nM for DNA1 was calculated (see

Supporting Information File 1).

Effect of pyrene units on stability and sensing
According to the occurrence of excimer bands in the fluores-

cence spectra of the PNA probes (Figure 2 and Figure 4) the

presence of pyrene favours self-association of two PNA strands;

strong interactions should be observed for PNA2–5 and even

stronger for PNA6, i.e., with the increase of the number of the

pyrene units, as indeed experimentally observed. The following

model can be used to rationalise the observed data for DNA

interaction. The stacking interactions (Figure 1a) occurring

between pyrene units of different PNA strands (schematically

depicted in Figure 3b for PNA2) affect triplex formation, which

is also biased by both steric and conformational effects; the base

pairings of the adenines in the target DNA with the modified

uracil units allow the two pyrene residues to be kept close

enough to interact (generating an excimer band), but this

process can result in destabilization of the overall structure (see

Tm of PNA1 in Table 1). However, for PNA2, the combined

effect of two pyrene pairs properly positioned allows to increase

both stability and selectivity of PNA compared to unmodified

one. The N-terminal pyrene unit, in addition to the central one

(which has the same position as in PNA1), stabilizes the triplex

structure through the occurrence of combined stacking interac-

tions (Figure 3b). Thus, the presence of a single mismatch

facing the central modified monomer results in destabilization

not only of the excimer corresponding to this nucleobase, but of

the entire triplex, leading to high mismatch recognition. This

induces the very high selectivity in the switch-on of the excimer

fluorescence emission (Figures 2, 3 and 4). All the other tested

dispositions are not so effective in terms of stabilization, fluo-

rescence response and selectivity; for PNA3 this is attributable

to steric hindrance between the adjacent pyrene units; PNA4

and PNA5 containing one pyrene unit in the C-term, at the end

of a segment in which the triplex structure is destabilized by the

presence on the PNA of one adenine unit, show less selectivity;

furthermore a gradual transition was observed for PNA4,

suggesting weak cooperativity in the stacking interaction. The

presence of three pyrene residues (PNA6) instead, induce a

strong self-aggregation of the PNA alone; this assembling

process is favoured by the presence of DNA1 and to a lesser
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extent DNA2 (Figure 2 and Figure 4a); however, the strong

excimer signal of the PNA alone prevents its use as an efficient

probe for DNA.

Conclusion
In conclusion, we have demonstrated that introduction of two

pyrene units protruding into the major groove and properly

positioned along the PNA strand (as in PNA2) can stabilize

PNA2DNA triplex structures by additional stacking interac-

tions which combine with Watson–Crick and Hoogsteen base

pairing; these interactions are clearly detectable by the forma-

tion of the excimer band of pyrene in the fluorescence spectra.

Thus this work makes a significant step toward the objective of

stabilizing triplexes even in the presence of pyrimidines on the

target sequence, while still maintaining and even increasing

sequence selectivity. Moreover, for diagnostics, it is important

that a very high and sequence-selective excimer to monomer

ratio can be obtained, as with PNA2, upon hybridization, a

property which is very important also in the case of more elabo-

rated methods such as gated detection. These characteristics

make PNA2 a very good fluorescent probe, with very high

single-base selectivity in both thermal stability and excimer for-

mation upon binding to target DNA. Thus, the present results

can be very useful in the design of new probes for single point

mutations and single nucleotide polymorphisms (SNPs), highly

relevant in the genomic as well as in the clinical fields.

Experimental
General information
Reagents were purchased from Sigma-Aldrich, Fluka, Merck,

Carlo Erba, TCI Europe, Link, ASM and used without further

purification. All reactions were carried out under a nitrogen

atmosphere with dry solvents under anhydrous conditions,

unless otherwise noted. Anhydrous solvents were obtained by

distillation or anhydrification with molecular sieves. Reactions

were monitored by TLC carried out on 0.25 mm E. Merck

silica-gel plates (60F-254) by using UV light as visualizing

agent and ninhydrin solution and heat as developing agents. E.

Merck silica gel (60, particle size 0.040–0.063 mm) was used

for flash-column chromatography. NMR spectra were recorded

on Bruker Avance 400 or 300 instruments and calibrated by

using residual undeuterated solvent as an internal reference. The

following abbreviations were used to explain the multiplicities:

s = singlet, d = doublet, t = triplet, q = quartet, m = multiplet

and br = broad. IR spectra were measured using a FTIR Thermo

Nicolet 5700, in transmission mode using KBr or NaCl.

HPLC–UV–MS were recorded by using a Waters Alliance 2695

HPLC with Micromass Quattro microAPI spectrometer, a

Waters 996 PDA and equipped with a Phenomenex Jupiter

column (250 × 4.6 mm, 5 μm, C18, 300 Å) (method A,

5 minutes in H2O 0.2% formic acid (FA), then linear gradient to

50% MeCN 0.2% FA in 30 minutes at a flow rate of 1 mL/min).

PNA oligomers were purified with RP-HPLC using a XTerra

Prep RP18 column (7.8 × 300 mm, 10 μm) (method B, linear

gradient from H2O 0.1% TFA to 50% MeCN 0.1% TFA in

30 minutes at a flow rate of 4.0 mL/min). HRMS were recorded

using a Thermo LTQ-Orbitrap XL.

Synthesis and characterization of compounds 1, 3–6 are

reported in Supporting Information File 1.

Synthesis and characterization of PNAs. The synthesis of

PNA1 was already described in a previous work [35]. The

syntheses of all the other PNAs, bearing multiple pyrene units

(PNA2, PNA3, PNA4, PNA5 and PNA6), were performed with

standard Fmoc-based manual synthesis protocol using 1 in addi-

tion to standard monomers, on a Rink amide resin loaded with

Fmoc-Gly-OH as first monomer (0.2 mmol/g). The unmodified

PNA7 was synthesized using a standard Boc-based manual

protocol using commercial monomers on a MBHA resin loaded

with Fmoc-Gly-OH as first monomer (0.2 mmol/g). PNA purifi-

cations were performed by RP-HPLC with UV detection at

260 nm (gradient B). The purity and identity of the purified

PNAs were determined by HPLC–UV–MS (gradient A). PNA2:

9%; tr: 24.7 min; ESI-MS (m/z): calcd for [M]: 2932.1426;

found: 1466.9 [MH2]2+, 978.2 [MH3]3+, 733.9 [MH4]4+, 587.2

[MH5]5+; PNA3: 10%; tr: 24.6 min; ESI-MS: (m/z): calcd for

[M]: 2932.1426; found: 1466.9 [MH2]2+, 978.2 [MH3]3+, 733.9

[MH4]4+, 587.3 [MH5]5+; PNA4: 11%; tR: 23.7 min; ESI-MS

(m/z): calcd for [M]: 2932.1426; found: 1466.8 [MH2]2+, 978.2

[MH3]3+, 733.9 [MH4]4+, 587.3 [MH5]5+; PNA5: 15%; tR: 24.0

min; ESI-MS (m/z): calcd for [M]: 2932.1426; found: 1467.1

[MH2]2+, 978.2 [MH3]3+, 733.8 [MH4]4+, 587.3 [MH5]5+;

PNA6: 11%; tR: 27.4 min; ESI-MS (m/z): calcd for [M]:

3189.2266; found: 1064.1 [MH3]3+, 798.2 [MH4]4+, 638.7

[MH5]5+; PNA7: 25%; tR: 18.5 min; ESI-MS (m/z): calcd for

[M]: 2419.4159; found: 1210.4 [MH2]2+, 807.3 [MH3]3+, 605.7

[MH4]4+, 484.8 [MH5]5+. Yields reported in % for each PNA

are those of purified products, calculated by UV–vis analysis.

UV measurements. Stock solutions of PNA and DNA syn-

thetic oligonucleotides (Thermo-Fisher Scientific, HPLC-grade)

were prepared in double-distilled water, and the PNA concen-

tration was calculated by UV absorbance with the following

extinction coefficients (ε260 [M–1cm–1]) for the nucleobases: T

8600, T* 14938 (pyrene-modified monomer, see Supporting

Information File 1, Figure S12 for the calculation of this value),

C 6600, A 13700, and G 11700. For DNA the data provided by

the producer were used. From these, solutions containing single

stranded PNA and DNA or PNA:DNA duplexes were prepared.

Measurement conditions: [PNA] = [DNA] = 1 μM in PBS

(100 mM NaCl, 10 mM NaH2PO4·H2O, 0.1 mM EDTA, pH
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7.0, 1.25% DMF). All the samples were first incubated at 90 °C

for 5 min, then slowly cooled to room temperature. Thermal

denaturation profiles (A260 versus T) of the hybrids were

measured with a UV–vis Lambda Bio 20 spectrophotometer

equipped with a Peltier temperature programmer PTP6 inter-

faced to a personal computer. For the temperature range

18–50 °C, A260 values were recorded at 0.1 °C increments, with

a temperature ramp of 1 °C/min. Both melting and annealing

curves were recorded for each solution. The melting tempera-

ture (Tm) was determined from the maximum of the first deriva-

tive of the melting curves.

Fluorescence measurements. Fluorescence spectra were

recorded on a Perkin Elmer LS55 luminescence spectrometer

equipped with a LAUDA ECOline RE104 temperature control

system, exciting at 347 nm (slit: 5.0 nm), scanning from 370 nm

to 550 nm, a scan speed of 200 nm/min was used and 3 accumu-

lation for each spectrum. Samples were prepared as reported for

UV measurements. From the stock solutions, described above,

solutions of PNA alone (1 μM in PBS) and of PNA/DNA 2:1

(1 μM PNA and 0.5 μM DNA in PBS) were prepared. All the

samples were first incubated at 90 °C for 5 min, and then slowly

cooled to the temperature of analysis. Fluorescence emission

spectra were recorded with an excitation wavelength of 347 nm

(slit excitation: 5.0 nm), scanning from 370 nm to 550 nm (slit

emission: 10.0 nm), a scan speed of 200 nm/min was used with

3 spectra accumulation for each solution. All measurements

were compensated for lamp fluctuations by normalization using

as reference a 20 nM 1-pyreneacetic acid solution in PBS. Equi-

libration of the solution and complete formation of the

complexes were checked by repeating the analysis after

10 minutes, to ensure that no significant variation of the

fluorescence profiles was present. Variable temperature fluores-

cence measurements are reported in Supporting Information

File 1.

Fluorescence titration of PNA2 and PNA3. From the stock

solution described above single stranded PNA solutions (1 μM

in PBS) and single stranded DNA solutions (10 μM in PBS)

were prepared. PNA solutions were first incubated at the experi-

mental temperature, then spectra were recorded after addition of

portions of DNA (10% of the PNA amount each), allowing an

equilibration time of 8 min. Fluorescence emission spectra were

recorded with an excitation wavelength of 347 nm (slit:

5.0 nm), scanning from 370 nm to 550 nm, with scan speed of

200 nm/min, and 3 spectra accumulation for each solution. All

measurements were corrected for dilution, and compensated for

lamp fluctuations by normalization using as reference a 20 nM

1-pyreneacetic acid solution in PBS. Fluorescence titration of

PNA3 at 10 °C is reported in Supporting Information File 1,

Figure S17.

Supporting Information
Supporting Information File 1
Synthesis, characterization, and spectral data of compounds

1, 3–6, HPLC–MS analyses of PNA1–7, additional UV,

fluorescence and CD data.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-154-S1.pdf]
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Abstract
Aromatic π–π stacking interactions are ubiquitous in nature, medicinal chemistry and materials sciences. They play a crucial role in

the stacking of nucleobases, thus stabilising the DNA double helix. The following paper describes a series of chimeric DNA–poly-

cyclic aromatic hydrocarbon (PAH) hybrids. The PAH building blocks are electron-rich pyrene and electron-poor perylenediimide

(PDI), and were incorporated into complementary DNA strands. The hybrids contain different numbers of pyrene–PDI interactions

that were found to directly influence duplex stability. As the pyrene–PDI ratio approaches 1:1, the stability of the duplexes

increases with an average value of 7.5 °C per pyrene–PDI supramolecular interaction indicating the importance of electrostatic

complementarity for aromatic π–π stacking interactions.
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Introduction
When two aromatic molecules are in close proximity they often

have a tendency to interact non-covalently in a face-to-face

stacking arrangement. Face-centered, parallel aromatic π–π

stacking interactions have been studied and reviewed in great

detail [1-5]. These interactions are especially important for

polycyclic aromatic hydrocarbons (PAHs) [6,7]. The inter-

action is the result of solvophobicity, as well as van der Waals,

electrostatic and charge transfer interactions that can lead to a

thermodynamically favourable association [8]. It is an impor-

tant interaction in biological systems, drug receptor interactions,

materials sciences, and supramolecular chemistry [8-12]. Such

interactions are strongly dependent on the electron density and

distribution of the partners [2,9,13-16]. In particular, the

interaction between electron-rich (donor) and electron-

deficient (acceptor) aromatic rings results in stable aggregates

[17-22].

In the DNA duplex, the interaction of the two complementary

strands is governed mainly by aromatic π–π stacking interac-

tions, hydrogen bonds, and electrostatic repulsion from the

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:robert.haener@dcb.unibe.ch
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negatively-charged sugar phosphate backbone [10,23-28].

DNA can be regarded as an amphiphilic polymer in which

aromatic residues are linked by negatively charged phos-

phodiester groups [29]. The importance of aromatic and

hydrophobic factors for duplex stability was demonstrated by

replacing the natural nucleobases by size expanded analogs [30-

35].

A classic example of polymeric donor–acceptor complexes are

the aedamers (aromatic electron donor acceptor oligomers)

pioneered by Iverson and coworkers [18,36,37]. They consist of

face-to-face stacked electron-rich naphthalene and electron-poor

naphthalenediimide (NDI) chromophores and belong to the

broader area of foldamers [38].

DNA has been described as a molecular scaffold for arranging

various types of chromophores [39-44]. Recently, we reported

that oligoarenotides (oligomers with an alternating phos-

phodiester-aromatic hydrocarbon motif) exhibit similar struc-

tural properties as nucleic acids, and although the aromatic

hydrocarbons cannot engage in any sort of Watson–Crick

related hydrogen bonding, the individual strands interact via an

interstrand stacking motif [45-48]. Herein we describe a series

of DNA-based hybrids (Figure 1 and Table 1) containing

electron-rich 1,8-dialkynylpyrenes (Y) and electron-poor

perylenediimides (PDI, E).

PDIs (Figure 1A) are some of the most widely studied organic

chromophores [49-52]. Moreover, we have reported on the

aggregation and stacking properties of 1,8- and 1,6-

dialkynylpyrene [53,54]. Figure 1B shows the electrostatic

potential surface of 1,8-diprop-1-ynylpyrene and N,N’-

dimethyl-PDI. The former is considerably more electron-rich/

higher electron density (red) than the latter, which is expected

to favour an alternating aromatic π–π stacking arrangement of E

and Y due to electrostatic complementarity.

We show herein that duplex formation by our chimeric DNA-

oligoarenotide strands proceeds in a selective manner, the chro-

mophores on opposite strands interdigitate and stack face-to-

face in an organised controlled assembly.

Results and Discussion
The principle of the system is illustrated in Figure 1. All

oligomers are composed of a DNA part and a modified section

containing a total of four PDIs (blue) and/or pyrenes (green).

Oligomers 1–7 consisting of varying numbers of pyrene or PDI

moieties covalently linked to complementary DNA strands were

prepared by automated oligonucleotide synthesis using the

previously described phosphoramidite pyrene [53] and PDI [55]

building blocks.

Table 1: Tm values of the hybrids determined by thermal denaturation
experiments.a

Sequence Tm (°C)
Number of

pyrene–PDI
interactions

Ref 5‘ GCGTTA
3‘ CGCAAT 13.0

1
2

5‘ GCGTTA YYYY
3‘ CGCAAT YYYY 50.5 0

1
3

5‘ GCGTTA YYYY
3‘ CGCAAT YYEY 54.5 2

1
4

5‘ GCGTTA YYYY
3‘ CGCAAT YEYE 58.5 4

1
5

5‘ GCGTTA YYYY
3‘ CGCAAT YEEE 61.0 6

1
6

5‘ GCGTTA YYYY
3‘ CGCAAT EEEE 64.5 7

7
2

5‘ GCGTTA EEEE
3‘ CGCAAT YYYY 66.5 7

7
6

5‘ GCGTTA EEEE
3‘ CGCAAT EEEE 52.0 0

1
7

5‘ GCGTTA YYYY
5‘ GCGTTA EEEE –b n/a

2
6

3‘ CGCAAT YYYY
3‘ CGCAAT EEEE –b n/a

aConditions: oligomer conc. 2.5 μM single strand, 10 mM sodium phos-
phate buffer, pH 7.2, 0.1 M NaCl, absorption monitored at 260 nm;
error ±0.5 °C; bno transition observed (see Supporting Information
File 1).

The DNA stem acts as a supramolecular scaffold, and together

with the flexible, negatively-charged phosphate linker allows

the chromphores to adopt optimal conformations in aqueous

solution and increases the solubility. The strands were

hybridised in various combinations (Table 1), and their stability

and photophysical properties were investigated. Since the DNA

duplex is identical in all hybrids, differences in stability must

originate from the modified section. The sequence of the modi-

fied part is changed in such a way that annealing of different

strands leads to a varying number of pyrene–PDI stacking inter-

actions. Strand 1 is common to all hybrids. The complementary

strands 2–6 possess an increasing number of PDIs. Thus, in the

resultant hybrids, the number of pyrene–PDI face-to-face

stacking interactions also increases steadily from left to right,

e.g., duplex 1*2 contains only pyrene–pyrene interactions,

whereas duplex 1*6 has the maximum number pyrene–PDI

interactions.

Thermal denaturation experiments
Thermal denaturation experiments revealed a clear trend in

duplex stability (Figure 2). The thermal stability correlates with

the number of pyrene–PDI interactions [56] and increases

linearly in the series. The melting temperature (Tm) values are

summarized in Table 1.
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Figure 1: (A) Structures of 1,8-dialkynylpyrene (Y) and PDI (E); (B) illustration of the electrostatic potential surface of 1,8-diprop-1-ynylpyrene (left)
and N,N’-dimethyl-PDI (right); (C) illustration of duplex formation with chimeric oligomers; (D) hybrids 1*2 to 1*6. The number of pyrene–PDI interac-
tions increases from left to right.
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Figure 2: A plot of melting temperature (Tm) versus the number of
pyrene–PDI interactions for duplexes 1*2 to 1*6 (from left to right)
presented in Table 1. The Tm was recorded at 260 nm; R2 = 0.987.
The red triangle represents the Tm of the control hybrid 7*6.

Hybrid 1*2 has a Tm of 50.5 °C which is 37.5 °C higher than

the reference DNA duplex (Tm = 13 °C). Since hybrid 1*2 has

seven pyrene–pyrene interactions, one of these interactions

(ΔTm/(Y−Y)) contributes ≈ 5.4 °C to hybrid stability. Likewise, a

value for ΔTm/(E−E) = 5.6 °C is calculated for hybrid 7*6. The

average contribution of a pyrene–PDI interaction can be calcu-

lated from the Tm difference (Tm = 51.5 °C) between 1*6 and

the reference duplex. A value of ΔTm/(Y−E) = 7.4 °C is obtained

in this way. Hybrid 7*2 serves as a further control. In this

duplex, the DNA and the modified parts of the two strands have

been interchanged relative to 1*6. The Tm value of 7*2 is in the

same range as 1*6 (66.5 and 64.5 °C, respectively), which

translates into ΔTm/(Y−E) = 7.7 °C. Thus, the average contribu-

tions to the hybrid stabilities are as follows: ΔTm/(Y−E) ≈ 7.5 °C,

whereas ΔTm/(Y−Y) and ΔTm/(E−E) ≈ 5.5 °C.

The results of electrostatic complementarity between an elec-

tron-rich pyrene and an electron-poor PDI is highlighted by the

fact that duplexes with only pyrene or PDI are considerably less

stable (Table 1, hybrids 1*2 and 7*6) than hybrids containing

both types of aromatic compounds. Although the actual stability

of such duplexes strongly depends on several parameters like,

e.g., the geometry of the building blocks and the flexibility of

the linkers, a general trend can be deduced from the thermal

denaturation results that accounts for the above mentioned

design of building blocks and sequences.

UV–vis absorption spectroscopy
The stacking interactions of Y and E in the hybrids could be

followed by UV–vis absorption spectroscopy. A significant

change in the vibronic band ratio supports the model of an alter-

nating interstrand interdigitation interaction between pyrene and

PDI chromophores as proposed in Figure 1. In general, the

vibronic band ratio of PAHs gives valuable information on the

aggregation state of the molecules [57]. In a stack of only

pyrenes (1*2) the vibronic band at 370 nm is higher than that at

390 nm (Figure 3), indicating that the pyrenes are stacked

parallel and face-to-face. In contrast, in duplex 1*6 the inten-

sity of the vibronic band 390 nm is higher indicating that the

pyrenes are separated from each other by intercalating PDIs

[58]. The same absorption behaviour is seen for the PDI

vibronic band intensities.

Figure 3: UV–vis absorption spectra (scaled) of duplexes 1*2 (blue)
and 1*6 (red) at 20 °C. Conditions: see Table 1.

Figure 4 focuses on the vibronic bands of pyrene’s S0→S1

absorption band in duplexes 1*2 to 1*6. An increasing number

of PDIs in a stack leads to a stronger vibronic band at 390 nm.

Figure 4: UV–vis absorption spectra (scaled) of duplexes 1*2 to 1*6 at
20 °C. Conditions: see Table 1.

This is in stark contrast to the effect of thermally denaturing

duplex 1*2 into two single strands (Figure 5). There, the

vibronic band at 370 nm is always the highest indicating that

the pyrenes are stacked even at 90 °C in the single strands. Such

behaviour was also observed in chrysene-modified DNA [59].
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Figure 5: Temperature-dependent UV–vis absorption spectrum of 1*2.
Conditions: see Table 1.

Fluorescence spectroscopy
The interaction of two or more dialkynylpyrenes (Y) results in a

pronounced excimer fluorescence [53]. Hybridization of single

strands 1 and 2 increases the intensity of the excimer (Figure 6),

whereas hybridization of single strands 1 and 6 results in an

extinction of excimer fluorescence. Such behaviour was also

observed in previous work and was explained by an alternating

interdigitation interaction of the pyrene with the PDI building

blocks [60].

Figure 6: Fluorescence spectra of oligomer 1 (black), duplex 1*2
(blue) and duplex 1*6 (red) at 20 °C. Excitation: 370 nm. Conditions:
see Table 1.

Gel migration experiments
The electrophoretic mobility of relatively small (<1000 kbp),

linear DNA strands is inversely proportional to their molecular

weight [61]. It serves as a reliable method to demonstrate the

formation of double versus single stranded DNA structure.

Therefore, the formation of defined short duplexes has been

further investigated using polyacrylamide gel electrophoresis

(PAGE) experiments. Oligomer single strands 1, 6 and 7

migrate with the same velocity as the 13 bp reference

(Figure 7). Strands 1 and 6, however, form a duplex and thus

have lower electrophoretic mobility, similar to an 18–20 bp

reference. Oligomer 7 has the same DNA sequence as 6, but

with 4 PDI molecules instead of 4 pyrenes (see Table 1). Thus

when combined, single strands 1 and 7 do not form a duplex

due to having non-complementary DNA parts, and migrate on

the gel like single strands 1, 6, and 7. These results underline

the importance of the complementary DNA segments in

aligning the pyrene and PDI chromophores for optimal inter-

action.

Figure 7: PAGE experiment. All oligomers were used in a total amount
of 150 pmol in 10 mM sodium phosphate buffer, 100 mM NaCl and
10% loading buffer, 20% polyacrylamide gel with a 10% loading gel,
1 h 40 min, 4 °C, 170 V, 6 mA, 2 W. Left lane: DNA ladder.

Conclusion
A series of DNA oligonucleotides functionalised with electron-

poor perylenediimide (PDI, E) and electron-rich 1,8-

dialkynylpyrene (Y) chromophores has been synthesized and

their photophysical and thermal melting properties were investi-

gated. UV–vis absorption and fluorescence spectra indicate an

alternate, face-to-face, stacking of PDI and pyrene moieties.

The DNA portion serves as an ideal scaffold to align the pyrene

and PDI chromophores and to study their interaction in solution.

The stability of the duplexes shows a clear dependence on the

number of pyrene–PDI interactions within the duplex. As the

pyrene–PDI ratio approaches 1:1, the stability of the duplexes

increases with up to 7.5 °C per pyrene–PDI supramolecular

interaction underlining the importance of electrostatic comple-

mentarity for aromatic π–π stacking interactions.

Supporting Information
Supporting Information File 1
Detailed experimental procedures and supplementary

spectroscopic data.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-164-S1.pdf]
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Abstract
We present the synthesis of the two novel nucleosides iso-tc-T and bcen-T, belonging to the bicyclo-/tricyclo-DNA molecular plat-

form. In both modifications the torsion around C6’–C7’ within the carbocyclic ring is planarized by either the presence of a

C6’–C7’ double bond or a cyclopropane ring. Structural analysis of these two nucleosides by X-ray analysis reveals a clear prefer-

ence of torsion angle γ for the gauche orientation with the furanose ring in a near perfect 2’-endo conformation. Both modifications

were incorporated into oligodeoxynucleotides and their thermal melting behavior with DNA and RNA as complements was

assessed. We found that the iso-tc-T modification was significantly more destabilizing in duplex formation compared to the bcen-T

modification. In addition, duplexes with complementary RNA were less stable as compared to duplexes with DNA as complement.

A structure/affinity analysis, including the already known bc-T and tc-T modifications, does not lead to a clear correlation of the

orientation of torsion angle γ with DNA or RNA affinity. There is, however, some correlation between furanose conformation (N-

or S-type) and affinity in the sense that a preference for a 3’-endo like conformation is associated with a preference for RNA as

complement. As a general rule it appears that Tm data of single modifications with nucleosides of the bicyclo-/tricyclo-DNA plat-

form within deoxyoligonucleotides are not predictive for the stability of fully modified oligonucleotides.
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Introduction
Antisense oligonucleotides (ASOs) can interfere with gene

expression via various biological mechanisms, depending on the

nature of the cellular RNA target [1]. First and foremost they

can inhibit translation by targeting a mature mRNA in either its

coding or non-coding part of the sequence by a steric block or

an RNase H dependent degradation mechanism. Furthermore, it

has recently been shown that ASOs can alter RNA splicing

when targeting exon/intron junctions or splice enhancer or

silencer binding sites on pre-mRNAs, thus leading to alter-

native splicing [2,3], to exon skipping [4,5] or to exon inclu-

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
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sion [6]. In addition they can restore the function of mRNAs

containing extended aberrant repeat sequences in their non-

coding region by either restoring correct cellular localization or

inhibiting vital protein sequestration by the aberrant repeats [7].

Last but not least, there is an ever growing number of micro

RNAs (miRNAs) that are involved in genetic and epigenetic

regulation of gene expression. Their misregulation stays at the

onset of various forms of cancer and other metabolic diseases,

and targeting of such miRNAs with ASOs (antimirs or

anatagomirs) has been shown in the recent past to be a

promising therapeutic principle [8].

There exists a multitude of chemical modifications in ASOs.

Historically, the first modification was the replacement of the

phosphodiester linking units in DNA by phosphorothioate

groups, thus conferring higher metabolic stability to ASOs in

plasma and tissue [9,10]. Another site of modification is the

2’-OH group of RNA that can be equipped or replaced with

various chemical entities typically aiming at higher affinities to

the corresponding RNA targets [11-14]. More diverse analogues

include structures in which the sugar phosphate backbone has

been replaced by a charge neutral peptide backbone, such as the

peptide nucleic acids (PNAs) [15] or by a nucleotide derived

phosphorodiamidate backbone, such as the morpholino oligonu-

cleotides (PMOs) [16]. Of particular interest is the class of

conformationally constrained oligonucleotides. Members of this

class are amongst others the locked nucleic acids (LNA)

[17,18], the hexose nucleic acids (HNAs) [19] and the family of

bi- and tricyclo-DNA (Figure 1) [20-23]. These analogues aim

at increasing RNA affinity by structurally preorganizing single

strands for duplex formation.

Bc- and tc-DNA have been conceived to reduce the entropy

upon duplex formation with a nucleic acid target by reducing

the conformational flexibility around the C3’–C4’ and C4’–C5’

bonds, while achieving as much as possible of a geometric

match with the backbone conformation of DNA in duplexed

form. From this a gain in the free energy of duplex formation

and, hence, more stable duplexes are expected [24]. Over the

years we became interested in determining the structure/RNA

affinity relationship of the underlying sugar scaffold and to

develop them into a molecular platform for oligonucleotide

therapeutics. Given the exclusiveness of the ethylene bridge

between the centers 3’ and 5’ with respect to DNA or RNA we

have identified this structural element to be the primary goal for

chemical modification [25-30]. In continuation of this work we

decided to investigate on two novel thymine nucleosides with

restricted conformation of the C6’–C7’ bond, namely bcen-T

and iso-tc-T (Figure 1). Here we present the synthesis and

X-ray structural characterization of the respective nucleosides,

their incorporation into oligodeoxynucleotides by phosphor-

Figure 1: Chemical structures and carbon numbering scheme of
tricyclo(tc)-DNA (top, left), bicyclo(bc)-DNA (top, right) and the newly
synthesized iso-tricyclo(iso-tc)-DNA (bottom, left) and bicyclo-en(bcen)-
DNA (bottom, right).

amidite chemistry as well as the DNA and RNA affinity profiles

of the modified oligonucleotides.

Results
Synthesis of building blocks
The synthesis of the phosphoramidite 10 started with the

bicyclic intermediate 1 that had previously been described on

the way to related bicyclo-DNA derivatives (Scheme 1) [30].

Following an obvious synthetic strategy, compound 1 was

subjected to carbonyl reduction which occurred with high

stereoselectivity from the less hindered, convex side of the

bicyclic system, resulting in alcohol 2 along with traces of its

epimer. To increase the stereoselectivity of the upcoming cyclo-

propanation reaction it seemed appropriate to protect the sec-

ondary hydroxy group as TBS ether (→ 3). Indeed cyclopropa-

nation of 3 with diethylzinc and CH2I2 proceeded stereospecifi-

cally, again from the convex side of the bicyclic system, to give

4. Subsequent nucleosidation of 4 via the Vorbrüggen proce-

dure [31,32] with transient protection of the tertiary hydroxy

group in 4 as TMS ether, however, was unsuccessful and

yielded only the corresponding α-nucleoside in yields below

25%. We reasoned that the exclusive formation of α-nucleo-

sides is due to the steric bulk of the TBS group, further

suppressing the intrinsically disfavored β-(endo)-face attack of

the base. To counterbalance these effects we chose to protect

the tertiary hydroxy group as a pivaloyl ester thus increasing the

steric bulk on the α-face, and relieving that on the β-face by

replacing the TBS by a transient TMS group. The conversion of

4 → 6 proceeded smoothly and indeed, the use of compound 6

as nucleobase acceptor improved the yield of nucleosides 7α,β
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Scheme 1: Conditions: (a) NaBH4, CeCl3·7H2O, MeOH, −78 °C → rt, 1.5 h, 73% (+9% of C6-epimer); (b) TBS-Cl, imidazole, CH2Cl2, rt, 16 h, 79%;
(c) Et2Zn in hexane (1 M), CH2I2, CH2Cl2, 0 °C → rt, 16 h, 86%; (d) PivCl, DMAP, pyridine, ClH2C–CH2Cl, 70 °C, quant.; (e) TBAF, THF, rt, 19 h,
95%; (f) thymine, BSA, SnCl4, CH3CN, 0 °C → rt, 17 h, 56% 7β + 22% (7α/β 2.5:1); (g) Bu4NOH, H2O/dioxane, rt, 16 h, 94%; (h) DMTrCl, pyridine,
CH2Cl2, rt, 24 h, 98%; (i) CEP-Cl, DIPEA, THF, rt, 4 h, 89%.

Scheme 2: Conditions: (a) thymine, BSA, TMSOTf, TMSCl, CH3CN, rt, 2.5 h; (b) DMTrCl, pyridine, rt, 16 h, 29% of 12α and 34% of 12β (over two
steps); (c) CEP-Cl, DIPEA, THF, rt, 1 h, 94%.

in general and led to an acceptable β:α = 2.5:1 ratio of anomers.

Subsequent saponification of 7α,β (unseparable by flash chro-

matography) proved to be tricky and after testing a series of

standard techniques, only treatment with Bu4NOH in a mixed

organic/aqueous solvent gave nucleosides 8α,β in good yield. It

was at this step where the two anomers could be readily sep-

arated by flash chromatography. Continuing with 8β the syn-

thesis of 10 was concluded by standard tritylation (→ 9) and

phosphitylation.

To extend on the structure/nucleic acid affinity profile of this

modification we also became interested in nucleoside 11β,

containing a double bond instead of the cyclopropane ring. In

the context of oligonucleotides this derivative seemed appro-

priate to investigate the direct steric influence of the cyclo-

propyl/methylene group in a bicyclic sugar scaffold that is

otherwise very similar in flexibility and geometry. The corres-

ponding building block 13 (Scheme 2) was easily available via

nucleosidation of sugar intermediate 2 (in situ TMS protection

of both hydroxy groups) leading to the mixture of anomeric

nucleosides 11α,β in a ratio of β:α = 1.2:1. After standard trity-

lation of 11α,β the anomeric mixture 12α,β became separable

by flash chromatography and the corresponding β-nucleoside

12β could be smoothly converted into the phosphoramidite 13

by standard methods.

Structural properties of nucleosides
To get an independent proof on the relative configuration

around the cyclopropane ring and the glycosidic bond and to

obtain insight into the conformational properties of the central

bicyclic sugar scaffold, crystals of 8β and 11β were grown and

subjected to X-ray analysis (Figure 2, Table 1). It clearly
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Figure 2: X-ray structure of top row: nucleosides 8β (left), 11β (center) and overlay of both structures (right); bottom row: tc-T (Mol A, left, Mol B,
right).

emerges that in both nucleosides the furanose unit appears in an

almost perfect 2’-endo conformation giving rise to a trans

arrangement of torsion angle δ (O3’–C3’–C4’–C5’). In both

structures the cyclopentane ring exists in a shallow envelope

conformation with C5’ being slightly out of plane. This leads to

a gauche orientation of torsion angle γ (C3’–C4’–C5’–O5’). In

both structures the base thymine is, as expected, in the anti-

orientation. The overlay of both structures clearly highlights the

similarity of both structures, indicating that the extra methylene

group in 8β plays no direct role in controlling the conformation

of the bicyclic ring system.

Table 1: Selected backbone torsion angles and sugar pucker data for
8β and 11β and related bi/tricyclo-nucleosides from X-ray structures.

γ δ χ P νmax

8β 86.8° 150.1° −106.4° 167.8° 36.1
11β 86.9° 146.0° −115.7° 160.7° 36.3
bc-Ta 149.3° 126.5° −112.7° 128.4° 42.4
tc-Tb Mol A 125.0° 152.5° −130.4° 172.2° 36.7
tc-Tb Mol B 154.8° 98.7° −120.3° 94.4° 36.0

aRef [33]; btwo structurally independent molecules per asymmetric
unit.

A comparison of 8β and 11β with bc-T, having a saturated

cyclopentane unit clearly reveals structural differences. The

largest deviation is associated with the position of the 5’-OH

group which is in a pseudoequatorial orientation in bc-T, giving

rise to a torsion angle γ in the anticlinal range. The saturation of

the carbocyclic ring translates to a lesser extent also into the

furanose ring where a 1’-exo instead of a 2’-endo conformation

is observed in bc-T. Both furanose conformations, however,

belong to the S-type and are thus structurally related in the

context of nucleic acid duplex conformation. Quite interest-

ingly, the original tc-T nucleoside [34], for which we solved the

X-ray structure here for the first time (Figure 2), shows consid-

erable conformational variability in the furanose part. The

asymmetric unit contains two independent molecules (Mol A

and Mol B) of which the furanose part in Mol A adopts a

2’-endo (S-type) conformation, while in Mol B a 4’-endo

(N-type) conformation is observed. In summary it appears that

rigidifying and planarizing the C5’–C6’-bond as in tc-nucleo-

sides leads to an anticlinal orientation of torsion angle γ and

variability between S- and N-type in the furanose conformation,

whereas rigidifying and planarizing the C6’–C7’-bond, as in 8β

and 11β, leads to a synclinal torsion angle γ and a consistent

2’-endo furanose conformation. Saturation of the carbocyclic

ring, as in bc-T, leads to an anticlinal arrangement of γ and a

somewhat attenuated but clear preference for an S-type fura-

nose conformation.

Oligonucleotide synthesis
The dodecamers ON1–4, shown in Table 2, containing one to

two modifications, were synthesized in order to test the conse-
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Scheme 3: Pathways for elimination of the modified nucleotides during the oxidation step in oligonucleotide assembly.

quences of the two modified bicyclic nucleotides on RNA and

DNA affinity. ON5–7, containing the known tc-T residues in

the respective positions, were synthesized for comparison.

ON1–3 were assembled on the 1.3 μmol scale on a DNA

synthesizer utilizing standard phosphoramidite chemistry proto-

cols first. The trityl assay after incorporation of 13 and the

subsequent building block revealed typically a drop of syn-

thesis yield by roughly 20%. This was also reflected in the

HPLC traces after final cleavage from the solid support (33% aq

NH3, 55 °C, 16 h) which revealed besides the expected oligonu-

cleotides ON1–3 also truncated sequences corresponding to

5’-phosphorylated fragments arising from cleavage 3’ to the

modification as determined by mass spectrometry. Re-subjec-

tion of the isolated full length oligonucleotides ON1–3 to

deprotection conditions did not lead to any further degradation,

suggesting that E1 elimination of the 3’-P-unit occurs during

the oxidation step of the modified residues, most likely on the

level of the iodinated phosphite intermediate [35], leading to the

formation of an allylic carbocation in the bcen-T unit and

5’-phosphorylated DNA fragment (Scheme 3).

The synthesis of oligonucleotides using building block 10

proved to be even more difficult. Using the standard phosphor-

amidite protocol, the oligonucleotide synthesis failed

completely at the site of modification and not even traces of a

full length oligonucleotide could be observed after chain

assembly and deprotection. Only 5’-phosphorylated, truncated

oligonucleotide fragments could be isolated. We reasoned that

oxidation with iodine followed by E1 elimination of the 3’-P-

unit happend also in this case, leaving behind an alpha-cyclo-

propyl cation that undergoes subsequent rearrangement

(Scheme 3). The fact that elimination is quantitative in the iso-

tc-T case may be explained by the release of ring strain during

cyclopropyl rearrangement which contributes to the stabiliza-

tion of the E1 transition state. Based on these assumptions we

changed the oxidant from iodine to t-BuOOH, which has

successfully been used in the past in the allyloxycarbonyl base-

and phosphate protecting scheme for oligonucleotide synthesis

[36]. Under these conditions, full length oligonucleotide ON4

could be isolated in 80% as determined by trityl assay. Due to

limited availability of the phosphoramidite building block 10,

only this particular oligonucleotide could be obtained in suffi-

cient quantities for biophysical experimentation.

Tm data
To assess DNA and RNA affinity of the two novel modifica-

tions we measured UV-melting curves at 260 nm. With a

gradient of 0.5 °C/min the heating and cooling curves are super-

imposable, indicating equilibrium conditions and excluding de-

gradation of the modified oligonucleotides under the conditions

of measurement. The corresponding Tm-data are summarized in

Table 2.

The bcen-T modification destabilizes duplexes with comple-

mentary DNA by −1.4 to −2.0 °C per modification relative to

dT in a somewhat sequence dependent context. If flanked by

two pyrimidine nucleotides (ON1) the destabilization is higher

as compared to purines as nearest neighbors (ON2). Two

consecutive residues lead to less destabilization which is in line

with earlier observations on tc-DNA where it was found that the

highest Tm/modification were observed in fully modified

oligonucleotides [37]. Duplexes with RNA as complement are

also destabilized albeit to a lesser extent (ΔTm/mod −0.8 to

−2.2 °C). The same sequence dependence as for DNA as
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Table 2: Sequence information and analytical data of ON1–7 as well as Tm data from UV-melting curves (260 nm) in 10 mM NaH2PO4/Na2HPO4,
150 mM NaCl, pH 7.0. Duplex concentration: 1.2 μM.

Sequence Modification t Tm vs DNAa Tm vs RNAa

ON1 d(GGATGTTCtCGA) 45.3 (−2.0) 45.6 (−2.2)
ON2 d(GGAtGTTCtCGA) 43.9 (−1.7) 45.0 (−1.4)
ON3 d(GGATGttCTCGA) 44.4 (−1.4) 46.2 (−0.8)

ON4 d(GGATGTTCtCGA) 44.8 (−2.5) 43.0 (−4.8)

ON5 d(GGATGTTCtCGA) 45.8 (−1.6) 46.6 (−1.2)
ON6 d(GGAtGTTCtCGA) 46.8 (−0.3) 46.8 (−0.5)
ON7 d(GGATGttCTCGA) 47.2 (−0.1) 49.6 (+0.9)

aTm of unmodified duplex d(GGATGTTCTCGA): 47.3 °C vs DNA; 47.8 °C vs RNA; ΔTm per modification in parenthesis.

complement appears and again, two consecutive modifications

are associated with the least depression in Tm/modification.

Thus, it turns out that bcen-DNA prefers RNA over DNA as a

complement which is remarkable given that the parent nucleo-

side adopts a 2’-endo (S-type) sugar conformation and not a

3’endo (N-type) as do modifications that typically prefer RNA

as complement (e.g., LNA). This is somewhat similar to obser-

vations with the α-L-LNA analogue which also prefers RNA

over DNA as complement despite being a DNA mimic [38].

Also the iso-tc-T modification (ON4) turns out to destabilize

duplexes with complementary DNA and RNA. However, in

contrast to the bcen-modification, where there is essentially no

difference in binding to DNA and RNA, destabilization of DNA

as complement is lower (ΔTm −2.5 °C) while that of RNA is

higher (ΔTm −4.8 °C), this despite the fact that the sugar confor-

mations of the monomers (see Figure 2) are virtually identical.

The differential behavior therefore has to be attributed to steric

effects of the cyclopropyl methylene group on the adjacent

3’-phosphodiester function solely.

Discussion
The two novel bc-/tc-modifications presented in this work are

part of our endeavor to understand the structure/affinity rela-

tionship of this particular oligonucleotide molecular platform in

more detail. More precisely we aimed with these modifications

to learn how subtle structural changes influence not only the

backbone torsion angle γ but also control the conformation of

the furanose ring which is central for duplex structure and

stability. From X-ray analysis of monomers (Table 2) we find

that planarizing the C5’–C6’-bond (tc-nucleosides) leads to a

trans orientation of torsion angle γ and some variability

between S- and N-type furanose conformation, compared to the

ring-saturated bc-nucleosides which have a stronger preference

for S-type furanose conformation and also maintain the prefer-

ence for the trans orientation of torsion angle γ. On the other

hand, planarizing the C6’–C7’-bond, as in 8β and 11β, leads to

a synclinal torsion angle γ and a consistent 2’-endo furanose

conformation.

In order to correlate structural features of the four monomers

under discussions with thermal affinity of correspondingly

modified oligonucleotides we have summarized the ΔTm/modi-

fication data for RNA and DNA binding of the four modifica-

tions within the same sequence context for which data was

available (Table 3). From the data it becomes evident that there

is no clear correlation between torsion angle γ and affinity. For

example bcen-T, having γ in the for duplexes natural gauche

orientation, is more destabilizing than bc-T in which it is clearly

in the unnatural trans orientation. However, there seems to be
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Table 3: ΔTm/modification data for four different bi/tricyclo modifications in one sequence context.

d(GGATGTTCtCGA)
t =

ΔTm/modification vs
DNA [°C]

ΔTm/modification vs
RNA [°C]

furanose pucker torsion angle γ

bc-Ta +1.5 −0.5 1’-exo trans
bcen-T −2.0 −2.2 2’-endo gauche
tc-T −1.6 −1.2 2’-endo/

4’-endo
trans
trans

iso-tc-T −2.5 −4.8 2’-endo gauche
aRef. [27].

some correlation between the furanose pucker and affinity.

There is a trend that nucleosides preferring an S-type sugar con-

formation (bc-T, bcen-T, iso-tc-T) prefer a DNA over an RNA

complement. In the only nucleoside that shows some 3’-endo

(N-type) character (tc-T) this is inverted. Probably the clearest

correlation can be made regarding the effect of the cyclo-

propane ring in iso-tc-T. Compared to bcen-T, it becomes clear

that the additional CH2 group destabilizes duplexes in an other-

wise isostructural scaffold. This is most likely due to unfavor-

able steric interactions with the 3’-phosphate group. This nega-

tive effect is not unexpectedly most pronounced with RNA as a

complement (A-type helical structure).

It has to be clearly noted here that an analysis based on single

incorporations of bc- or tc-modifications does not necessarily

reflect the effect of the same residues in fully modified oligonu-

cleotides. For example, a bc-T residue stabilizes a duplex with

complementary DNA in the above sequence context. However,

a fully modified bc-oligonucleotide has no stabilizing effect

upon binding to a DNA or RNA complement [20]. Along the

same lines, a tc-T residue in the above sequence context desta-

bilizes duplexes with both a DNA and an RNA complement. On

the other hand fully modified tc-oligonucleotides stabilize

duplexes with DNA and RNA by 1–3 °C per modification [37].

It thus appears that every modification of the DNA or RNA

backbone with a bc- or tc-residue is associated with an ener-

getic penalty which most likely arises from the local structural

perturbation of the backbone at the site of modification. The

more homogeneous the backbone becomes, the more dominant

is the energetic benefit (or penalty) of the modification.

Conclusion
We have synthesized the two novel, thymine containing bc-/tc-

nucleosides 8 and 11β and incorporated them into oligodeoxy-

nucleotides. Analysis of the monomers by X-ray spectroscopy

clearly show a high degree of similarity in the conformation of

the underlying bicyclic scaffold of these two nucleosides.

Thermal melting analysis of duplexes shows a destabilization

with both DNA and RNA as complements. The destabilization

is more expressed with the iso-tc-T unit and is due to steric

interactions of the extra-CH2 group of the cyclopropane ring

with the adjacent 3’-phosphate unit. A structure/affinity analysis

including the known bc-T and tc-T nucleosides suggests that it

is less the structural variety of torsion angle γ but more the fura-

nose pucker (2’-endo vs 3’-endo) that governs affinity. Further-

more, from the accumulated set of Tm data available it becomes

clear that ΔTm/modification data from oligonucleotides with

single incorporations of members of the bc/tc-DNA family in

general do not reflect the affinity profile of the corresponding

fully modified oligonucleotides.

Supporting Information
Experimental procedures and analytical data, including
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Abstract
Over the past 20 years, the generation of functional RNAs by in vitro selection has become a standard technique. Apart from

aptamers for simple binding of defined ligands, also RNAs for catalysis of chemical reactions have been selected. In the latter case,

a key step often is the conjugation of one of the two reactants to the library, requiring suitable strategies for terminal or internal

RNA functionalization. With the aim of selecting a ribozyme for deamination of cytidine, we have set up a selection scheme

involving the attachment of the cytidine acting as deamination substrate to the 3'-terminus of the RNAs in the library, and library

immobilization. Here, we report the synthesis of a bifunctional cytidine derivative suitable for conjugation to RNA and linkage of

the conjugated library to a streptavidine-coated surface. Successful conjugation of the cytidine derivative to the 3'-terminus of a

model RNA is demonstrated.

1906

Introduction
Since the discovery of the first catalytic RNA in the ciliate

Tetrahymena thermophilia in 1982 [1], a number of naturally

occurring ribozymes have been described [2]. Whereas all of

these natural ribozymes accelerate transesterifications or, as in

the case of the ribosome, the peptide bond formation, artificial

ribonucleic acids developed by in vitro selection have been

shown to catalyze a wide variety of organic chemical reactions

[3-5]. Moreover, several of these developed ribozymes promote

reactions of metabolic relevance in modern life organisms.

Impressive examples are RNA catalysts that support an aldol

reaction between an aldehyde and a ketone, relevant to the syn-

thesis of sugars [6], or the linkage of ribose to nucleobases to

generate nucleotides [7]. Such ribozymes are seen as important

functional entities underscoring the RNA world theory, where

ribonucleic acids are suggested acting as the carrier of genetic

information as well as functional players enabling RNA ampli-

fication and processing [8]. Even though a number of ribozymes

supporting the RNA world theory are known, there is a wide

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:smueller@uni-greifswald.de
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Figure 1: Retrosynthetic analysis of the bifunctional cytidine derivative 1 for functionalization of a periodate-oxidized RNA library.

field of protein-catalyzed reactions in present-day organisms,

for which no ribozyme analogue has yet been found. This

applies for example to the transformation of cytidine to uridine,

which is a well-known RNA editing event in modern cellular

chemistry [9]. This process is catalyzed by cytidine deaminases

(CDA, EC 3.5.4) belonging to a family of enzymes found in

pro- and eukaryotes [10]. In the active center of all CDAs, a

zinc ion is responsible for the activation of a water molecule

that acts as nucleophile attacking the C4 carbon center of the

cytosine residue and thus facilitating deamination [11]. The

development of a ribozyme supporting the same kind of reac-

tion would be a valuable addition to the repertoire of RNA

activities with relevance to the RNA world theory.

A very useful and often applied technique for the generation of

catalytic RNA structures is a variation of the classical SELEX

approach (Systematic Evolution of Ligands by EXponential

Enrichment) [12,13]. A typical procedure for the selection of a

ribozyme, which enhances the reaction between two substrates,

involves the conjunction of either of them with the members of

an RNA-library. This is mostly achieved by transcription

priming [14], which however, allows attachment of a specific

reactant merely to the 5'-terminus of library RNAs [15-17].

Alternatively, post-transcriptional protocols can address both

the 5'- and the 3'-terminus. In general, post-transcriptional

5'-modification may be achieved by thiophosphorylation with

T4-polynucleotide kinase followed by derivatization of the

introduced terminal thiophosphate [18,19], or by chemical

conversion of the 5'-terminal primary OH group into an amine

or azide to be used for further conjugation with NHS-esters [20]

or with alkynes [21]. Alternatively, natural and modified

nucleosides can be attached to the 3'-terminus by the use of

enzymes like poly(U)-polymerase (PUP), poly(A)-polymerase

(PAP) or the terminal deoxynucleotidyl transferase (TdT) [22-

25]. However, since most enzymatic techniques achieve only

moderate yields, chemical strategies may be advantageous.

Chemical 3'-end modification uses the unique properties of the

RNA's 3'-terminal cis-diol, which can be specifically oxidized

with metaperiodate [26-28], followed by reaction of the

produced dialdehyde with amines or hydrazines linked to a

desired functional entity [29].

We set out to select from a random library catalytically active

RNAs that support deamination of cytidine to uridine. For this

purpose, a bifunctionalized cytidine derivative (Figure 1) was

synthesized. Via its 5'-OH group, the cytidine derivative is

linked to a hexaethylene glycol tether bearing a primary amino

group. At the C4-position of the base, a short linker connected
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Figure 3: Preparation of synthon 4 and substitution of the triazolyl moiety of 3 to form the fully protected cytidine derivative 9. I: 0.16 equiv Boc2O,
dioxane, 3 h, rt, 68% (based on the amount of Boc2O); II: 0.77 equiv triazolyl protected uridine 3, MeCN, rt, overnight, 85%.

to a biotin was introduced. Upon periodate oxidation of the

3'-cis diol of the RNA library molecules, the produced dialde-

hyde is thought to react with the primary amino group of the

cytidine derivative allowing immobilization of the resulting

modified RNAs onto a solid surface through biotin–streptavi-

dine interaction. All RNA sequences that can catalyze the

desired deamination reaction of cytidine to uridine will be

cleaved off and thus released into solution. Upon recovery,

beneficial variants can be subjected to the next round of selec-

tion. Here we describe the synthetic route to the bifunctional-

ized cytidine derivative and its successful conjugation to RNA.

Results and Discussion
Synthesis of the bifunctional cytidine derivative 1 started from

uridine making use of four synthons: a protected hexaethylene

glycol linker phosphoramidite 2 bearing a primary amine to be

used later for RNA functionalization, protected and suitably

activated uridine 3, and a short mono protected diamino linker 4

for the attachment of a biotin moiety 5 in order to immobilize

the conjugated RNA molecules onto a streptavidine-coated

surface (Figure 1).

First, the sugar hydroxy functions of uridine (6) were fully

protected with tert-butyldimethylsilyl (TBDMS) groups and the

tris-silylated uridine 7 [30] was further reacted with POCl3, tria-

zole and triethylamine (Figure 2).

Among the procedures described for conversion of uridine into

cytidine derivatives [31-34] we have chosen the path via a tria-

zolyl activated uridine [31], because the triazolyl derivatives

are known being stable enough to allow convenient handling

and isolation, and they have shown very good reactivity with

aliphatic amines. Synthon 3 could be isolated by recrystalliza-

tion in 76% yield. Next, we introduced a short linker to the

N4-position of 3 in order to attach a biotin unit to the modified

nucleoside. Linker 4 was synthesized from 2,2’-(ethylene-

dioxy)diethylamine (8) with di-tert-butyl dicarbonate (Boc2O)

in dioxane [35] (Figure 3).

Figure 2: Introduction of the triazolyl moiety into the uridine derivative
7 generating synthon 3. I: 4 equiv POCl3, 16 equiv triazole, 20 equiv
NEt3, MeCN, 60 min at 0 °C, 4.5 h at rt, 76%.

The mono protected diamino linker 4 was purified by chroma-

tography on silica gel and subsequently used for reaction with

the triazolyl protected uridine derivative 3 to produce com-

pound 9 in 85% yield. Upon removal of the Boc group and

sugar deprotection, the remaining aliphatic amine should be

used for conjugation to biotin, followed by coupling of the

5'-hydroxy group to a linker phosphoramidite.

In terms of synthesis efficiency, we first tried to simultaneously

deprotect the amino functionality at the nucleobase and the

sugar 5'-hydroxy group to generate derivative 12. Thereafter,

the greater nucleophilicity of the primary amine over the

alcohol should be used for selective amide bond formation with

biotin, provided for reaction as N-hydroxysuccinimidyl (NHS-)

ester, and subsequently the 5'-O-phosphoramidite should be

prepared. Unfortunately, preparation of 12 in the suggested one

step procedure (Figure 4, upper path) was not possible.

According to a previous report by Zhu et al. [36], the 5'-OH

group of tris-silylated nucleosides can be selectively removed

by treatment with a THF/TFA/H2O mix (4:1:1, v/v/v) at 0 °C.

Since cleavage of Boc-groups requires strong Brønsted acids

[37-39], we varied the protocol of Zhu et al. with respect to the

acid concentration and to reaction time. However, we could not
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Figure 4: Synthesis of 2',3'-bis-O-(tert-butyldimethylsilyl)-1-[4-(N'-biotinyl-3,6-dioxaoctane-1,8-diamine)pyrimidine-2(1H)-onyl]-β-D-riboside (12). I:
2.6 equiv ZnBr2, DCM, 1 d, rt, Ar, 82%; II: 1.1 equiv EDAC·HCl, 1.1 equiv biotin, DMF, 0 °C → rt, overnight, 65%; III: THF/TFA/H2O (4:1:1, v/v/v),
0 °C, 5 h, 94%.

identify conditions that led to removal of the Boc group, and

leaving the TBDMS groups intact; multiple desilylated prod-

ucts were detected in all cases. These findings forced us to

synthesize 12 in an alternative way. Apart from protic acids, the

tert-butoxycarbonyl moiety of Boc-protected amines can be

selectively cleaved with Lewis acids [40]. Thus, stirring of 9 in

anhydrous DCM with ZnBr2 delivered the free amine 10 with a

yield of 82% (Figure 4). To this, biotin was coupled by in situ

activation of the carboxylic acid as an NHS-ester using 1-ethyl-

3-(3-dimethylaminopropyl)carbodiimide hydrochloride

(EDAC·HCl). Next, the 5'-O-TBDMS group was removed by

stirring 11 in a mixture of THF/TFA/H2O (4:1:1, v/v/v) at 0 °C,

and solely the 5'-O-deprotected cytidine derivative 12 was

obtained in 94% yield (Figure 4). The long amino linker 13 was

synthesized from hexaethylene glycol with an overall yield of

52% over three steps following a standard literature protocol

[41]. After introduction of a Boc group for protection of the

linker amino function, the resulting compound 14 was reacted

with (2-cyanoethyl-N,N-diisopropyl)chlorophosphoramidite to

yield the phosphoramidite 2, which was coupled with synthon

12 in anhydrous THF in the presence of 5-benzylmercapto-1H-

tetrazole (BMT) as activator (Figure 5).

The coupling product 16 was isolated with a yield of 28%.

Finally, all remaining protecting groups were cleaved off. The

base-labile β-cyanoethyl (CE) group was removed by stirring 16

in a 1:1 mixture of concentrated aqueous ammonia and methyl-

amine. Subsequent treatment of 17 with triethylamine trihydro-

fluoride (TEA·3HF) at 55 °C for 2 h delivered compound 18,

which was reacted with neat TFA. Each deprotection step was

monitored by MALDI mass spectrometry. The bifunctionalized

cytidine derivative 1 as the final product was isolated by

reversed-phase chromatography with a yield of 83% over the

last three steps (Figure 6).

To set-up conditions for conjugation of the bifunctional cyti-

dine derivative 1 to RNA, we synthesized a short model

oligonucleotide (GUC AGC CGU CAG GAU CCG UG) corres-

ponding to the 3'-terminal sequence of the envisaged RNA-

library. The RNA was oxidized by treatment with sodium perio-

date [42], and the resulting dialdehyde was reacted with cyti-

dine derivative 1. The obtained intermediate was reduced with

sodium cyanoborohydride to form the more stable amine as

final product (Figure 7).

The reaction analysis was carried out by reversed-phase HPLC

(Figure 8).

The RP-chromatogram of the crude product (A) shows two

peaks (denoted as I) corresponding to the oxidized and
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Figure 5: Formation of the phosphoramidite 2 from amino alcohol 13, and subsequent coupling to the 5'-O-deprotected nucleoside 12. I: 1.2 equiv
di-tert-butyl dicarbonate, EtOAc, 60 °C, 1.5 h, 98%; II: 5.3 equiv DIPEA, 1.3 equiv (2-cyanoethyl-N,N-diisopropyl)chlorophosphoramidite, DCM, rt,
1.5 h; III: 0.9 equiv 12, 4.5 equiv BMT, THF, IV: 0.2 M I2 in THF/pyridine/H2O, 10 min, rt, 28% over two steps; V: aq NH3 (30%)/methylamine (8 M), rt,
30 min; VI: TEA·3HF, 55 °C, 2 h; VII: TFA, rt, 2 min; 83 % over three steps.

Figure 6: A) Reversed-phase HPLC purification of 1 after complete deprotection of 16. A represents the absorption at 254 nm. The fraction indicated
by an arrow was collected and analyzed by MALDI mass spectrometry. B) MALDI-spectrum of the pooled collected fractions. The peak at 945.021
(calcd. mass: 944.40 g/mol [M + H]+) corresponds to the cytidine derivative 1. r.I. represents the relative intensity.

cyanoborohydride reduced RNA (C), peak II corresponding to

the cytidine derivative 1 (B), and a new peak (III) indicating the

desired RNA–cytidine conjugate, as confirmed by MALDI

mass spectrometry (see Supporting Information File 1).

Conclusion
We successfully synthesized a cytidine derivative for the func-

tionalization of an RNA library following a synthetic route over

16 steps. Two linker moieties of different lengths and function-
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Figure 7: Reaction scheme of periodate oxidation of a 20mer model RNA followed by coupling of cytidine derivative 1.

Figure 8: Reversed-phase HPLC analysis. A: Crude product of the
coupling reaction between the 20mer model RNA and 1. The peaks I
correspond to the periodate oxidized and subsequently reduced RNA.
Peak II matches the cytidine derivative 1. Peak III indicates the
RNA–cytidine 1 conjugate. B: Cytidine derivative 1. C: 20mer model
RNA after treatment with sodium periodate and reduction with sodium
cyanoborohydride in the absence of cytidine derivative 1. r. I.: relative
intensity.

ality were attached to the nucleobase and to the sugar residue of

cytidine, thus enabling for one coupling of the nucleoside to

periodate-oxidized RNAs, and for second linking the function-

alized library to a surface. The 5'-O-coupled linker carrying an

aliphatic amino group allows 3'-terminal conjugation of cyti-

dine to the molecules of an RNA library, whereas the biotiny-

lated linker attached to C4 of the nucleobase allows linking the

modified library to a streptavidine coated surface. The suit-

ability of the synthesized cytidine derivative was confirmed by

successful conjugation to the 3'-terminus of a model RNA, as

analyzed by HPLC and MALDI–MS. This set-up is going to be

used for selection of a cytidine deaminase ribozyme supporting

the conversion of uridine to cytidine. Active molecules will be

cleaved from the solid phase and released into solution, such

that those can be collected, reverse-transcribed and amplified to

enter the next round of selection.

Experimental
The bifunctional cytidine derivative 1 was synthesized starting

from uridine. All reaction steps and the characterization of the

obtained products are described in detail in Supporting Informa-

tion File 1. The RNA GUC AGC CGU CAG GAU CCG UG

used as model for studying 3'-terminal conjugation of 1 was

synthesized on an Applied Biosystems 394 DNA/RNA Synthe-

sizer following the standard protocol for oligoribonucleotide

chain assembly. The synthesized RNA was deprotected using

aqueous ammonia (32%)/aq methylamine (40%) (1:1, v/v) at

65 °C for 30 min for removal of base and phosphate protecting

groups and cleavage from the support, and TEA·3HF for

removal of 2'-O-protecting groups, essentially as described

previously [43].
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Periodate oxidation
For the oxidation of the RNA's 3'-terminal cis-diol, 5 nmol of

the 20mer RNA substrate were incubated in a total volume of

1 mL 30 mM sodium metaperiodate, 100 mM NaOAc (pH 5.4)

for 1 hour at room temperature in the dark. The oxidized RNA

was recovered by ethanol precipitation.

Conjugation of the cytidine derivative 1 to
RNA
The oxidized RNA was dissolved in 250 µL water containing

20 mM imidazole (pH 8), 5 mM NaCNBH3, 1 mM EDTA and

1 mM cytidine derivative 1. The reaction was carried out at

37 °C. After 2 hours, 25 µL of 50 mM NaBH4 were added, and

the reaction mixture was incubated for additional 15 min.

Ethanol precipitation yielded the crude coupling product, which

was analyzed by reversed-phase HPLC on an Äkta Purifier

(Amersham Bioscience). Column: Macherey Nagel EC 250/4

Nucleodur 100-5 C18 ec; Buffers: (A) 0.1 M triethyl-

ammonium acetate (pH 7.0), 5% acetonitrile and (B) 0.1 M tri-

ethylammonium acetate (pH 7.0), 30% acetonitrile; flow rate

0.5 mL min−1; gradient: 0% → 85% (B) in 14 CV, 85% 4 CV,

85% → 100% (B), 100% (B) 4 CV, 100% → 0% (B) 2 CV. The

product containing fraction was collected, RNA was lyophilized

and analyzed by MALDI–MS: (calcd mass: 7339.9 g/mol,

found: 7339.04 [M + 1]+; 3668.515 [M + 2]+/2, Supporting

Information File 1).

Supporting Information
Supporting Information File 1
Experimental part.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-198-S1.pdf]
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Abstract
Pre-queuosine or queuine (preQ1) is a guanine derivative that is involved in the biosynthetic pathway of the hypermodified tRNA

nucleoside queuosine (Que). The core structure of preQ1 is represented by 7-(aminomethyl)-7-deazaguanine (preQ1 base). Here, we

report the synthesis of three preQ1 base derivatives with complementary 15N-labeling patterns, utilizing [15N]-KCN, [15N]-phthal-

imide, and [15N3]-guanidine as cost-affordable 15N sources. Such derivatives are required to explore the binding process of the

preQ1 base to RNA targets using advanced NMR spectroscopic methods. PreQ1 base specifically binds to bacterial mRNA domains

and thereby regulates genes that are required for queuosine biosynthesis.

1914

Introduction
The small pyrrolo[2,3-d]pyrimidine 7-(aminomethyl)-7-deaza-

guanine is a natural product, also termed prequeuosine base

(preQ1 base) [1,2]. This guanine derivative is involved in the

complex biosynthetic pathway of the hypermodified tRNA

nucleoside queuosine [3]. Recently, preQ1 base has attracted

considerable attention because this nucleobase specifically

binds to bacterial mRNA domains and regulates genes that are

required for queuosine biosynthesis, by a so-called riboswitch

mechanism [4-8]. To explore the binding process of preQ1 base

to the RNA and to shed light on the dynamics underpinning this

process advanced NMR spectroscopic methods exist for which

15N-labeled preQ1 base derivatives would be highly beneficial.

Here, we report efficient routes for the synthesis of three deriva-

tives with complementary 15N-labeling patterns (Scheme 1).

The synthesis of preQ1 base has been described first in 1979 by

Goto and coworkers from 2-methylthio-6-methoxy-7-methyl-7-

deazapurine in 13 steps [9]. Another early, but more efficient

procedure was reported by Nishimura in 1988 based on the

Mannich reaction using dibenzylamine–formaldehyde and

2-acylaminopyrrolo[2,3-d]pyrimidin-4(3H)-one, which resulted

in the selective introduction of the dibenzylaminomethyl group

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:ronald.micura@uibk.ac.at
http://dx.doi.org/10.3762%2Fbjoc.10.199
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Scheme 1: The hypermodified nucleoside queuosine (Q) and the syn-
thetic targets of preQ1 bases 1 to 3 with complementary 15N labeling
patterns for potential NMR spectroscopic applications. Purine and
systematic numbering as indicated.

[10]. The following amine exchange reaction of the dibenzyl-

amine function in the Mannich base with ammonia resulted in

the preQ1 base. More recently, Carell and coworkers developed

a straightforward pathway based on the key reaction of in situ

α-brominated 3-phthalimidopropanal with 2,6-diamino-

pyrimidin-4-one [11], inspired by Grubb’s synthesis of the Q

base (queuine) [12]. Alternatively, Klebe and coworkers

employed a Michael addition of the same pyrimidinone to the

nitroolefin 2-[(2E)-3-nitroprop-2-en-1-yl]-1H-isoindole-

1,3(2H)-dione [13], however, this route seemed inconvenient

for our purposes because access to the nitroolefin requires

several additional steps.

Results and Discussion
Our aim was to develop a robust synthetic pathway to the preQ1

derivatives with the three complementary 15N labeling patterns

depicted in Scheme 1. For this undertaking we considered

Carell’s synthesis [11] of preQ1 base as a solid foundation that

we intended to adapt and modify accordingly, under the

premises of efficacy and cost-minimization for 15N incorpor-

ation.

For [15N1,15N3,H2
15N(C2)]-7-(aminomethyl)-7-deazaguanine

(1), we started with the reaction of methyl cyanoacetate (4) and

[15N3]-guanidine hydrochloride (5) under basic conditions to

give the corresponding [15N1,15N3,H2
15N(C2)]-2,6-diamino-

pyrimidin-4-one (6) in high purity after work-up and reversed-

phase column chromatography (C18) (Scheme 2) [14]. Then,

the α-bromo aldehyde 7 was obtained in two steps from

commercially available 3-phthalimidopropan-1-ol that was

oxidized using Dess–Martin periodinane. Subsequent in situ

bromination of the 3-phthalimidopropan-1-al with CH3SiBr,

described previously by others [11,12], did not work reliable in

our hands.

Scheme 2: Synthesis of [15N1,15N3,H2
15N(C2)]-preQ1 base (1).

a) CH3ONa (10 equiv) CH3OH, reflux, 10 h, RP C18 chromatography,
35%. b) NaOAc·3H2O (2 equiv), acetonitrile/water, 40 °C, 4 h, 63%.
c) H2N-NH2·H2O (10 equiv), ethanol, reflux, 14 h, RP C18 chromato-
graphy, 75%. Compound 1 was isolated as salt of trifluoroacetic acid
(TFA).

Therefore, in anlogy to Grubb [15] and a more detailed protocol

by Yamaguchi [16], we applied 5,5-dibromobarbituric acid [17]

to obtain the α-bromo aldehyde 7 which was well stable during

purification by column chromatography on SiO2 and isolated in

good yields. The pyrrolo[2,3-d]pyrimidine ring system of preQ1

base was built in good yields via the cyclocondensation reac-

tion between [15N1,15N3,H2
15N(C2)]-2,6-diaminopyrimidin-4-

one (6) and the 2-bromo-3-phthalimidopropan-1-al (7). Finally,

deprotection was performed with hydrazine hydrate. The previ-

ously published route [11] recommended N-Boc functionaliza-

tion of the preQ1 base in the crude reaction mixture to enable

flash chromatography on SiO2 followed by cleavage of the

auxiliary function, however, although robust in handling, the

yields were rather modest. We therefore decided to directly

purify the crude product by reversed-phase column chromato-

graphy (HPLC) and obtained compound 1 in excellent yield and

purity. We mention that compound 1 was isolated as salt of

trifluoroacetic acid (TFA) using 1% TFA in the eluent and it

was assumed to exist in 1:1 stoichiometry (preQ1:TFA) based

on 1H NMR spectra and consideration of pKa values. However,

it is noteworthy that a crystal structure of the preQ1·TFA salt
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that was crystallized from saturated aqueous solution showed

the co-existence of mono- (N(C'7)) and dications (N(C'7), N3)

in the crystal [11].

The synthetic track for the [15N3]-preQ1 base (1) was designed

with the concept in mind to access the complementary 15N

patterns of [15N9]-preQ1 base (2) and [H2
15N(C7')]-preQ1 base

(3) by employing the same key steps. In this sense, the key

intermediate [H2
15N(C6)]-2,6-diaminopyrimidin-4-one (13) for

target 2 was accessible by first synthesizing ethyl [15N]-2-

cyanoacetate (11) from 2-bromoacetic acid (9) and potassium

cyanide [15N]-KCN, followed by esterification (Scheme 3).

Scheme 3: Synthesis of [15N9]-preQ1 base (2). a) [15N]-KCN
(1 equiv), Na2CO3, H2O, pH 9, 80 °C, 3 h, then room temperature,
20 h, 90%. b) Ethanol (5 equiv), H2SO4 cat., reflux, 18 h, 92%.
c) CH3ONa (10 equiv) CH3OH, reflux, 10 h, RP C18 chromatography,
40%. d) NaOAc·3H2O (2 equiv), acetonitrile/water, 40 °C, 4 h, 52%.
e) H2N-NH2·H2O (10 equiv), ethanol, reflux, 14 h, RP C18 chromato-
graphy, 92%. Compound 2 was isolated as salt of trifluoroacetic acid
(TFA).

All further steps were conducted in direct analogy as described

for target 1, namely reaction with guanidine hydrochloride to

furnish compound 13, followed by cyclocondensation with

2-bromo-3-phthalimidopropan-1-al (7) to give the protected

[15N9]-preQ1 base 14 for subsequent deprotection yielding the

desired [15N9]-preQ1 base (2) (Scheme 3).

Also for the third target, [H2
15N(C7')]-preQ1 base (3), our

strategy turn out to be highly convenient. First, we prepared the
15N-labeled aldehyde 18 as the key intermediate (Scheme 4).

This was achieved by reaction of 3-chloropropanol (15) with

[15N]-phthalimide 16 to give [15N]-3-phthalimidopropan-1-ol

(17). All further steps were in direct analogy as described for

targets 1 and 2, namely reaction with 5,5-dibromobarbituric

acid [17] to obtain [15N]-2-bromo-3-phthalimidopropan-1-al

(19), followed by cyclocondensation with commercially avail-

able 2,6-diaminopyrimidin-4-one (20) to give the protected

[15N(C7')]-preQ1 base 21 for subsequent deprotection yielding

the desired [15N(C7')]-preQ1 base (3) (Scheme 4).

Scheme 4: Synthesis of [H2
15N(C7')] preQ1 base (3). a) K2CO3

(1.5 equiv), DMF, 70 °C, 14 h, 47%. b) Dess–Martin periodinane
(1.5 equiv), CH2Cl2, 3 h, room temperature. c) 5,5-dibromobarbituric
acid (0.6 equiv), acetonitrile, reflux, 2 h, 45%. d) NaOAc·3H2O
(2 equiv), acetonitrile/water, 40 °C, 4 h, 58%. e) H2N-NH2·H2O
(10 equiv), ethanol, reflux, 14 h, RP C18 chromatography, 82%. Com-
pound 3 was isolated as salt of trifluoroacetic acid (TFA).

Finally, a direct comparison of 1H NMR spectra of the three
15N labeled preQ1 bases synthesized here is provided in

Figure 1.
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Figure 1: Comparison of 1H NMR spectra of the preQ1 bases 1, 2 and
3 with complementary 15N labeling patterns. Conditions: cpreQ1 base =
1 mM; DMSO-d6, 298 K.

Conclusion
In this short note, an efficient and cost-minimizing route for 15N

labeled preQ1 base derivatives has been described. The syn-

thesis of the pyrrolo[2,3-d]pyrimidine ring system is based on

the cyclocondensation reaction between α-bromoaldehydes and

2,6-diaminopyrimidin-4-ones and utilizes [15N]-KCN, [15N]-

phthalimide, and [15N3]-guanidine for 15N sources to achieve

three complementary labeling patterns that cover all five

nitrogen atoms of preQ1 base. The new derivatives carry the

potential for modern NMR spectroscopic applications to study

the recognition process of these small molecules with RNA

aptamer domains from the three preQ1 riboswitch classes

known to this date [4,5,18].

Experimental
General.Chemical reagents and solvents were purchased from

commercial suppliers (Sigma-Aldrich) and used without further

purification. Organic solvents for reactions were dried overnight

over freshly activated molecular sieves (4 Å). The reactions

were carried out under argon atmosphere. Analytical thin-layer

chromatography (TLC) was carried out on Marchery-Nagel

Polygram SIL G/UV254 plates. Column chromatography was

carried out on silica gel 60 (70–230 mesh). Reversed-phase

column chromatography was performed on a GE Healthcare

Äktaprime system using a commercial Götec-Labortechnik

GmbH 310-25 LiChroprep RP-18 (40–63 µm) column (Merck

Lobar compatible). The LC separation was monitored by ultra-

violet (UV) detection at 280 nm. Solvent systems were as

described below for the individual compounds. 1H and

13C NMR spectra were recorded on Bruker DRX 300 MHz and

Bruker Avance II+ 600 MHz instruments. The chemical shifts

(δ) are reported relative to tetramethylsilane (TMS) and refer-

enced to the residual proton or carbon signal of the deuterated

solvent: CDCl3 (7.26 ppm), DMSO-d6 (2.49 ppm), for 1H NMR

spectra; CDCl3 (77.0 ppm) or DMSO-d6 (39.5 ppm) for
13C NMR spectra. 1H and 13C assignments are based on COSY

and HSQC experiments. MS experiments were performed on a

Bruker 7T FT-ICR instrument with an electrospray ion source.

Samples were analyzed in the positive-ion mode.

[15N1,15N3,H2
15N(C2)]-2,6-Diaminopyrimidin-4(3H)-one

(6). To a solution of methyl cyanoacetate (4, 90 µL, 1.02 mmol)

and [15N3]-guanidine hydrochloride (5, 100 mg, 1.02 mmol) in

methanol (6.6 mL) was added dropwise NaOCH3 (0.53 g,

9.85 mmol) in methanol (4.1 mL). After the addition was

complete, the mixture was refluxed for 10 hours and allowed to

cool to room temperature. The mixture was filtrated, and the

filtrate evaporated to dryness. The residue was redissolved in

water (1 mL) at 90 °C. The yellow solution was then acidified

to pH 6 by acetic acid. The crude product was purified by

reversed-phase (C18) column chromatography (eluent A: water,

eluent B: acetonitrile; 0–15% B in 40 min, 5 mL/min) as eluent

to yield 46 mg of compound 6 (35%) as a yellow solid.
1H NMR (300 MHz, DMSO-d6) δ 4.41 (s, 1H, CH), 5.82 (s,

2H, NH2), 6.70 (d, J = 89.03 Hz, 2H, 15NH2), 7.91 (d, J = 89.51

Hz, 1H, 15NH) ppm.

[15N1,15N3,H2
15N(C2)]-2-[(2-Amino-4,7-dihydro-4-oxo-1H-

pyrrolo[2,3-d]pyrimidin-5-yl)methyl]-1,3-dihydro-2H-isoin-

dole-1,3-dione (8). Compound 6 (46 mg, 0.37 mmol) and

α-bromoaldehyde 7 [15] (100 mg, 0.37 mmol) were suspended

in a mixture of acetonitrile and water (1.6 mL; 1:1). Sodium

acetate trihydrate (97 mg, 0.72 mmol) was added, and the

suspension stirred at 40 °C. After 10 minutes, all solids were

disolved and a yellow solution was obtained which rapidly

turned into a suspension again, indicating that product 8 started

to precipitate. The mixture was stirred for 4 hours, then cooled

to room temperature and filtered. The residue was dried under

reduced pressure to yield 70 mg of compound 8 (63%) as

yellow solid. 1H NMR (300 MHz, DMSO-d6) δ 4.84 (s, 2H,

CH2-N), 6.16 (d, J = 88.96 Hz, 2H, 15NH2-C2), 6.36 (s, 1H,

H-C8), 7.85–7.87 (m, 4H, arom H), 10.42 (d, J = 89.21 Hz, 1H,
15N1-H), 10.81 (s, 1H, NH) ppm.

Trifluoroacetate salt of [15N1,15N3,H2
15N(C2)]-7-(amino-

methyl)-7-deazaguanine (1). Compound 8 (70 mg, 0.22 mmol)

was added to a solution containing hydrazine hydrate (111 µL,

2.2 mmol) and ethanol (3 mL). The mixture was refluxed

overnight and evaporated to dryness. The residue was purified

by reversed-phase (C18) column chromatograpy (eluent A: 1%
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trifluoroacetic acid in H2O; eluent B: acetonitrile; 0–20% B in

50 min, 4 mL/min) to yield 49 mg of compound 1 (75%; calcu-

lated as mono TFA salt) as a light yellow solid. 1H NMR

(300 MHz, DMSO-d6) δ 4.01 (s, 2H,CH2), 6.30 (d, J = 89.1 Hz,

2H, 15NH2-C2), 6.78 (s, 1H, H-C8), 8.18 (s, 3H, NH3
+), 10.82

(d, J = 89.6 Hz, 1H, 15N1-H), 11.20 (s, 1H, NH) ppm;
13C NMR (75 MHz, D2O) δ 34.57 (CH2NH3

+), 98.32 (C7),

110.29 (C5), 113.88 (C2), 118.55 (C8), 141.05 (C4), 150.60

(C6=O), 159.09 (COO−), 162.18 (CF3) ppm; HRMS–ESI m/z:

[M + H]+ calcd for C7H9N2
15N3O, 183.07909; found,

183.07865.

UV spectroscopic analysis of unlabeled 7-(aminomethyl)-7-

deazaguanine (preQ1 base): UV (H2O) λmax (ε) = 218

(13630), 258 (7940) nm. For comparison, see UV spectro-

scopic data and extinction coefficients of 7-deazaguanine,

N9-methyl-7-deazaguanine and preQ1 nucleoside in references

[19-21].

Supporting Information
1H and 13C NMR spectra are provided in Supporting

Information File 1. Synthetic procedures for the syntheses

of compounds 2, 3, 10, 11, 13, 14, 17–19, and 21.

Supporting Information File 1
Synthetic procedures and NMR spectra of the most typical

compounds.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-199-S1.pdf]
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Abstract
Conformational preferences of the pyrrolidine ring in nucleotide analogs 7–14 were investigated by means of NMR and molecular

modeling. The effect of the relative configuration of hydroxy and nucleobase substituents as well as the effect of the alkylation or

acylation of the pyrrolidine nitrogen atom on the conformation of the pyrrolidine ring were studied. The results of a conformational

analysis show that the alkylation/acylation can be effectively used for tuning the pyrrolidine conformation over the whole pseudoro-

tation cycle.

1967

Introduction
Nucleotides, nucleosides and nucleobases play an important

role in all biological systems. Therefore, it is not surprising that

many of their analogs possess interesting biological properties.

Potent antiviral drugs based on phosphonate nucleotides 1a–c

[1,2], 2a–d and 3a–d (Figure 1) have been reported. Prodrugs

of acyclic compounds 1a–c are currently in clinical use for the

treatment of diseases caused by DNA viruses and retroviruses.

Cyclic analogs 2 and 3 were reported to exhibit antiviral activity

against HIV strains [3]. These examples show that the modifica-

tion of the sugar-phosphate moiety in nucleotides is a successful

approach in developing antiviral therapeutics.

Our long-term interest in the synthesis and evaluation of bio-

logical properties of phosphonate azanucleotides has yielded

several potent inhibitors of nucleoside/nucleotide metabolizing

enzymes: thymine derivatives 4 and 11 (Figure 1 and Figure 2)

– inhibitors of thymidine phosphorylase isolated from spontan-

eous lymphoma of SD rats (IC50 = 15 and 11 nM, respectively)

[4], guanine derivative 5 – a potent inhibitor of human purine

nucleoside phosphorylase PNP (Ki = 10 nM) [5], and finally

guanine derivative 6 – exhibiting inhibitory activity against

6-oxopurine phosphoribosyltransferases from Escherichia coli

[6]. These biologically active analogs contain a five-membered

pyrrolidine ring, whose conformation has not been explored so

far.

It is known that the conformation of a five-membered ribose or

deoxyribose ring plays an important role in the nucleoside,

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:pohl@uochb.cas.cz
http://dx.doi.org/10.3762%2Fbjoc.10.205


Beilstein J. Org. Chem. 2014, 10, 1967–1980.

1968

Figure 1: Examples of biologically active acyclic and cyclic nucleotide analogs.

nucleotide and oligonucleotide spatial structure. The con-

formation predefines, for example, the stability of DNA:RNA

duplexes – complexes between oligodeoxyribonucleotide and a

complementary RNA strain [7] or an overall shape of oligonu-

cleotide. It is also well known that the structure of DNA may

alternate between A, B and Z forms depending on the hydration

and the type and concentration of metal ions, which is also

reflected in the conformation of the sugar part. Finally, the con-

formation of ribose or its mimics also significantly predeter-

mines the binding of a nucleoside, nucleotide or an analog

thereof to an active site of a particular enzyme. The knowledge

of the conformation of nucleosides, nucleotides and their

analogs is therefore essential for the understanding or even

prediction of their biological properties.

There are several approaches providing information on the con-

formation of a five-membered ring. Conformational analysis

using vicinal proton–proton scalar couplings (3JHH) of ring

protons obtained from 1H NMR spectra is a traditional and

well-established experimental method. 3JHH encodes informa-

tion on the exocyclic dihedral angle between coupled protons

based on the Karplus relationship [8]. Exocyclic dihedral angles

are in turn in direct relation with endocyclic dihedral angles

between ring atoms defining the conformation of the five-

membered ring based on the pseudorotation concept [9]. This

straightforward approach is complicated by the presence of

more than one rapidly interconverting conformer in solution,

resulting in the observation of averaged experimental 3JHH.

Nevertheless, even these averaged 3JHH can be used for con-

formational analysis by means of the program PSEUROT [10],

which minimizes differences between experimental and calcu-

lated 3JHH, assuming a two-state equilibrium of conformers.

The output of the PSEUROT provides pseudorotation parame-

ters: phase angles (P), the maximum puckering amplitudes

(Φmax) and the relative amounts of individual conformers. The

original PSEUROT program was later complemented with the

program MULDER [11]. Recently, the Matlab Pseudorotation

GUI version of the program has been developed, enabling the

creation of conformational maps [12].

The conformational analysis using PSEUROT-based programs

was originally designed for ribose or deoxyribose, but in

general it can be used for any saturated five-membered ring.

The program PSEUROT was, for example, used in a con-

formational analysis of the prolyl ring in aminoethylprolyl

peptide nucleic acid monomers [13], or in a conformational

analysis of 2’-fluoro-4’-thioarabinothymidine [14]. The perfor-

mance of the Matlab Pseudorotation GUI program was tested

on two 4’-thio-2’deoxynucleoside analogs [12].

In this publication, we present a conformational analysis of

pyrrolidine azanucleotide analogs 7–14 containing thymine and

adenine as examples of pyrimidine and purine nucleobases, res-

pectively (Figure 2), and show how the conformation is affected

by the mode of the phosphonate moiety attachment to the pyrro-

lidine ring. Particularly, we show that the alkylation or acyla-

tion (an amine or an amide bond formation) of the pyrrolidine

nitrogen atom can be used for a simple but effective tuning of

pyrrolidine-ring conformation in compounds 7–14.

Results and Discussion
Chemistry
Phosphonomethyl derivatives 7–10 were prepared from pyrroli-

dine azanucleosides 15a–d [5,15] via a Mannich-type reaction

with diisopropyl phosphite and aqueous formaldehyde at

elevated temperature in good yields (Scheme 1). The obtained
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Figure 2: The pyrrolidine nucleotide analogs investigated in this study.

Scheme 1: The synthesis of pyrrolidine nucleotides 7–14.

diisopropyl esters 17a–d were deprotected by treatment with

trimethylsilyl bromide in acetonitrile at room temperature.

Phosphonoformyl derivatives 11–14 were prepared from 15a–d

by the reaction with diisopropyl phenylphosphonoformate (16)

at elevated temperature in good yields. The obtained diiso-

propyl esters 18a–d were deprotected by treatment with

trimethylsilyl bromide in acetonitrile at room temperature.

NMR and conformational analysis
Phosphonomethyl 7–10 and phosphonoformyl 11–14 analogs

were characterized by 1H, 13C and 31P NMR. The NMR spectra

were acquired using 50 mM solutions of the studied com-

pounds in D2O and all resonances were assigned based on H,H-

COSY, H,H-ROESY, H,C-HSQC and H,C-HMBC experi-

ments (for a complete signal assignment and copies of NMR

spectra, see Supporting Information File 1). The numbering of
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Figure 5: Changes of selected 1H and 13C chemical shifts of 9 upon pD change.

the pyrrolidine ring, the nucleobase and the endocyclic phase

angles Φ0–Φ4 for the purposes of the conformational analysis is

shown in Figure 3. There are fundamental differences in the

NMR spectra of phosphonomethyl and phosphonoformyl

derivatives, which will be commented on in detail in the

following paragraphs.

Figure 3: The numbering of the pyrrolidine ring, the nucleobase and
the endocyclic phase angles for the purposes of the conformational
analysis.

NMR study of phosphonomethyl derivatives
Phosphonomethyl derivatives 7–10 contain both basic (pyrroli-

dine) and acidic (phosphonic acid) functionalities. Therefore,

several protonation/deprotonation transitions are expected to

take place when scanning a pH scale. In order to determine

these transitions, we measured NMR spectra of 7–10 at

different pD values using D2O solutions of DCl or NaOD for

decreasing or increasing pD, respectively. We found that the

NMR spectra of 7–10 are strongly pD-dependent as demon-

strated for example on the 1H NMR spectrum of adenine deriva-

tive 9 (Figure 4).

Figure 4: The aliphatic part (pyrrolidine protons) of the 1H NMR
spectra of 9 measured in D2O at different pD values.

As follows from pD titrations (Figure 5; for more details see

Supporting Information File 1), phosphonomethyl analogs

7–10, both cis (8, 10) and trans (7, 9), exist at a very low pD

value (<3) as free phosphonic acids with a deuterated pyrroli-

dine nitrogen atom (Figure 6). The phosphonic acid moiety goes

through a two-stage deuteration/dedeuteration transition at

pD ~ 3 and 5 and the pyrrolidine nitrogen atom stays deuter-

ated until pD ~ 9. This suggests that the compounds exist as

zwitterions with a hydrogen bond between the negatively

charged phosphonate moiety and the positively charged pyrroli-

dine nitrogen atom in the range of pD 3–9. The pD titration

experiments have also revealed the deuteration/dedeuteration of

adenine and thymine nucleobases. In agreement with the data

reported [16,17], adenine becomes deuterated predominantly on
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Figure 6: The deuteration equilibria of phosphonomethyl derivatives 7–10.

N-1 at pD ~ 3 while thymine releases its deuterium at N-3 at

pD ~ 10.5 and becomes negatively charged. Typically, a pD

value of 5.7–6.9 was reached when 50 mM solutions of 7–10 in

D2O were prepared for the NMR measurement, which indicates

that isolated compounds are in the form of the monosodium

monozwitterionic salt.

The orientation of the phosphonomethyl moiety relative to the

nucleobase in the zwitterionic form could be theoretically

deduced from the H,H-ROESY spectra. In real spectra,

however, protons from CH2PO(OH)2 provide NOE contacts to

protons on both sides of the pyrrolidine ring, suggesting an

exchange of deuterium connected to the pyrrolidine nitrogen.

NMR study of phosphonoformyl derivatives
In contrast to 7–10, an amidic pyrrolidine nitrogen atom in

phosphonoformyl derivatives 11–14 is not involved in protona-

tion/deprotonation transitions. Only negligible changes of 1H

chemical shifts were observed when the pD value of the solu-

tion was changed as demonstrated in the example of compound

13 (Figure 7).

Indeed, the reason is the delocalization of the lone electron pair

on the pyrrolidine nitrogen atom by resonance. This brings, in

addition to the lack of basicity, the existence of two amide

rotamers A and B (Figure 8), which can be observed in NMR

spectra as two sets of signals. The ratio of A:B is about 1:1 with

a slight excess of rotamer B (see the Experimental and

Supporting Information File 1).

The existence of the two rotamers prompted us to estimate the

energy barrier of their interconversion. We therefore performed

variable 31P NMR measurements of 14 at different tempera-

tures (starting at 25 °C with a 10 °C step, with the last measure-

ment taken at 100 °C) and a line-shape analysis of an uncou-

Figure 7: The aliphatic part (pyrrolidine protons) of the 1H NMR
spectra of 13 measured in D2O at different pD values.

Figure 8: Amide rotamers of phosphonoformyl derivatives 11–14.

pled, exchanging two-site 31P system (Figure 9). This enabled

us to obtain the rate constants of the exchange at different

temperatures and estimate the activation parameters of the inter-

conversion such as the Gibbs free energy of activation ΔG‡
298 =

80.7 kJ/mol; the enthalpy of activation ΔH‡ = 23.8 kJ/mol; and

the entropy of activation ΔS‡ = −190.6 J/(K·mol) (for details,
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Figure 10: A part of the H,C-HSQC spectrum of derivative 13, showing the assignment of rotamers A and B.

see Supporting Information File 1). The relatively low value of

ΔG‡
298 = 80.7 kJ/mol implies that the preparative isolation of

the individual rotamers A and B at room temperature would not

be possible.

Figure 9: The 31P NMR spectra (202.3 MHz) of 14 measured (the
black curve) and simulated (the red curve) at various temperatures.

For the purposes of conformational analysis, it was necessary to

assign correctly the NMR signals of the individual conformers.

We noticed that only one of the C-2’ or C-5’ signals in the par-

ticular rotamer is split in the 13C NMR spectrum due to 3J(C,P)

spin–spin interaction. In harmony with the general dependence

of the vicinal coupling constant on the dihedral angle according

to the well-known Karplus relationship, one would expect the
3J(C,P) of the carbon in the trans arrangement to the phos-

phorus atom to evince larger splitting than the other arranged in

the cis arrangement. Thus, 3J(C2’,P) > 3J(C5’,P) in rotamer A

and 3J(C5’,P) > 3J(C2’,P) in rotamer B should be observed. In

order to support this assumption, we calculated 3J(C,P) of the

most stable conformers (see the chapter Conformational

analysis) of the adenine derivatives 13 and 14 for both A and B

rotamers using the DFT B3LYP/6-31++G* method. The results

summarized in Table 1 show a good agreement of the calcu-

lated and experimental values, confirming correct assignment of

the rotamers (Figure 10).

Table 1: The comparison of the observed and calculated (in paren-
theses) 3J(C2’,P) and 3J(C5’,P) for rotamers 13A,B and 14A,B.

Rotamer 3J(C2’,P) 3J(C5’,P)

13A 4.6 (3.8) 0 (−0.8)
13B 0 (−0.3) 4.9 (4.8)
14A 4.5 (4.2) 0 (−0.8)
14B 0 (−0.3) 4.9 (4.8)

Conformational analysis
The geometry of the pyrrolidine ring in the compounds studied

can occupy various envelope (E) and twisted (T) conformations

as depicted in Figure 11. The particular conformation is
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Figure 11: The pseudorotation pathway of the pyrrolidine ring in the compounds studied. The sign B stands for a nucleobase (thymin-1-yl or adenin-
9-yl) and R means a phosphonomethyl or phosphonoformyl moiety.

described by two pseudorotation parameters: by the phase angle

(P) and by the maximum puckering amplitude (Φmax) [9]. The

phase angle is a periodic variable indicating which ring atoms

are situated outside the ring plane and can reach 0°–360°. The

maximum puckering amplitude describes the degree of dis-

tortion of the five-membered ring out of the plane and its value

is usually in the range of 35°–45°.

Conformational analysis using experimental vicinal 1H–1H

scalar coupling constants (3JHH) together with PSEUROT-

based programs is aimed at fitting the calculated 3JHH to experi-

mental values assuming a two-state conformation equilibrium.

In this study, we used the Matlab Pseudorotation GUI program

[12] to perform this task. The program requires several input

parameters that include experimental 3JHH and constants A and

B, describing the relation between exocyclic Φexo (related to
3JHH) and endocyclic Φendo (related to P and Φmax) dihedral

angles (Φexo = AΦendo + B).

The values of 3JHH (Table 2) were extracted from the 1H NMR

spectra, in which the signals were stereospecifically assigned

based on ROESY cross-peaks as demonstrated on the example

of compound 14 in Figure 12.

The parameters A and B for the five-membered ribose and

deoxyribose ring had been traditionally obtained from X-ray

data [18]. In the case of a five-membered ring for which X-ray

data are not available, DFT-optimized geometries of a number

of conformations are used [19]. This molecular modeling ap-

proach was also employed in the case of the studied com-
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Figure 12: An example of the stereospecific assignment of pyrrolidine-ring protons of 14 in the H,H-ROESY spectrum.

Table 2: The 3JHH of the pyrrolidine-ring protons used in the con-
formational analysis.

2’,3’ 2”,3’ 3’,4’ 4’,5’ 4’,5”

7 6.9 6.4 4.1 5.6 9.1
8 2.0 5.2 6.0 6.9 9.4
9 6.5 5.1 3.0 4.4 7.3

10 3.5 6.1 6.2 5.0 7.9
11A 6.8 4.8 5.4 6.2 7.7
11B 6.1 5.7 5.5 6.1 8.5
12A 2.1 5.2 4.5 9.5 8.1
12B 3.3 4.8 4.6 8.5 8.5
13A 6.1 4.1 4.5 5.6 6.3
13B 5.8 5.2 5.3 5.5 7.8
14A 2.1 5.1 4.2 9.2 7.6
14B 3.5 4.6 4.3 8.3 8.2

pounds 7–14. We performed the ring parameterization for

adenine derivatives 9, 10, 13 and 14 (see Supporting Informa-

tion File 1 for details) and assumed that replacing adenine for

thymine as a nucleobase would not dramatically affect the

constants A and B.

The results of the conformational analysis obtained using the

Matlab Pseudorotation GUI program are summarized in

Table 3. Instead of presenting the pseudorotation parameters P

and Φmax in numbers, we rather present the pseudorotation

maps generated by the program in which the contour plots indi-

cate the root-mean-square-deviation between the fitted and

experimental 3JHH. These conformation maps provide a more

realistic view of the conformational behavior of compounds

7–14 than a single numeric value for P and Φmax.

The pseudorotation maps reveal the effect of the substitution of

the pyrrolidine ring on its conformation. The conformation of

phosphonomethyl derivatives 7 and 9 with trans configuration

on 3’ and 4’ carbon atoms tends to occupy mainly (~60%) the
1T2 or 1E conformation in an equilibrium with the less popu-

lated (~40%) 1E conformer. This equilibrium is significantly

shifted in the case of cis derivatives 8 and 10 towards the 2T3

conformation (>80%) due to the steric hindrance of 3’ and 4’

substituents, where the nucleobase occupies predominantly the

pseudo-equatorial position. There is an obvious contrast

between minor conformations of 8 and 10, which might be

caused by hydrogen bonding between the 3’-OH group and the

4’-nucleobase substituent.
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Table 3: The results of the conformational analysis.

Analog Pseudorotation mapa Conformer populationb Conformation preferencesc

7

8

9

10

A similar effect in the conformer populations was observed for

phosphonoformyl derivatives. While trans derivatives 11 and

13 exist as an about 1:1 equilibrium mixture of 3T4 and 3T4

conformations, cis derivatives 12 and 14 prefer (>80%) the 3T4

conformation. The orientation of the phosphonoformyl moiety

(rotamers A and B) has a negligible effect on the conformation

of the pyrrolidine ring; therefore, only conformation maps for

rotamer A are presented in Table 3. The effect of the alkylation
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Table 3: The results of the conformational analysis. (continued)

11A

12A

13A

14A

aThe contour lines indicate the total RMSD of the fit. bThe contour lines indicate the percentage of the conformation present in the best fit. The thicker
black line is the outer contour line of the two dominant conformations from the second column of the table. cA graphical illustration of the conforma-
tions obtained from the pseudorotation maps.

or acylation of the pyrrolidine nitrogen is also fairly visible in

the pseudorotation maps. Phosphonoformyl derivatives 11–14

keep the conformation of the pyrrolidine ring in narrow

northern (P ~ 0°) and southern (P ~ 180°) regions, which arises

from the plane arrangement of the C2’–N1’–C5’ fragment of

the pyrrolidine ring (minor conformers of cis derivatives 12A

and 14A do not follow this trend). In contrast to that, the con-

formation of the pyrrolidine ring in phosphonomethyl deriva-

tives 7–10 is more flexible and rather occupies the eastern and

western segments of the pseudorotation wheel, reacting sensi-
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Figure 14: The most stable conformations of adenine derivatives 9 and 13A calculated by the B3LYP/6-31++G* method in water (CPCM).

tively to the hydrogen bonding between the 3’-OH group and

the 4’-nucleobase substituent.

In order to supplement our experimental observation, we calcu-

lated the energy profile of the five-membered pyrrolidine ring

pseudorotation for adenine derivatives 9 and 13. We generated

20 conformers covering the whole pseudorotation pathway in

18-degree steps with constant maximum puckering amplitude of

40 degrees. For each conformer, the endocyclic torsion angles

Φ0 and Φ3 were kept fixed and the geometry of the molecule

was optimized using the DFT B3LYP/6-31G* method in vacuo.

Predominant conformations can be found as the energy minima

by plotting the calculated energy against phase angle P

(Figure 13). The curves in Figure 13 proved a two-state equilib-

rium used as a prerequisite in PSEUROT-based programs and

known for furanose conformation in natural nucleosides and

nucleotides.

The two energy minima were then fully optimized by B3LYP/

6-31++G* in water (the CPCM model). The optimized confor-

mations were compared with those obtained by conformational

Figure 13: The energy profile of the five-membered pyrrolidine ring
pseudorotation for adenine derivatives 9 and 13.

analysis using 3JHH and the results showed a good agreement of

the molecular modeling and the experiment (cf. Table 3 and

Figure 14).
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Conclusion
In summary, we presented an NMR and DFT conformational

analysis of pyrrolidine nucleotide analogs bearing phospho-

nomethyl or phosphonoformyl substituents attached to the

pyrrolidine nitrogen atom. The mode of the phosphonate moiety

attachment to the pyrrolidine ring results in tuning the con-

formation of the five-membered pyrrolidine ring over the whole

pseudorotation wheel. While phosphonoformyl derivatives

11–14 keep the conformation of the pyrrolidine ring in narrow

northern (P ~ 0°) and southern (P ~ 180°) regions, which arises

from the plane arrangement of the C2’–N1’–C5’ fragment of

the pyrrolidine ring, the conformation of phosphonomethyl

derivatives 7–10 is more flexible and rather occupies the eastern

and western segment of the pseudorotation wheel. In general,

this simple yet effective tuning of the pyrrolidine-ring con-

formation can be used for a number of other pyrrolidine deriva-

tives.

Experimental
Chemistry
Phosphonoalkyl derivatives 7–10 were prepared according to

the procedures described in [20] while thymine carbonylphos-

phonic acids 11 and 12 were prepared according to the pro-

cedures described in [4]. Unless stated otherwise, all solvents

used were anhydrous. TLC was performed on TLC plates

precoated with silica gel (silica gel/TLC-cards, UV 254,

Merck). The compounds were detected using UV light

(254 nm), by spraying with 1% ethanolic solution of ninhy-

drine to visualize amines, or by spraying with a 1% solution of

4-(4-nitrobenzyl)pyridine in ethanol, followed by heating and

treatment with gaseous ammonia (for the detection of alky-

lating agents, such as dialkyl phosphonates; blue color). The

course of the reactions and the purity of the prepared com-

pounds were determined by LC–MS using a Waters AutoPurifi-

cation System with a 2545 Quaternary Gradient Module and a

3100 Single Quadrupole Mass Detector using a Luna C18

column (100 × 4.6 mm, 3 µm, Phenomenex) at a flow rate of

1 mL/min. The following mobile phase was used, where A, B,

and C represent 50 mM NH4HCO3, 50 mM NH4HCO3 in 50%

aq CH3CN, and CH3CN, respectively: A→B over 10 min,

B→C over 10 min and C for 5 min. Preparative RP HPLC was

performed on an LC5000 Liquid Chromatograph (INGOS-

PIKRON, CR) using a Luna C18 (2) column (250 × 21.2 mm,

5 µm) at a flow rate of 10 mL/min. A gradient elution of

methanol in pH 7.5 0.1 M TEAB (A, 0.1 M TEAB; B, 0.1 M

TEAB in 50% aq methanol; C, methanol) was used. All final

compounds were lyophilized. Mass spectra were collected on an

LTQ Orbitrap XL (Thermo Fisher Scientific) using ESI ioniza-

tion. The pD titrations were performed on pH meter IQ150

Scientific Instruments equipped with a pH probe PH47-SS.

NMR spectra were acquired in D2O on a Bruker AVANCE 600

(1H at 600.1 MHz and 13C at 150.9 MHz), Bruker AVANCE

500 (1H at 499.8 MHz, 13C at 125.7 MHz and 31P at

202.3 MHz) and/or Bruker AVANCE 400 (1H at 400.0 MHz,
13C at 100.6 MHz and 31P at 162.0 MHz) NMR spectrometers.

Chemical shifts (in ppm, δ scale) were referenced to the 1,4-

dioxane signal (3.75 ppm for 1H and 69.3 ppm for 13C) as an

internal or external standard. 31P NMR spectra were referenced

to H3PO4 (0 ppm) as an external standard. Coupling constants

(J) are given in Hz. The complete assignment of 1H and 13C

signals was performed by an analysis of the correlated homonu-

clear H,H-COSY, H,H-ROESY and heteronuclear H,C-HSQC

and H,C-HMBC spectra.

Calculations
All calculations were carried out using the Gaussian 09 soft-

ware package [21]. DFT calculations were performed using

Becke3-LYP [22,23] with 6-31G* basis set for a fixed con-

formation geometry in the calculation of the energy profile

(Figure 13) or 6-31++G* basis set for full geometry optimiza-

tions. The full geometry optimizations were carried out using

conductor-like polarizable continuum model (CPCM) [24].

General method 1: Synthesis of phosphonoacyl
derivatives (13 and 14)
General method 1 followed the similar procedure described

previously [6]. The mixture of pyrrolidine nucleosides 15a,b

[15] (1 mmol) and diisopropyl phenylphosphonoformiate

(1.2 mmol) in DMF (10 mL) was stirred at 80 °C for 1 h (the

course of the reaction was followed by TLC using the solvent

system H1 (EtOAc/acetone/EtOH/H2O 4:1:1:1) or LC–MS).

The reaction mixture was concentrated in vacuo and the inter-

mediate 18a,b was obtained in a pure form by chromatography

on silica gel using a linear gradient of H1 in ethyl acetate. The

intermediate 18a,b (1 mmol) was dissolved in acetonitrile

(10 mL) and bromotrimethylsilane (5 mmol) was added under

argon atmosphere. The reaction mixture was stirred overnight at

room temperature under argon atmosphere. The reaction mix-

ture was concentrated in vacuo, dissolved in 0.5 M aqueous

TEAB (5 mL) and evaporated. The final product was obtained

by preparative HPLC, converted to its sodium salt by passing

through a column of Dowex 50 in a Na+ form (10 mL/mmol)

and lyophilized from water.

(3R,4R)-4-(Adenin-9-yl)-3-hydroxypyrrolidin-1-N-
ylcarbonylphosphonic acid (13)
The title compound was prepared according to general method

1 from pyrrolidine nucleoside 15a (0.08 g, 0.36 mmol) in 56%

overall yield (75.2 mg, 0.2 mmol) in the form of a white amor-

phous solid. HRMS–ESI: [M + H]+ calcd for C10H13O5N6NaP,

351.05736; found, 351.05728. The NMR spectra showed a

10:11 mixture of rotamers A:B. Rotamer A: 1H NMR
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(600.1 MHz, D2O, T = 25 °C, pD = 6.1) 3.54 (dddd, Jgem =

13.6, J2",3' = 4.1, JH,P = 1.9, J2",5" = 0.9, 1H, H-2"), 3.83 (ddd,

Jgem = 13.6, J2',3' = 6.1, JH,P = 1.9, 1H, H-2'), 4.55 (ddd, Jgem =

13.0, J5',4' = 5.6, J5',3' = 0.9, 1H, H-5'), 4.57 (ddd, Jgem = 13.0,

J5",4' = 6.3, J5",2" = 0.9, 1H, H-5"), 4.73 (dddd, J3',2' = 6.1, J3',4'

= 4.5, J3',2" = 4.1, J3',5' = 0.9, 1H, H-3'), 5.01 (ddd, J4',5" = 6.3,

J4',5' = 5.6, J4',3' = 4.5, 1H, H-4'), 8.134 (s, 1H, H-8), 8.151 (s,

1H, H-2); 13C NMR (150.9 MHz, D2O, T = 25 °C, pD = 6.1)

51.65 (C-5'), 53.11 (d, JC,P = 4.6, C-2'), 62.87 (C-4'), 73.75

(C-3'), 121.29 (C-5), 142.56 (C-8), 151.58 (C-4), 154.92 (C-2),

157.98 (C-6), 179.15 (d, JC,P = 197.5, P-CO); 31P{1H} NMR

(202.3 MHz, D2O, T = 25 °C, pD = 6.1) −2.25. Rotamer B:
1H NMR (600.1 MHz, D2O, T = 25 °C, pD = 6.1) 3.95 (dd,

Jgem = 12.6, J2",3' = 5.2, 1H, H-2"), 4.01 (ddd, Jgem = 13.6, J5',4'

= 5.5, JH,P = 1.9, 1H, H-5'), 4.19 (ddd, Jgem = 13.6, J5",4' = 7.8,

JH,P = 2.0, 1H, H-5"), 4.31 (ddd, Jgem = 12.6, J2',3' = 5.8, J2',5' =

0.8, 1H, H-2'), 4.76 (ddd, J3',2' = 5.8, J3',4' = 5.3, J3',2" = 5.2, 1H,

H-3'), 4.99 (ddd, J4',5" = 7.8, J4',5' = 5.5, J4',3' = 5.3, 1H, H-4'),

8.130 (s, 1H, H-8), 8.149 (s, 1H, H-2); 13C NMR (150.9 MHz,

D2O, T = 25 °C, pD = 6.1) 50.23 (d, JC,P = 4.9, C-5'), 54.64

(C-2'), 60.88 (C-4'), 75.44 (C-3'), 121.29 (C-5), 142.73 (C-8),

151.62 (C-4), 154.95 (C-2), 158.00 (C-6), 179.24 (d, JC,P =

197.0, P-CO); 31P{1H} NMR (202.3 MHz, D2O, T = 25 °C, pD

= 6.1) −2.23.

(3S,4R)-4-(Adenin-9-yl)-3-hydroxypyrrolidin-1-N-
ylcarbonylphosphonic acid (14)
The title compound was prepared according to general method

1 from pyrrolidine nucleoside 15b (0.19 g, 0.86 mmol) in 28%

overall yield (91 mg, 0.25 mmol) in the form of a white amor-

phous solid. HRMS–ESI: [M + H]+ calcd for C10H13O5N6NaP,

351.05736; found, 351.05773. The NMR spectra showed a

10:11 mixture of rotamers A:B. Rotamer A: 1H NMR

(600.1 MHz, D2O, T = 25 °C, pD = 5.9) 3.65 (dt, Jgem = 13.7,

J2',3' = JH,P = 2.1, 1H, H-2'), 3.90 (ddd, Jgem = 13.7, J2",3' = 5.1,

JH,P = 1.9, 1H, H-2"), 4.41 (dd, Jgem = 11.6, J5',4' = 9.2, 1H,

H-5'), 4.66 (dd, Jgem = 11.6, J5",4' = 7.6, 1H, H-5"), 4.693 (ddd,

J3',2" = 5.1, J3',4' = 4.2, J3',2' = 2.1, 1H, H-3'), 5.19 (ddd, J4',5' =

9.2, J4',5" = 7.6, J4',3' = 4.2, 1H, H-4'), 8.158 (s, 1H, H-2), 8.262

(s, 1H, H-8); 13C NMR (150.9 MHz, D2O, T = 25 °C, pD = 5.9)

50.18 (C-5'), 54.30 (d, JC,P = 4.5, C-2'), 58.95 (C-4'), 70.35

(C-3'), 120.80 (C-5), 143.65 (C-8), 151.93 (C-4), 154.89 (C-2),

157.95 (C-6), 178.88 (d, JC,P = 198.3, P-CO); 31P{1H} NMR

(202.3 MHz, D2O, T = 25 °C, pD = 5.9) −2.21. Rotamer B:
1H NMR (600.1 MHz, D2O, T = 25 °C, pD = 5.9) 4.04 (ddd,

Jgem = 12.8, J5',4' = 8.3, JH,P = 1.9, 1H, H-5'), 4.14 (dd, Jgem =

13.0, J2',3' = 3.5, 1H, H-2'), 4.18 (ddd, Jgem = 12.8, J5",4' = 8.2,

JH,P = 1.8, 1H, H-5"), 4.20 (dd, Jgem = 12.6, J2",3' = 4.6, 1H,

H-2"), 4.698 (ddd, J3',2" = 4.6, J3',4' = 4.3, J3',2' = 3.5, 1H, H-3'),

5.21 (ddd, J4',5' = 8.3, J4',5" = 8.2, J4',3' = 4.3, 1H, H-4'), 8.163

(s, 1H, H-2), 8.261 (s, 1H, H-8); 13C NMR (150.9 MHz, D2O, T

= 25 °C, pD = 5.9) 49.06 (d, JC,P = 5.2, C-5'), 55.63 (C-2'),

57.39 (C-4'), 72.34 (C-3'), 120.82 (C-5), 143.66 (C-8), 152.04

(C-4), 154.90 (C-2), 157.95 (C-6), 178.91 (d, JC,P = 197.9,

P-CO); 31P{1H} NMR (202.3 MHz, D2O, T = 25 °C, pD = 5.9)

−2.30.

Supporting Information
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Abstract
IsoGNA, an isomer of glycerol nucleic acid GNA, is a flexible (acyclic) nucleic acid with bases directly attached to its linear back-

bone. IsoGNA exhibits (limited) base-pairing properties which are unique compared to other known flexible nucleic acids. Herein,

we report on the details of the preparation of isoGNA phosphoramidites and an alternative route for the synthesis of the adenine

derivative. The synthetic improvements described here enable an easy access to isoGNA and allows for the further exploration of

this structural unit in oligonucleotide chemistry thereby spurring investigations of its usefulness and applicability.
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Introduction
Acyclic nucleic acids have garnered a lot of attention and are

becoming an important component in nucleic acid chemistry

[1-3]. Lately, there has been an explosion in the number of

investigated candidates [4-7]. We have recently reported on the

base-pairing properties of isoGNA, an isomer of glycerol

derived nucleic acid (Figure 1) [8]. Our motivation was driven

by the question “how structurally simple and minimal can an

oligonucleotide be and still exhibit base-pairing?” When we

studied isoGNA we were surprised to find that the base-pairing

properties were unpredictably different from other closely

related acyclic nucleic acids [8]. This indicated that the nature

of the backbone exerts a strong influence on the disposition of

the nucleobases, and there seems to be no straightforward corre-

lation between the nature of the backbone and base-pairing

properties [9].

We are continuing our investigation of isoGNA oligonu-

cleotides within the context of chimeric sequences and collabo-

rative intercalation studies and thus have a continuing need for

the synthesis of isoGNA building blocks. While iso-glycerol

nucleosides are known [10-15], the published synthetic routes

and efficiencies of these vary widely and primarily depend on

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:rkrishna@scripps.edu
http://dx.doi.org/10.3762%2Fbjoc.10.220
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Figure 1: A constitutional and conformational (idealized) representation of isoGNA, an isomer of glycerol nucleic acid.

Scheme 1: Initial routes towards the synthesis of iso-glycerol nucleosides.

the nature of the nucleobase. Herein, we detail our synthetic

efforts and the current improvements for the synthesis of all

four isoGNA nucleosides and their phosphoramidites.

Results and Discussion
Initial synthetic routes
We started with commercially available (S)-solketal (1), which

was protected as the benzyl ether 2. Ketal deprotection fol-

lowed by the silylation of the primary hydroxy group with tert-

butyldiphenylsilyl chloride provided the substrate 4, which is

suitable for the introduction of the canonical nucleobases by a

SN2 displacement reaction. At this point, we chose the

Mitsunobu reaction (Scheme 1), which has been widely

employed [16]. The reaction with the N3-benzoyl protected

thymine delivered 5 in good yield. However, the reaction with

N6-benzoyladenine proved problematic and no product was

detected. Therefore, in the adenine case, we tried a direct SN2

reaction of N6-benzoyladenine with tosyl derivative 6, which

was only moderately successful (30% yield of 7). Unexpect-

edly, in both the thymine and adenine cases, the subsequent

debenzylation reaction failed under a variety of conditions (H2,

10% Pd/C, MeOH or EtOAc; Pd/C, DMF, cyclohexadiene; 10%

Pd/C, NH4HCOO, acetone, reflux; 10% Pd-black, DMF, cyclo-

hexadiene; (CH3)3SiI, CHCl3, 25 °C), for reasons that were not

obvious to us. Consequently, we abandoned this approach and

pursued a different protecting group approach.

We silylated 1 to afford 8 whose ketal was deprotected fol-

lowed by tritylation to give the derivative 10, which is expected

to be suited for the introduction of nucleobases by an SN2 reac-

tion (Scheme 2). Once again, the Mitsunobu reaction with

thymine proceeded smoothly. However, the reaction with



Beilstein J. Org. Chem. 2014, 10, 2131–2138.

2133

Scheme 2: Preparation of thymine and adenine containing phosphoramidites of isoGNA.

N6-benzoyladenine proved problematic and did not proceed

even with the tosyl derivative 14. The solubility issues with

benzoylated adenine and the bulk of the O-TBDPS group may

be the underlying reasons behind this difficulty. Therefore, we

proposed to use a doubly N6-protected adenine, the N6-benzoyl-

Boc derivative 16, which was synthesized starting from

N6-benzoyladenine in two steps. N6-Benzoyladenine was

treated with 2.6 equiv (Boc)2O to afford N6-benzoyl-N6,N9-di-

Boc-adenine 15; sat. aq NaHCO3/MeOH (1:2) conditions

cleaved the N9-Boc group of 15 specifically [17,18] to yield 16.
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Scheme 3: Preparation of guanine- and cytosine-containing phosphoramidites of isoGNA.

The use of 16 in the subsequent Mitsunobu reaction afforded

68% of the desired product 17. With derivatives 11 and 17 in

hand we proceeded to prepare the corresponding phosphor-

amidite derivatives 13 and 19, respectively, under standard

conditions as outlined in Scheme 2.

We proceeded to prepare the cytosine- and guanine-containing

phosphoramidite by using the tritylated intermediate 10 as the

starting point (Scheme 3). In the cytosine series we found that

the normal N4-benzoyl or N4-acetyl protected cytosine did not

give satisfactory yields under the Mitsunobu conditions. The

best yields were achieved with N4-isobutyrylcytosine as the

nucleophile [19-21]. In the guanine series, the N2-isobutyryl,

O6-diphenylcarbamoyl protected guanine worked well

(Scheme 3) [22].

With all the four phosphoramidites in hand we proceeded to the

automated synthesis of the oligomers, which proceeded

smoothly with ≥95% coupling efficiency as determined by trityl

assays. It was at the stage of the removal of the protecting

groups to afford the free oligos that we encountered a severe

problem with the adenine derivative. While the aqueous

ammonia/methylamine base deprotection removed all base

labile protecting groups (acetate, isobutyrate, diphenylcar-

bamoyl groups), the N6-Boc protecting group on adenine was

impervious. We tried different acidic conditions (trifluoroacetic

acid, acetic acid with heat, AlCl3 [23-25]), but all of these

conditions started to degrade the oligomer without completely

removing the tert-Boc group (as seen by MALDI–TOF mass

spectral data in combination with ion-exchange HPLC moni-

toring) [8].
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Scheme 4: Preparation of adenine containing phosphoramidite of isoGNA.

Improved synthesis of adenine-isoGNA
building block
We went back in our synthesis in order to address the adenine

protecting group problem and to re-work the inefficient

Mitsunobu reaction of N6-benzoyladenine. We explored various

conditions (different solvents, temperature etc.) and found that

the sonication [26] of the reaction mixture by using N6-benzoyl-

adenine in anhydrous dioxane led to respectable yields

(34–36%) of 26 accompanied by a (unidentified) byproduct

(Scheme 4). Without sonication no product 26 was formed (by

TLC).

However, the yield of the sonication reaction varied capri-

ciously and the isolation of the compound was complicated by

interference from the DEAD side-products during column

chromatographic purification. We did manage to get enough

amounts of 26 to prepare the phosphoramidite 28, and

proceeded with the oligomer synthesis for our studies.

However, this was far from satisfactory, and the continued

demand for isoGNA oligomers within our group and our collab-

orative work prompted us to look for an improvement of the

preparation of the adenine building block. Considering the

possible reasons for the inefficient reaction of the protected

adenine derivatives in the Mitsunobu reaction, we focused on

the modification of adenine in order to improve its solubility.

We considered three different derivatives of adenine based on

increased solubility: 6-chloroadenine has been utilized to over-

come the solubility and regioselectivity (N7 versus N9 nucleosi-

dation) issues. Yet, the conversion of the chloro to the NH2

group is not efficient enough to consider this option an attrac-

tive one [27]. The second option was the N6,N6-dibenzoylade-

nine derivative, but this compound was found to be highly

unstable for isolation and handling (one of the N6-benzoyl

group falls off very easily). The third option was the use of the

N6,N6-di-Boc-adenine derivative, even though this entails the

difficulty in removing these Boc groups, which are incompat-

ible with the oligonucleotide backbone. Therefore, we consid-
Scheme 5: Mitsunobu reaction with the di-Boc-adenine.

ered the option of removing these Boc groups after the

Mitsunobu reaction is performed, and to introduce the

N6-benzoyl group before the oligo stage.

The Schneller group has reported that N6-amino-di-Boc-

protected adenine undergoes an efficient reaction under classic

Mitsunobu conditions as a result of its increased solubility [28].

The regioselective attack at the N9-position is a consequence of

the steric bulk of the di-Boc protection at the N6-position, which

renders the N7-position inaccessible. As expected, a high yield

was observed under mild conditions with substrates containing

a secondary alcohol [28].

Di-Boc protected adenine was readily prepared via protection

and followed by selective deprotection according to a literature

procedure [17,18]. The Mitsunobu reaction between the di-Boc-

adenine and 10 was investigated, and it was found that dioxane

as a solvent almost doubled the yield (74%) compared to THF

(36%; Scheme 5). Interestingly, sonication afforded no tangible

advantage. Doubling the amount of DIAD or di-Boc-adenine or

PPh3 did not give increased yields. The desired product 29 was

easily purified on silica gel due to its lower polarity (when

compared with the N6-benzoyladenine reaction).

Initially, we tried to simultaneously deprotect both Boc groups

and the TBDPS group in the presence of TBAF in a one-pot
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Scheme 6: An attempt to remove both Boc and silyl groups simultaneously.

Table 1: Result of Boc deprotection of 29 with TFA.

Entry Ratio of TFA (%) Temp.a Time (h) Ratio (%)b
(31:32:33)

Yield

1 20 0 °C to rt 4 0:33:66 –
2 50 0 °C to 4 °C 2 0:20:80 –

4 0:0:100 –
3c 50 0 °C to rt 2 0:0:100 87%

aTFA (99%) was added under ice-bath (−2 to 2 °C) cooling. bThe ratio is roughly calculated by the intensity of visualized spots on TLC by UV lamp.
cThis reaction was performed on a large scale.

reaction [29]. However, only the TBDPS group was removed

and a quantitative amount of mono-protected compound 30 was

produced (Scheme 6). The fluoride ion was not effective

enough to remove at least one of the Boc groups in 29. We

checked the deprotection conditions for the removal of the Boc

moiety by fluoride ions on the model substrate N6,N6-di-Boc-

adenine, and found that it was very challenging because free

adenine was not afforded even under reflux with 1 M TBAF for

4 days.

Finally, we decided to remove the Boc groups on adenine with

trifluoroacetic acid (TFA), even though we also expected the

loss of the DMTr group on 29. When 29 was treated with 20%

of TFA in CH2Cl2, a mixture of 32 and 33 formed after 4 h. The

TBDPS moiety was found to be stable under these conditions

(Table 1, entry 1). 50% of TFA in CH2Cl2 completely removed

both Boc groups on adenine at either 4 °C or rt to afford the

desired 33 in 87% yield.

The trityl group was reintroduced on 33 under standard condi-

tions to give 34, and subsequent benzoylation afforded 26 in

overall good yields (Scheme 7). The NMR spectra of 26 were in

good agreement with those data obtained previously [8] via

Mitsunobu reaction with N6-benzoyladenine.

Overall, 26 was afforded in 43% yield from the Mitsunobu

reaction of 10 with N6,N6-di-Boc-adenine. In addition to the

slight improvement compared to the direct Mitsunobu reaction

of 10 with N6-benzoyladenine, this protocol allows for the syn-

thesis of large amounts of 26 with an exact control of the

regioselectivity at the N9-position of adenine.

Having solved the “adenine problem”, we focused on each of

the remaining steps and optimized the synthesis of other

isoGNA phosphoramidites. For example, the deprotection of 8

to 9 was initially achieved by the treatment with conc. HCl.

However, in scaling up the reaction, the loss of the silyl group
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Scheme 7: The synthesis of 26 via tritylation and benzoylation.

was found to occur. Therefore, we sought an alternative route

and found that the deprotection mediated by vanadium trichlo-

ride gave the desired product 9 cleanly in large-scale reactions

[30]. The desilylation of intermediates 11, 20 and 26 was

effected by the treatment of 1 M TBAF in THF at 0 °C to room

temperature. In the case of guanine derivative 23, we observed

that the use of the triethylamine·HF complex instead of TBAF

was preferable at room temperature. The free alcohols 12, 18,

21 and 24 were phosphitylated under standard conditions to

obtain the phosphoramidites suitable for the automated solid

phase synthesis.

Conclusion
We have described herein improvements to and the optimi-

zation of the synthesis of isoGNA phosphoramidite building

blocks. We observed that the Boc protecting group on adenine

while not being compatible with oligonucleotide chemistry, can

nevertheless be used as a temporary protecting group, which is

extremely useful for increasing the solubility and regioselec-

tivity of adenine in the Mitsunobu reaction. The optimized pro-

cedures described here allowed us to access a stable supply of

isoGNA phosphoramidites for further investigation in our

laboratory.
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Abstract
The imidazole–Ag(I)–imidazole base pair is one of the best-investigated artificial metal-mediated base pairs. We show here that its

stability can be further improved by formally replacing the imidazole moiety by a 2-methylimidazole or 4-methylimidazole moiety.

A comparison of the thermal stability of several double helices shows that the addition of one equivalent of Ag(I) leads to a 50%

larger increase in the melting temperature when a DNA duplex with methylated imidazole nucleosides is applied. This significant

effect can likely be attributed to a better steric shielding of the metal ion within the metal-mediated base pair.

2139

Introduction
Nucleic acids with their evolutionary optimized self-assem-

bling properties represent an ideal basis for the generation of

artificial, site-specifically functionalized supramolecular aggre-

gates [1-4]. In this context, numerous functional moieties have

been introduced into various nucleic acid building blocks,

including, for example, modified nucleobases and modified

sugar entities. A recent addition is the application of ligand

systems as nucleobases surrogates [5-9]. In the presence of suit-

able transition metal ions, so-called metal-mediated base pairs

between two complementary ligand-derived artificial nucleo-

bases can be formed. Accordingly, metal-based functionality

can be introduced site-specifically into nucleic acids. Various

applications have been reported for such metal-modified nucleic

acids [5], including increased charge transfer capability [10,11]

and DNA-based logic gates [12,13]. Applying the concepts of

coordination chemistry, a wide range of metal-specific ligands

have been incorporated successfully into nucleic acids and

nucleic acid derivatives. Most recently, even coordination

patterns of the [2 + 1] type could be obtained [14,15]. While

most examples focus on the use of DNA, other systems such as

RNA [16], GNA [17,18] (glycol nucleic acid), PNA [19-21],

and other nucleic acid derivatives [22] have been modified as

well. It is interesting to note that metal-mediated base pairs do

not necessarily require the presence of artificial ligands. In

contrast, natural nucleobases have also been successfully

applied in the generation of metal-mediated base pairs such as

thyminate–Hg(II)–thyminate or cytosine–Ag(I)–cytosine [23-

25]. It has even been shown that polymerases are capable of

processing metal-mediated base pairs [26,27], resulting, e.g., in

the formation of cytosine–Ag(I)–adenine base pairs [28]. Struc-

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
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tural analyses of short oligonucleotide duplexes comprising one

or more metal-mediated base pairs indicate that the large con-

formational space of nucleic acids exists also for metal-modi-

fied nucleic acids. In particular, the existence of B-DNA- and

Z-DNA-type conformations have been reported in this context

[29-33].

The imidazole–Ag(I)–imidazole base pair represents one of

the best investigated metal-mediated base pairs to date

[29,30,34,35]. It comprises a linearly coordinated silver(I) ion

inserted in-between two complementary artificial imidazole

nucleosides (Scheme 1, top). The NMR-based solution

structure of a DNA duplex with three contiguous imida-

zole–Ag(I)–imidazole represented the first experimental proof

that a B-DNA conformation is compatible with the presence of

metal-mediated base pairs, as only minor distortions at the base

pair steps between natural and artificial base pairs were

observed [29,30]. Additional experiments have shown that

neighbouring imidazole–Ag(I)–imidazole base pairs are formed

cooperatively, suggesting the possibility of creating long

contiguous metal-containing sections within oligonucleotide

duplexes [35]. A closer inspection of the experimental NMR

structure reveals that the silver(I) ions, despite being lined up

inside the duplex along the helical axis, still appear to be acces-

sible from the outside of the duplex (Figure 1). This contrasts

the situation in a duplex with thyminate–Hg(II)–thyminate base

pairs (Scheme 1, bottom) [31,32]. As a result of the keto groups

on the thymine residues, the mercury(II) ions included in this

type of metal-mediated base pair are clearly shielded from

outside access [31]. In an attempt to increase the stability of the

imidazole–Ag(I)–imidazole base pairs, additional shielding of

the central silver(I) ions could be accomplished by introducing

methyl groups on the imidazole moieties. A comparison of the

pKa values [36] of 1-methylimidazole (pKa = 7.21), 1,2-

dimethylimidazole (pKa = 8.22) and 1,4-dimethylimidazole

(pKa = 7.75) indicates that this modification is also expected to

slightly increase the basicity of the ligand, thereby also

contributing to the formation of a more stable metal complex.

Results and Discussion
Synthesis and characterization of the nucleo-
sides
Scheme 2 shows silver(I)-mediated methylimidazole homo base

pairs involving either 2-methylimidazole (top) or 4-methylimi-

dazole (bottom), resulting in a shielded access to the silver(I)

ions from the minor and major groove, respectively. The phos-

phoramidites required for automated DNA solid-phase syn-

thesis were obtained using synthetic procedures established

previously for the non-methylated imidazole analogue

(Scheme 3) [34,38]. Methylimidazole, deprotonated in situ via

the addition of sodium hydride, has been reacted with Hoffer’s

Scheme 1: Schematic representation of an imidazole–Ag(I)–imidazole
base pair (top) and a thyminate–Hg(II)–thyminate base pair (bottom).

Figure 1: Different views of a DNA duplex comprising three neigh-
bouring imidazole–Ag(I)–imidazole base pairs. a) View from the major
groove; b) view from the minor groove. The silver(I) ions shown in
yellow are clearly visible and appear to be solvent accessible. Coordi-
nates have been taken from PDB 2M54. This figure was prepared
using MolMol [37].

chloro sugar to give the p-toluoyl-protected nucleoside (1a, 1b).

In the case of 2-methylimidazole, only one product (2-methyl-

imidazole nucleoside, 1a) was formed due to the symmetry of

the deprotonated starting compound. When performing this

reaction with 4-methylimidazole, two product isomers were

obtained as a result of the asymmetric substitution of the depro-

tonated starting compound, namely 4-methylimidazole nucleo-

side (1b) and 5-methylimidazole nucleoside. The latter isomer

was obtained in very low yield only (isomer ratio of ~15:1). It

was not further investigated, because its methyl group is

oriented in a direction that is not expected to lead to an
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Scheme 3: Synthesis of methylimidazole-based nucleosides and their corresponding phosphoramidites required for automated solid-phase DNA syn-
thesis. a) 1. NaH, 2. Hoffer’s chloro sugar, CH3CN, 0 °C to ambient temperature, 3 h; b) aqueous NH3 (25%), CH3OH, ambient temperature, 16 h; c)
dimethoxytrityl chloride, 4-dimethylaminopyridine, pyridine, ambient temperature, 3 h; d) 2-cyanoethyl-N,N-diisopropylchlorophosphoramidite, diiso-
propylethylamine, CH2Cl2, ambient temperature, 30 min.

Scheme 2: Schematic representation of silver(I)-mediated imidazole
homo base pairs involving 2-methylimidazole (top) and 4-methylimida-
zole (bottom), designed to shield access to the silver(I) ions from minor
and major groove, respectively.

increased shielding of the silver(I) ions in the corresponding

metal-mediated base pairs. As a result, all further experiments

were performed using either 1a or 1b only. Deprotection of 1a/

1b by means of aqueous ammonia in methanol led to the free

nucleosides 2a/2b. The next two steps involved the orthogonal

protection of the two hydroxy functions with the dimethoxy-

Scheme 4: Oligonucleotide sequences under investigation (X =
2-methylimidazole 2a or 4-methylimidazole 2b).

trityl and the 2-cyanoethyl-N,N-diisopropylphosphoramidite

moieties, finally resulting in the formation of 4a/4b suitable for

automated solid-phase oligonucleotide synthesis.

The pKa values of the free nucleosides 2a/2b were determined

by pD-dependent 1H NMR spectroscopy. They amount to 6.61

and 6.50, respectively. As expected, the methylimidazole

nucleosides are slightly more basic than the corresponding non-

methylated parent nucleoside (pKa = 6.01) [34].

Investigation of the oligonucleotides
For each of the artificial nucleosides, two DNA double helices

were synthesized comprising either one or two central methyl-

imidazole:methylimidazole base pairs (Scheme 4). The
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Figure 2: Melting curves based on normalized UV absorbance at 260 nm of a) duplex I with X = 4-methylimidazole and b) duplex II with X = 2-methyl-
imidazole in the absence (black) and presence of one equivalent of Ag(I) (coloured). For the sequences, see Scheme 4. Experimental conditions: 1
μM duplex, 150 mM NaClO4, 5 mM MOPS (pH 6.8).

Table 1: Absolute and relative melting temperatures Tm (°C) of DNA duplexes containing one or two (methyl)imidazole:(methyl)imidazole base pairs
in the absence and presence of silver(I) (Im = imidazole; 2 = 2-methylimidazole; 4 = 4-methylimidazole; for sequences, see Scheme 4). The esti-
mated standard deviation of Tm amounts to 1 °C. Experimental conditions: 1 μM duplex, 150 mM NaClO4, 5 mM MOPS (pH 6.8).

artificial nucleoside X Tm (no Ag(I)) Tm (+ Ag(I)) ΔTm (0 → 1 equiv Ag(I))

Im:Ima 49.5 55.5 + 6.0
2:2 53.0 62.0 + 9.0
4:4 53.3 61.3 + 8.0

ImIm:ImIma 44.5 55.5 + 11.0
22:22 48.4 64.9 + 16.5
44:44 48.2 65.7 + 17.5

aData taken from [35].

sequences were chosen because they match those that had thor-

oughly been investigated previously with non-methylated

imidazole nucleosides [35], enabling a direct observation of the

expected shielding effect. Figure 2 shows the melting curves of

two of the double helices, determined by temperature-depen-

dent UV spectroscopy (for the other two duplexes, see

Supporting Information File 1). As can clearly be seen,

the addition of one equivalent [39] of Ag(I) leads to a

significant increase in the melting temperature Tm. Table 1 lists

the experimentally determined melting temperatures. As

expected, the double helix comprising two neighbouring

methylimidazole:methylimidazole mispairs displays a lower Tm

compared to the duplex comprising one mispair only. It is

interesting to note that even in the absence of Ag(I) the

duplexes containing the methylated imidazole nucleosides melt

at a significantly higher Tm (by about 3–4 °C), possibly due to

an additional stabilising hydrophobic interaction in the groove.

The position of the methyl group (2-methylimidazole vs

4-methylimidazole) does not influence the absolute melting

temperature. In the presence of one equivalent of Ag(I), the

thermal stability of the duplexes increases significantly.

Notably, the increase in Tm is larger by about 50% for the

methylated imidazole nucleosides compared with the non-

methylated one, amounting to about 8.5 °C per silver(I)-medi-

ated base pair. The significantly increased thermal stability of

the duplexes comprising either 2-methylimidazole or 4-methyl-

imidazole therefore cannot be attributed to the above-mentioned

hydrophobic interaction only but must also be a direct effect of

the formation of the metal-mediated base pairs. This indicates

that the concept of increasing the stability of silver(I)-mediated

imidazole base pairs by restricting the access to the central

metal ion via introduction of additional methyl groups on the

ligand is successful.

The CD spectra shown in Figure 3 (and Supporting Information

File 1) are in excellent agreement with those recorded
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Figure 3: CD spectra of a) duplex I with X = 4-methylimidazole and b) duplex II with X = 2-methylimidazole in the absence (black) and presence of
one equivalent of Ag(I) (coloured). For the sequences, see Scheme 4. Experimental conditions: 1 μM duplex, 150 mM NaClO4, 5 mM MOPS (pH 6.8).

previously for the analogous duplexes containing the non-

methylated imidazole nucleoside. They indicate that the

duplexes belong to the B-DNA family. The low intensity of the

positive Cotton effects at about 262 nm and 283 nm is typical

for duplexes with this type of sequence and has, for example,

also been reported for poly[d(A)]·poly[d(T)] [40]. The presence

of Ag(I) does not alter the wavelengths of the Cotton effects

and only marginally affects the ellipticity at a given wavelength.

Taken together, it can be concluded that neither the introduc-

tion of a methyl group nor the formation of the silver(I)-medi-

ated base pair does influence the overall DNA duplex con-

formation. As the synthesis of 2-methylimidazole nucleoside

from 2-methylimidazole yields one isomer only whereas the

synthesis of 4-methylimidazole nucleoside from 4-methylimida-

zole also gives 5-methylimidazole as an undesired side product,

it is recommended to replace imidazole by 2-methylimidazole

in future research on imidazole–Ag(I)–imidazole base pairs to

obtain nucleic acid systems of superior stability with otherwise

identical properties.

Conclusion
The formal substitution of an imidazole moiety in DNA

duplexes comprising silver(I)-mediated imidazole–Ag(I)–imi-

dazole base pairs by a 2-methylimidazole or 4-methylimidazole

moiety leads to a significant increase in thermal stability of the

nucleic acid. The increase in Tm upon the addition of one

equivalent of Ag(I) rises by about 50% for the methylated

nucleosides compared to the non-methylated one. The molec-

ular structure of a DNA duplex with imidazole–Ag(I)–imida-

zole base pairs supports the notion that the increased stability

may be due to a better shielding of the Ag(I) from the

surrounding solvent.

Supporting Information
UV melting curves and CD spectra of duplex I with X =

2-methylimidazole and of duplex II with X =

4-methylimidazole. Full experimental details and

characterization data of the compounds shown in Scheme 3

and Scheme 4.

Supporting Information File 1
Experimental data.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-221-S1.pdf]
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Abstract
DNA or its analogues with an environment-sensitive fluorescent label are potentially useful as a probe for studying the structure

and dynamics of nucleic acids. In this work, pyrrolidinyl peptide nucleic acid (acpcPNA) was labeled at its backbone with Nile red,

a solvatochromic benzophenoxazine dye, by means of click chemistry. The optical properties of the Nile red-labeled acpcPNA were

investigated by UV–vis and fluorescence spectroscopy in the absence and in the presence of DNA. In contrast to the usual

quenching observed in Nile red-labeled DNA, the hybridization with DNA resulted in blue shifting and an enhanced fluorescence

regardless of the neighboring bases. More pronounced blue shifts and fluorescence enhancements were observed when the DNA

target carried a base insertion in close proximity to the Nile red label. The results indicate that the Nile red label is located in a more

hydrophobic environment in acpcPNA–DNA duplexes than in the single-stranded acpcPNA. The different fluorescence properties

of the acpcPNA hybrids of complementary DNA and DNA carrying a base insertion are suggestive of different interactions

between the Nile red label and the duplexes.

2166

Introduction
Fluorescent labels are important tools for investigating the

structure and dynamics of biomolecular interactions [1-3].

Traditionally, the biological macromolecules are labeled with

two or more dyes which can interact in a conformation/distant-

dependent manner via Förster resonance energy transfer

(FRET) [4-6]. Alternatively, the FRET pairs can be replaced by

an environmentally sensitive label that can change its fluores-

cence in response to its altered micro-environment [7-9]. Nile

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:wagenknecht@kit.edu
mailto:vtirayut@chula.ac.th
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Scheme 1: Synthesis of propargylated Nile red 1.

red is a member of the benzophenoxazine dye family which

exhibits several interesting features including a high photosta-

bility, high fluorescence quantum yield, broad working pH

range, long excitation and emission wavelengths, and solva-

tochromic properties [10]. Applications of Nile red as a staining

dye in histology [11,12] and as a probe for the sensing of

polarity and hydrophobicity [13] are well-known. Nile red has

been used as a DNA label, either as a base modifier [14-16], a

base replacement [17] or a backbone-tethered label [18,19].

However, in most cases the formation of DNA duplexes does

not yield significant fluorescence changes in the Nile red, unless

it is used in combination with another dye such as pyrene to

form an energy transfer pair [20,21]. A related phenoxazine dye

– Nile blue – has also been incorporated into DNA as a base

replacement, again without showing significant structure-

induced fluorescence change [22].

Peptide nucleic acid or PNA is an electrostatically neutral

analogue of DNA which can form very stable duplexes with

DNA and RNA in a highly sequence specific fashion.

PNA–DNA duplexes have different structural morphology and

electrostatic potential surfaces from DNA–DNA duplexes and

therefore they are interacting differently with DNA-binding

dyes [23-25]. We had recently introduced a new conformation-

ally constrained pyrrolidinyl PNA known as acpcPNA that

shows several unique properties [26-28]. Its potential applica-

tions as a probe for DNA sensing are well-established. For

example, we have developed singly labeled acpcPNA probes

that can give a fluorescence change in response to hybridiza-

tion to DNA [29-31]. Due to its solvatochromic properties, Nile

red is a potential candidate to be used in combination with PNA

to develop a hybridization probe which not only differentiates

between complementary and non-complementary DNA, but can

also report on local structural variations. Except for an example

from our group on the conformation control of Nile red-labeled

DNA by acpcPNA [32], no combination of the Nile red label

and PNA has yet been reported in the literature. It is therefore

our purpose to develop a facile method for synthesizing Nile

red-labeled acpcPNA based on the click strategy [33-36] and to

investigate its optical properties.

Results and Discussion
At least two different means to introduce the Nile red label onto

DNA by using click chemistry have been reported in the litera-

ture. One involves the clicking of in situ generated 5-azido-

deoxyuridine-containing DNA with propargyl Nile red [16], the

other employs DNA bearing 2’-propargylated nucleotides and

azide-modified Nile red [19]. An approach related to the latter

was used in this work, although the azide function was placed

on the PNA instead of the Nile red, and the clicking was carried

out on the solid support rather than in solution phase. The

propargylated Nile red label 1 was synthesized in 70% yield by

alkylation of the known 2-hydroxy Nile red [37,38] with

propargyl bromide in the presence of K2CO3 in DMF

(Scheme 1).

The alkyne-containing compound 1 was clicked onto the back-

bone of acpcPNA that had been pre-functionalized with an

azidobutyl group by a reductive alkylation strategy previously

reported by our group (Scheme 2) [31]. Two lysine residues

were incorporated at the N- and C-termini of the acpcPNA to

ensure a sufficient solubility in aqueous solution. Five acpcPNA

sequences, each of which singly labeled at the backbone with

Nile red under different sequence context, were successfully

synthesized and characterized by MALDI–TOF MS (Figure 1

and Table 1). Isolated yields in the range of 6–18% were

obtained (0.5 μmol scale), which are typical for solid phase syn-

thesis, whereby the majority of material loss occurred during

HPLC purification. All Nile red-labeled acpcPNAs are freely

soluble in water (>1 mM), providing a bright blue solution.

The UV–vis spectrum of the free propargyl Nile red label 1 in

acetonitrile (Figure 2a) showed absorption and fluorescence

emission maxima at 538 nm and 620 nm, with a fluorescence

quantum yield (ΦF) of 0.65, which is quite comparable to other

Nile red derivatives reported in the literature [10]. As the

polarity of the solvent increases with the addition of aqueous

phosphate buffer, both the absorption and the fluorescence

maxima shifted to longer wavelengths with a concomitant

decrease in the fluorescence quantum yields (50% MeCN: λabs

564 nm, λem 641 nm, ΦF 0.29; 20% MeCN: λabs 587 nm, λem
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Scheme 2: Synthesis of azidobutyl- and Nile red-modified acpcPNA.

Figure 1: MALDI–TOF mass spectra of the crude 10mer acpcPNA before (top) (calcd m/z 3688.0), and after functionalizing with the azidobutyl group
(middle) (calcd m/z 3785.1), and followed by clicking with Nile red (bottom) (calcd m/z 4157.5).

651 nm; ΦF 0.14). In aqueous phosphate buffer (10 mM,

pH 7.0), the Nile red-labeled acpcPNA 10mer-Nr exhibited a

broad absorption peak centered at 575 nm and a fluorescence

emission at 656 nm, respectively (Figure 2b). The solva-

tochromic property of the Nile red-labeled acpcPNA is demon-

strated as shown by the progressively blue-shifted absorption
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Table 1: Sequence, isolated yield and characterization data of Nile red-labeled acpcPNA.

PNA sequence (N to C)a tR (min)b % yieldc m/zd

(calcd)
m/ze

(found)

10mer-Nr GTAGA(Nr)TCACT 33.6 6.3 4157.5 4155.1
11merAA-Nr CATAA(Nr)AATACG 34.2 18.5 4491.9 4491.1
11merCC-Nr CATAC(Nr)CATACG 34.6 11.4 4443.9 4441.8
11merGG-Nr CATAG(Nr)GATACG 32.8 15.2 4523.9 4523.2
11merTT-Nr CATAT(Nr)TATACG 34.3 8.4 4473.9 4473.0

aAll sequences were end-capped at N- and C-termini with N-acetyl-L-lysine and L-lysinamide, respectively. bHPLC conditions: C18 column
4.6 × 50 mm, 3 µ, gradient 0.1% TFA in H2O:MeOH 90:10 for 5 min then linear gradient to 10:90 over 30 min, flow rate 0.5 mL/min, 260 nm. cIsolated
yield (determined spectrophotometrically) after HPLC purification. dAverage mass of [M + H]+. eMALDI–TOF.

Figure 2: Normalized absorption (---) and fluorescence (––) spectra of (a) propargyl Nile red 1 and (b) Nile red-labeled acpcPNA 10mer-Nr in 10 mM
sodium phosphate buffer (pH 7.0):acetonitrile: black = 100:0; blue = 80:20; green = 50:50; red = 0:100. All measurements were carried out in 10 mM
sodium phosphate buffer (pH 7.0), [PNA] and [1] = 1.0 µM at 20 °C with λex = 580 nm.

and fluorescence emission maxima in the presence of acetoni-

trile (100% MeCN: λabs 544 nm, λem 634 nm; 50% MeCN: λabs

569 nm, λem 647 nm; 20% MeCN: λabs 592 nm, λem 654 nm).

The fluorescence spectrum of the Nile red-labeled acpcPNA is

notably red-shifted compared to the fluorescence spectrum of

the free Nile red label in the same solvent. This suggests

possible interactions between the Nile red label and the PNA

base or backbone. Nevertheless, the Nile red in the acpcPNA

10mer-Nr was not quenched as indicated by the quantum yield

value being similar to that of the free label (10mer-Nr:

ΦF = 0.16; 1: ΦF = 0.14 in 20% MeCN). Unfortunately, the

value can only be compared in an acetonitrile:water mixture as

compound 1 is essentially insoluble in water.

Melting temperature data and optical properties of the Nile red-

labeled acpcPNAs and their hybrids with various DNA are

summarized in Table 2. Thermal denaturation experiments

suggest that the Nile red-labeled acpcPNA 10mer-Nr can form

a stable hybrid with complementary DNA. In contrast to some

other labels such as pyrene which usually destabilize

acpcPNA–DNA duplexes [30,31], the Tm of the complemen-

tary DNA hybrid of Nile red-labeled PNA (58.8 °C by UV or

56.9 °C by fluorescence) was comparable to the Tm of unla-

beled acpcPNA with an identical sequence (57.6 °C) [26].

Absorption spectra of 10mer-Nr and its complementary DNA

duplex show differences in the Nile red region as shown by the

sharpening and red shift of the absorption maxima (λmax = 575

and 598 nm in single stranded and duplex, respectively). Impor-

tantly, fluorescence spectra of the duplex showed a pronounced

blue shift of the emission maxima (647 nm) compared to the

single-stranded PNA (656 nm) as well as a small fluorescence

increase (1.36 fold at 643 nm) (Figure 3a,b). The blue-shifted

fluorescence maxima and increased quantum yields of Nile red

suggest that the Nile red chromophore in complementary

PNA–DNA duplexes was placed in a less polar environment

compared to its placement in single-stranded PNA. Although
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Table 2: Tm and optical properties of Nile red-labeled acpcPNAa.

PNA DNA (5′ to 3′)b Tm (°C)c λabs λem
d ΦF

e F/F0
f

10mer-Nr none – 575 656 0.11 –
AGTGATCTAC 58.8 (56.9) 598 647 0.15 1.36
AGTGCTCTAC 37.5 (36.7) 585 648 0.17 1.72
AGTCATCTAC 37.7 (37.5) 589 649 0.14 1.43
AGTGACCTAC 40.8 (41.3) 592 652 0.15 1.70
AGTGACTCTAC 46.9 (52.0) 589 643 0.29 2.91
AGTGAATCTAC 40.1 (46.7) 588 648 0.20 2.60
AGTGATTCTAC 54.7 (52.7) 591 649 0.22 2.65
AGTGAGTCTAC 42.2 (46.0) 593 645 0.20 3.31
AGTCGATCTAC N.D.g 591 648 0.14 1.16
AGTGATCCTAC N.D.g 597 653 0.10 0.87
AGTGCCTCTAC N.D.g 585 648 0.17 1.45
AGTGACCCTAC N.D.g 593 652 0.13 1.23
AGTGACTCCAC N.D.g 585 647 0.13 1.24

11merAA-Nr none – 598 657 0.15 –
CGTATTTTATG 76.0 600 651 0.23 1.55
CGTATTCTTATG 74.7 593 645 0.33 2.34

11merCC-Nr none – 594 656 0.08 –
CGTATGGTATG 67.4 594 646 0.19 2.49
CGTATGCGTATG 71.2 598 644 0.13 1.79

11merGG-Nr none – 599 660 0.04 –
CGTATCCTATG (62.3) 599 655 0.15 3.27
CGTATCCCTATG (62.3) 599 652 0.10 2.46

11merTT-Nr none – 588 655 0.09 –
CGTATAATATG 76.6 602 654 0.19 2.05
CGTATACATATG 76.0 590 646 0.29 3.44

aAll measurements were carried out in 10 mM sodium phosphate buffer (pH 7.0), [PNA] = 1.0 µM; [DNA] = 1.2 µM at 20 °C. bUnderlined and boldface
letters in DNA sequences indicate the position of mismatch and base insertion, respectively. cDetermined by UV–vis (260 nm) and/or fluorescence
spectrophotometry (643 nm, shown in parentheses). dλex = 580 nm. eCresyl violet was used as a standard (Φ = 0.54 in MeOH) [41]. fF/F0 was calcu-
lated from the ratio of fluorescence of duplex divided by the single-stranded PNA at 643 nm. gNot determined.

Figure 3: (a) Normalized absorption (---) and fluorescence (––) spectra and (b) fluorescence spectra of Nile red-labeled acpcPNA 10mer-Nr in the
absence (black) and presence of various DNA sequences (5’→3’): blue = AGTGATCTAC (complementary); green = AGTGCTCTAC (mismatched);
red = AGTGACTCTAC (bulged); pink = AGTGCCTCTAC (bulged with mismatch); orange = AGTCGATCTAC (misplaced bulge). All measurements
were carried out in 10 mM sodium phosphate buffer (pH 7.0), [PNA] = 1.0 µM; [DNA] = 1.2 µM at 20 °C with λex = 580 nm.
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the related benzophenoxazine dye Nile blue binds to DNA by

intercalation, the binding results in a bathochromic shifting and

a quenched fluorescence [39,40]. Based on this, together with

the fact that PNA–DNA duplexes are not good substrates for

intercalative binding [23], we propose that the Nile red is more

likely to bind to the groove of the PNA–DNA duplex rather

than intercalate into the base stacks.

In the presence of a mismatched base in the DNA strand, the Tm

of the duplex was decreased as expected. For example, the

mismatched hybrid of 10mer-Nr with the DNA carrying a

mismatched base in close proximity to the position of the Nile

red label showed Tm values in the range of 37–41 °C. Fluores-

cence spectra of these mismatched DNA duplexes showed blue-

shifted and enhanced fluorescence emissions similar to the

complementary duplex, which ranged from 1.4 to 1.7 fold

compared to the one of single-stranded Nile red-labeled

acpcPNA. This suggests that the Nile red label can still notice-

ably interact with the mismatched duplexes.

The most remarkable feature of the Nile red-labeled acpcPNA

10mer-Nr is the relatively large fluorescence increase after the

hybridization with DNA targets which carry a base insertion in

close proximity to the Nile red label. As shown in Table 2, these

duplexes showed more pronounced fluorescence increases

(2.6–3.3 fold) than the complementary or mismatched duplexes

(1.4–1.7 fold relative to the single-stranded 10mer-Nr). The

fluorescence maxima were also further blue-shifted relative to

the single-stranded and complementary duplexes of Nile red-

labeled acpcPNA (Figure 3a,b). These results suggest that the

Nile red label in these duplexes adopts a different configuration

to the complementary and the single-mismatched duplexes.

When the DNA strand carries an extra inserted base, the only

way it can form a stable hybrid is to form a bulge on the DNA

strand at the insertion site. This is supported by the unusually

high Tm values (46–53 °C) for these duplexes. In addition,

consistent fluorescence increases were observed regardless of

the nature of the inserted base. Based on these findings we

propose that the extra DNA base is looped out to form a bulge

which can accommodate the Nile red label. A similar binding

mode has been proposed earlier for pyrene-labeled DNA [42].

When the inserted base was misplaced, i.e., away from the Nile

red label, or when a mismatch base was introduced elsewhere in

the DNA strand, the fluorescence change was small (Figure 3b,

Figure S11 and Figure S12, Supporting Information File 1),

suggesting that the fluorescence increase was due to a specific

interaction between the Nile red label and the bulge site. The

addition of β-cyclodextrin to the bulged duplexes caused no

change in the fluorescence of the Nile red label, whereas a

marked blue shift was observed with single-stranded PNA

(8 nm) (Figure S17, Supporting Information File 1). This

experiment confirmed that the Nile red label is buried well

within the hydrophobic pocket of the bulged duplexes and

therefore not available to form an inclusion complex with the

cyclodextrins [17]. Less pronounced shifts were observed with

complementary and mismatched duplexes (2 and 4 nm, respect-

ively) upon the addition of cyclodextrin, which indicates

possible interactions between the groove-bound Nile red and

cyclodextrin.

To better understand the effect of neighboring bases on the

optical properties of the Nile red-labeled acpcPNA and its

duplexes with DNA, four Nile red-labeled acpcPNA sequences

(11merAA-Nr, 11merCC-Nr, 11merGG-Nr, 11merTT-Nr)

were synthesized. These four Nile red-labeled acpcPNA

sequence exhibited differences only at the bases flanking the

Nile red label, For single-stranded PNA, the order of fluores-

cence quantum yields was AA > TT ~ CC > GG. This suggests

a more efficient quenching of the Nile red label by neighboring

G than by other nucleobases. A is almost non-quenching as

shown by the high quantum yield of 11merAA-Nr (ΦF = 0.15),

which is comparable to the high quantum yield of the free Nile

red label (ΦF = 0.14). On the other hand, the presence of two

flanking G in 11merGG-Nr resulted in a decrease of the

quantum yield of more than 70% (ΦF = 0.04). Upon hybridiza-

tion with complementary DNA targets, the fluorescence

quantum yields of all four hybrids were increased to a similar

range (ΦF = 0.15–0.23). However, since the initial fluorescence

of 11merGG-Nr was low, the fluorescence change was more

pronounced (3.27 fold) than other sequences (1.55–2.49 fold).

When a bulge was introduced, a larger fluorescence increase

was observed in duplexes with neighboring A-T than G-C pairs.

Accordingly, the bulged duplexes of 11merAA-Nr and

11merTT-Nr became more fluorescent than the corresponding

complementary duplexes. Opposite results were observed with

11merCC-Nr and 11merGG-Nr, that is, the complementary

duplexes exhibited higher fluorescence than the bulged

duplexes. In all cases the fluorescence emission maxima of the

bulged duplex were at shorter wavelengths than fluorescence

emission maxima of the complementary duplexes and single-

stranded PNA. These results clearly support our hypothesis of

the different placement of the Nile red label in the complemen-

tary and bulged duplexes.

Although Nile red has been previously incorporated in DNA

either through a base substitution or modification, these Nile

red-labeled DNAs do not show appreciable fluorescence

changes in response to the hybridization with DNA regardless

of the mode of Nile red attachment [14,17,18]. In most cases,

the pairing of Nile red-labeled DNA with another DNA strand

resulted in unchanged or decreased fluorescence quantum

yields. This, together with the red-shifted absorption and fluo-
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rescence spectra in comparison to single-stranded DNA,

suggests that Nile red may intercalate into the base stack of

DNA–DNA duplexes. The behavior of the Nile red label in

acpcPNA is completely different, as shown by the consistent

increase in the fluorescence quantum yield upon hybridization

with complementary DNA irrespective of the nature of the

flanking bases. In such duplexes, the Nile red is expected to

interact with the PNA–DNA duplexes by means of groove

binding, which results in a lower localized polarity around

the Nile red chromophore and gives rise to the observed

blue shifts and the fluorescence increase. In addition, a larger

increase in fluorescence was also observed with DNA targets

that can form a bulge in the vicinity of the Nile red label. We

propose that the Nile red label is buried within the looped out

structure of the bulged duplex, which gives rise to an even more

pronounced blue shift and fluorescence increase, except when

there are nearby G-C base pairs which may quench the fluores-

cence.

Conclusion
We successfully synthesized the propargylated Nile red 1 and

clicked it onto acpcPNA with an azide-modified backbone. The

solvatochromic properties of the Nile red label is retained in the

labeled acpcPNA. Quenching of the Nile red label by neigh-

boring bases in acpcPNA increases in the order of A > T ~ C >

G. The hybridization with fully complementary DNA and DNA

with an inserted base consistently resulted in blue-shifted and

enhanced fluorescence. This indicates that the Nile red label in

acpcPNA–DNA duplexes is in a more hydrophobic environ-

ment compared to when the Nile red label is in single-stranded

acpcPNA. Based on spectroscopic evidence, we propose that

either the Nile red label resides within the groove (complemen-

tary duplexes) or the hydrophobic pocket formed by the looped-

out base (bulged duplexes) rather than intercalating into the

base stacks.

Experimental
General remarks
All chemicals were obtained from standard suppliers and used

as received. Anhydrous DMF for peptide synthesis was

purchased from RCI Labscan (Thailand). All other solvents

were AR or HPLC grade and were used without further purifi-

cation. Oligonucleotides were obtained from Pacific Science

(Thailand) or BioDesign (Thailand). The water used in all

experiments was obtained from an ultrapure water system fitted

with a Millipak® 40 filter unit.

Synthesis of propargyl Nile red 1
2-Hydroxy Nile red [37] (140.1 mg, 0.41 mmol) was dissolved

in anhydrous DMF (5 mL). The solution was cooled in an ice

bath followed by the addition of potassium carbonate

(210.7 mg, 1.5 mmol) and propargyl bromide (100 µL,

1.5 mmol). The mixture was heated at 70 °C and stirred for 3 h.

After the removal of the solvent, the residue was purified by

column chromatography (EtOAc/hexanes 1:4) to obtain 1

(108.1 mg, 70% yield) as a dark purple solid. 1H NMR

(400 MHz, DMSO-d6) δ 1.17 (t, J = 6.9 Hz, 6H, CH3CH2), 3.51

(q, J = 6.9 Hz, 4H, CH3CH2), 3.67 (t, J = 2.2 Hz, 1H, ≡CH),

5.03 (d, J = 2.2 Hz, 2H, OCH2), 6.20 (s, 1H, ArH), 6.65 (d, J =

2.6 Hz, 1H, ArH), 6.83 (dd, J = 9.1 and 2.6 Hz, 1H, ArH), 7.32

(dd, J = 8.7 and 2.5 Hz, 1H, ArH), 7.64 (d, J = 9.1 Hz, 1H,

ArH), 8.04 (d, J = 2.5 Hz, 1H, ArH), 8.08 (d, J = 8.7 Hz, 2H,

ArH); 13C NMR (100 MHz, DMSO-d6) δ 181.3, 159.8, 151.8,

150.9, 146.5, 138.1, 133.5, 131.0, 127.2, 125.5, 124.0, 118.2,

110.1, 107.0, 104.1, 96.0, 78.8, 78.7, 55.9, 44.4, 12.4; IR (ATR)

νmax: 3281.7, 3190.3, 2968.3, 2920.4, 2846.4, 1675.4, 1584.0,

1405.6 cm−1; HRMS (ESI–TOF): [M + H]+ calcd for

C23H21N2O3, 373.1552; found, 373.1581; UV (MeOH) λmax

(ε): 553 (3.2 × 104).

Synthesis of Nile red-modified acpcPNA
The 3-aminopyrrolidine-4-carboxylic acid (apc) modified

acpcPNA was manually synthesized at a 1.5 µmol scale on

Tentagel S-RAM resin (Fluka, 0.24 mmol/g) from the four

Fmoc-protected pyrrolidinyl PNA monomers (ABz, T, CBz,

GIbu) and spacers [Fmoc-(1S,2S)-2-aminocycolpentanecar-

boxylic acid or (3R,4S)-3-(Fmoc-amino)-1-trifluoroacetylpyrro-

lidine-4-carboxylic acid] [43] according to the previously

published protocol [26,27,31]. Lysine was included at both C-

and N-termini to improve the water solubility. After the

completion of the synthesis, the N-terminal Fmoc group was

removed and the free amino group was capped by acetylation.

The acpcPNA on the solid support was spilt to 0.5 µmol

portions for a further labeling experiment and treated with 1:1

dioxane/aqueous NH3 at 60 °C overnight to remove the nucleo-

base- and apc-protecting groups. Fully deprotected acpcPNA

(0.5 µmol) was treated with 4-azidobutanal (15 µmol, 30 equiv)

in the presence of NaBH3CN (30 µmol, 60 equiv) and HOAc

(30 µmol, 60 equiv) in MeOH (200 µL) at room temperature

overnight. After an exhaustive washing with MeOH, the azide-

modified acpcPNA was reacted with 1 (7.5 µmol, 15 equiv) in

the presence of tris[(benzyl-1H-1,2,3-triazol-4-yl)methyl]amine

[44] (TBTA, 30 µmol, 60 equiv), tetrakis(acetonitrile) copper(I)

hexafluorophosphate (15 µmol, 30 equiv) and (+)-sodium-L-

ascorbate (60 µmol, 120 equiv) in 3:1 (v/v) DMSO/t-BuOH at

room temperature overnight. After the reaction was completed,

the labeled acpcPNA was cleaved from the solid support with

trifluoroacetic acid (500 µL × 30 min × 3). After drying and

washing with diethyl ether, the residue was purified by

reversed-phase HPLC and characterized by MALDI–TOF mass

spectrometry (Microflex, Bruker Daltonics; α-cyano-4-hydroxy-

cinnamic acid matrix, positive linear ion mode).
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Spectroscopic studies
Samples for melting temperature, UV–vis, and fluorescence

studies were prepared in 10 mM sodium phosphate buffer

(pH 7.0) at concentrations of PNA = 1.0 µM and DNA =

1.2 µM. UV–vis and thermal denaturation experiments were

performed on a CARY 100 UV–vis spectrophotometer (Varian,

Australia) equipped with a thermal melting system. Fluores-

cence spectra were measured on a Cary Eclipse Fluorescence

Spectrophotometer (Varian, Australia) at an excitation wave-

length of 580 nm with 5 nm excitation and emission slits. Fluo-

rescence melting experiments were performed under the same

conditions by measuring the sample that was pre-heated to the

specified temperature at 5 °C intervals and left for equilibration

at that temperature for at least 5 min. The emission at 643 nm

was divided by the emission at 643 nm of the single-stranded

acpcPNA at the same temperature and plotted against the

temperature to obtain the fluorescence melting curves. Melting

temperatures were obtained from the UV or fluorescence

melting curves by first derivative plots.

Supporting Information
Supporting Information File 1
NMR spectra, HPLC chromatogram, mass spectra and

additional spectroscopic data.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-224-S1.pdf]
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Abstract
An investigation of the interactions of two novel and several known DBTAA–adenine conjugates with double-stranded DNA and

RNA has revealed the DNA/RNA groove as the dominant binding site, which is in contrast to the majority of previously studied

DBTAA analogues (DNA/RNA intercalators). Only DBTAA–propyladenine conjugates revealed the molecular recognition of

AT-DNA by an ICD band pattern > 300 nm, whereas significant ICD bands did not appear for other ds-DNA/RNA. A

structure–activity relation for the studied series of compounds showed that the essential structural features for the ICD recognition

are a) the presence of DNA-binding appendages (adenine side chain and positively charged side chain) on both DBTAA side

chains, and b) the presence of a short propyl linker, which does not support intramolecular aromatic stacking between DBTAA and

adenine. The observed AT-DNA-ICD pattern differs from previously reported ss-DNA (poly dT) ICD recognition by a strong nega-

tive ICD band at 350 nm, which allows for the dynamic differentiation between ss-DNA (poly dT) and coupled ds-AT-DNA.

2175

Introduction
The majority of natural and artificial applications involving

small molecule-DNA/RNA recognition depend on several non-

covalent binding modes. Typical examples are double-stranded

(ds) DNA/RNA intercalation, minor or major groove binding,

and external electrostatic binding [1]. However, non-covalent

interactions involving small molecules (Mw < 600) can only

rely on a small number of interacting groups, while the steric

parameters of DNA/RNA binding sites are also quite limited.

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:pianta@irb.hr
http://dx.doi.org/10.3762%2Fbjoc.10.225
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Scheme 1: Studied DBTAA–adenine conjugates (AP3, AP3am, AP5, AP6) [11], and the reference compounds lacking adenine (APH [11], DP77
[12,13]).

Nevertheless, the dynamic nature of nucleic acids, combined

with structural differences between various DNA/RNA

sequences, offer numerous highly interesting targets. Within the

last two decades, the design of small binding molecules has

mostly relied on the three-dimensional recognition of various

targeted DNA/RNA sites [2,3], frequently relying upon new

knowledge gained from supramolecular chemistry [4].

Among the large number of DNA/RNA sequences of biochem-

ical interest, long homogeneous AT tracts have attracted signifi-

cant attention as small molecule targets. An illustrative natural

example can be found in proteins which use selective binding

interactions of an arginine-rich side arm inside the AT sequence

minor groove to broaden the related DNA major groove, within

which the protein biological action takes place [5]. However,

the majority of known small molecules are not able to distin-

guish AT tracts by length and composition. This has been

demonstrated, for instance, by the inability to distinguish

between longer tracts (more than 20–30 base pairs) of homo and

alternating distribution of AT base pairs.

Our recent studies revealed a novel class of cyanine dyes char-

acterized by bulky phosphonium substituents as intriguing AT

binders, which showed very rare kinetic differentiation between

alternating- and homo-AT-DNA sequences [6]. Moreover, these

dyes efficiently entered cells and were shown to be non-toxic,

mitochondria-specific fluorescent markers [7]. Previous studies

also revealed the advantage of nucleobase incorporation in

small molecule structures for the recognition of complementary

nucleotides/polynucleotides [8-10]. Recent studies of the novel

DBTAA-adenine conjugates AP3 and AP6 (Scheme 1) showed

a highly selective binding of only AP3 to poly dT among all

other ss-DNA/RNA, as characterized by the induction of a

specific CD band response [11]. Observed oligo dT specificity

provoked the intriguing question of whether such a specificity

would be observed in double-stranded AT-DNA sequences. The

experimental design to investigate this question was supported

by the aforementioned importance of AT tracts and the selec-

tivity of cyanine dyes. On this basis, we were inspired to

prepare the novel binders AP5 with a DBTAA–adenine linker

length between AP3 (oligo dT specific) and AP6 (oligo-dT

inert) and AP3am, in which pyridinium is exchanged by a

permethylated amine, with the aim of determining the impor-

tance of aromatic stacking interactions. The results were

compared with the reference APH (lacking adenine) and previ-

ously studied DP77 [12] (Scheme 1), which, having pyridinium

instead of adenine, can also be regarded as a reference structure.

Double-stranded DNA/RNA targets chosen for this study are

long (<100 base pairs) synthetic polynucleotides poly dG–poly

dC, poly dA–poly dT, poly dAdT–poly dAdT and poly rA–poly

rU, each associated with specific structural properties of the

minor/major groove as the anticipated binding site (APH, AP3,

AP6 didn’t intercalate into ct-DNA [11]). Namely, parameters

such as the groove width and depth, steric obstructions like the

amino groups of guanine, H-bonding patterns, as well as

polynucleotide charge density and the curvature of the ds-helix

backbone all differ significantly across the double stranded

examples mentioned above (Table S1, Supporting Information

File 1). The choice of long polynucleotides ensures that signifi-

cant binding of the DBTAA moiety at the ends of the double
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Scheme 2: Preparations of the products AP3am and AP5. Starting compounds were synthesized according to previously reported procedures
[13,14]. i: (1) adenine, NaH, DMF, (2) trimethylamine, DMF; ii: (1) 9-(5-bromopentyl)adenine [15], potassium carbonate, DMF, (2) 1,5-dibromopen-
tane, potassium carbonate, DMF, (3) pyridine.

strands (“capping”) can be neglected and that our investi-

gations indeed sense the differences of the secondary structure

(from minor/major groove) of the studied DNA and RNA

sequences.

Results and Discussion
Synthesis
The synthetic routes to the new adenine–DBTAA conjugates

AP3am and AP5 are summarized in Scheme 2, the details of

which are given in the Experimental section.

Spectroscopic characterisation of DBTAA
derivatives in aqueous medium
Novel compounds AP3am and AP5 were moderately soluble in

aqueous solutions, that is, up to cAP3am = 1 × 10−3 mol dm−3

and cAP5 = 1 × 10−4 mol dm−3, respectively. Buffered aqueous

solutions of the studied compounds were stable for several

months and their absorbances were proportional to their concen-

trations up to c = 3 × 10−5 mol dm−3. Changes of the UV–vis

spectra in response to temperature increases of up to 95 °C were

negligible, and the reproducibility of the UV–vis spectra upon

cooling back to 25 °C was excellent. The UV–vis spectra of

new compounds (AP3am, AP5) were similar to previously

studied analogues [11] (Supporting Information File 1).

Study of interactions of DBTAA derivatives with
ds-DNA/RNA in aqueous medium
Previous studies [11] revealed intriguing recognition of single

stranded DNA dT sequences by AP3 (but not AP6, APH),

whereby intercalation of AP3, AP6, APH in double stranded

ct-DNA was excluded. Here, we studied in more detail the

interactions of AP3, AP6, APH as well as the novel AP3am

and AP5 with a series of synthetic double-stranded polynu-

cleotides.

Thermal denaturation experiments
Non-covalent binding of ligands to ds-DNA/RNA usually

induces stabilization of the ds-helix against thermal denatura-

tion resulting in the increase of DNA/RNA-Tm. In particular,

thermal stabilization is characteristic for the intercalative

binding mode due to the strong aromatic stacking interactions

between studied condensed aromatic molecule and adjacent

base pairs [1,16].

None of the AP compounds showed any stabilization effect on

any of studied ds-polynucleotides, whereas the previously

studied DP77 analogue [12] showed a significant stabilization

effect. The DP77 analogue essentially differing from the AP

series by the presence of two positive charges, one each on side

arm (Table 1).

UV–vis titrations and affinity determination
Titration of the AP series with any studied polynucleotide

resulted in a pronounced decrease of the UV–vis absorbance of

the DBTAA chromophore at >300 nm (Figure 1, Table 2).

However, no measurable shifts of the UV–vis absorption

maxima for any of the AP series were observed. In contrast,

the previously studied analogue DP77 exhibited strong

bathochromic shifts of (Δλ346 nm = 4–13 nm; pyridinium instead

of adenine) [12]. The observation of a hypochromic and not a
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Table 1: The ΔTm
a values (°C) of studied ds-polynucleotides upon addition of AP3, AP3am AP5, AP6 and APH at pH 7.0 (sodium cacodylate buffer,

I = 0.05 mol dm−3), ratio r = 0.3b.

AP3 AP3am AP5 AP6 APH DP77 [12]

ct-DNA (Tm = 79.5 °C) 0 0 0 0 0 12.8
poly A - poly U (Tm = 52.7 °C) 0.5 0 0 0 0 28.1
poly dA–poly dT (Tm = 62.7 °C) 0.7 0 0 0 0 12.2
poly dAdT–poly dAdT (Tm = 56.0 °C) <3 <2 – 0 0 –

aError in ΔTm : ±0.5 °C; br = [compound]/[polynucleotide].

Table 2: Binding constants (log Ks)a and ratios nb ([bound compound]/[polynucleotide phosphate]) calculated from the UV–vis titrations of AP3,
AP3am, AP5 and AP6 with ds-polynucleotides at pH 7.0 (buffer sodium cacodylate, I = 0.05 mol dm−3).

AP3 AP3am AP5 AP6
Hc log Ks n Hc log Ks n Hc log Ks n Hc log Ks n

poly A–
poly U 53 6.0 0.6 35 5.8 0.5 44 6.6 0.7 64 5.7 0.7

poly dA–
poly dT 36 6.2 0.4 40 5.9 0.3 40 5.4 0.5 37 5.0 0.7

poly dAdT–
poly dAdT 35 6.1 0.5 30 5.5 0.6 –d –d –d –d –d –d

poly dG–
poly dC 64 5.5 0.5 35 5.7 0.5 61 5.8 0.6 74 5.6 0.5

aTitration data were processed according to the Scatchard equation [17,18]; bAccuracy of n ± 10–30%, consequently log Ks values vary in the same
order of magnitude; cH/% = (Abs(APH, AP3, AP3am, AP5, AP6) − Abs(complex))/Abs(AP3, AP3am, AP5, AP6)) × 100; dAccurate calculation of
log Ks values was hampered by precipitation during titration.

Figure 1: Changes in the UV–vis spectrum of AP3am
(c = 1.0 × 10−5 mol dm−3) upon titration with poly dA–poly dT; Inset:
dependence of the AP3am absorbance at λmax = 347 nm on c (poly
dA–poly dT), pH 7.0, sodium cacodylate buffer, I = 0.05 mol dm−3.

bathochromic effect for the AP series suggested a different type

of aromatic stacking interaction compared to DP77 (DNA inter-

calator). There are several possible explanations for the

observed hypochromic effect, including the intramolecular

stacking of DBTAA with adenine or the intermolecular stacking

of two DBTAA chromophores within DNA/RNA grooves, a

solvatochromic effect in the DNA/RNA binding site, and even a

weak partial intercalation of DBTAA. However, for the accu-

rate elucidation of the precise mechanism, knowledge of the

DNA/RNA binding mode is a prerequisite.

Processing of the titration data by means of the Scatchard equa-

tion [17,18] gave the binding constants and the density of the

binding sites (Table 2, log Ks and ratio n, respectively). Data for

the APH are not presented in the Table 2 due to the formation

of the agglomerates, which cause baseline increases, thus

preventing the collection of a sufficient number of data (>10

points necessary) for an accurate non-linear fitting.

Examination of the data in Table 2 indicates that all studied

compounds showed similar affinity toward ds-DNA and

ds-RNA. The density of the binding sites (Table 2, ratio n) is

mostly too high for the intercalative mode of binding

(nintercal. teor. < 0.25). This hints at binding within the grooves of

DNA/RNA or agglomeration along the DNA/RNA double

helix. The possibility of several simultaneous binding modes is

excluded by the isoelliptic points observed in CD experiments,

which strongly support one dominant binding mode.
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Figure 2: Induced CD bands observed for AP3, AP3am, AP6 for poly dA–poly dT and poly (dAdT)2 (c = 3.0 × 10−5 mol dm−3). The dG–dC and rA–rU
polynucleotides did not give any induced (I)CD bands >300 nm.

The thermal stabilization of ds-DNA/RNA is an essential

feature of the intercalative binding mode, as well as for many

groove binding molecules. The inability of the entire AP series

to stabilize ds-DNA/RNA (Table 1), in combination with a

considerable binding affinity (Table 2) gives rise to the ques-

tion of the AP series binding mode. To shed more light on the

unusual binding process of the AP dyes, it was necessary to

assess the structure of the AP dye/polynucleotide complex.

Application of the most informative methods like NMR and

X-ray crystallography was hampered by the tendency of the AP

dye/DNA complexes to form colloidal systems at c > 0.1 mM,

which neither crystalized nor were suitable for NMR studies

due to the extensive broadening and decreasing of proton

signals, which eventually merged with the baseline (details

about unsuccessful NMR experiments see [11]).

Circular dichroism (CD) experiments
CD spectropolarimetry offers unique possibilities for the

investigation of small molecule–DNA/RNA interactions. The

polynucleotide secondary structure is chiral itself, and any

binding-induced conformational changes are reflected in the CD

spectrum [19]. Moreover, the uniform binding of achiral small

molecules within chiral DNA/RNA helix results in an induced

CD spectrum (ICD) of the small molecule chromophore,

whereby the ICD spectrum range >300 nm (at which DNA/

RNA do not absorb) is highly informative about the orientation

of the chromophore with respect to DNA/RNA chiral axis

[19,20]. For instance, the intercalation of an aromatic moiety

inside DNA/RNA should result in a weak negative ICD, groove

binding would give a strong positive ICD, while the eventual

aromatic-dimer formation within polynucleotide grooves should

yield the bisignate coupled exciton electronic coupling (EC)

ICD bands [20].

The studied DBTAA derivatives are achiral and are not asso-

ciated with intrinsic CD spectra. Thus, the appearance of ICD

bands >300 nm upon DNA/RNA binding could be used to esti-

mate the orientation of the DBTAA chromophore in the DNA/

RNA binding site.

The addition of APH, AP3, AP3am, AP5 and AP6 resulted in a

decrease of the ds-DNA/RNA CD bands (range from 220 to

300 nm, Supporting Information File 1), whereas the isoelliptic

points supported the formation of only one type of the com-

pound/DNA or RNA complex. The intensity decrease of

ds-DNA/RNA CD bands is usually associated with the partial

disruption of the polynucleotide helical chirality caused by the

binding of a small molecule.

The reference compound APH, as well as AP5 and AP6

(Figure 2C) with all studied ds-DNA/RNA give negligible (if

any) ICD bands in the range of >300–450 nm, which along with

the moderate affinity (Table 2) and the absence of thermal stabi-

lization (Table 1), suggested a non-specific aggregation of

molecules along polynucleotides. Such an unspecific binding

mode (possible locations are minor/major groove, not excluding

weak partial intercalation of the DBTAA moiety) results in

DBTAA chromophores characterized by a variety of orienta-
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tions oriented variously in respect to the DNA/RNA chiral axis,

which can yield the observed weak non-descriptive ICD pattern

[19,20].

By contrast with APH/AP5/AP6, the “propyl” analogues AP3

and AP3am revealed significantly different ICD patterns

>300 nm. Strongly induced ICD bands were observed only for

AT-containing DNAs (Figure 2A,B), but not for GC-DNA and

ds-RNA (Supporting Information File 1). Intriguingly, the ICD

pattern observed for AP3  and AP3am  (Figure 2A,B;

positive–negative–positive sign of ICD bands) were distinc-

tively different from the very weak negative ICD bands of AP5

(Supporting Information File 1) and AP6 (Figure 2C). More-

over, save for AP3, AP3am gave ICD bands (Supporting Infor-

mation File 1) with mixed sequence ct-DNA (58% AT base

pairs).

Although AP3 and AP3am ICD spectra with AT-DNA closely

resemble the ICD spectrum of the previously studied DP77 (no

adenine attached to DBTAA), there are several differences

between AP3/AP3am and DP77. Only DP77 [12] gives an ICD

spectrum for ds-RNA (poly rA–poly rU) and ICD at low

ratios [compd]/[DNA]  (0.1; 0.2), which is attributed to

DP77–DBTAA intercalation. Under the same conditions the

ICD bands of AP3/AP3am exhibit a significant intensity only

at r > 0.3, which strongly corroborates the hypothesis of the

dimerization of the DBTAA chromophore within the DNA

groove [20]. A more detailed analysis of ICD data revealed that

ICD bands of AP3/AP3am were highly sensitive to the second-

ary structure of DNA/RNA and, in particular, the minor groove

properties (Table S1, Supporting Information File 1). For

instance, the ICD bands of AP3/AP3am show the strongest

intensity for an alternating AT–AT-polynucleotide character-

ized by a minor groove size of 6.3 Å, which is ideal for the

accommodation of an aromatic dimer (VdW sum of stacked

aromatics ~7 Å, Figure 4). In contrast to alternating-AT, the

homo-polynucleotide poly dA–poly dT minor groove is much

narrower (3.3 Å), and the lower intensity of bisignate ICD

bands points to a lower percentage of dimer formation (due to

the necessary unwinding and adaptation of homo-polynu-

cleotide to accommodate a DBTAA-dimer). Homo- and alter-

nating-AT-DNA also significantly differ in terms of the charge

density and the curvature of the DNA backbone, which can

influence interactions of the positively charged arm of AP3/

AP3am with the phosphate backbone and AP3/AP3am-adenine

with thymines of the DNA.

The GC-DNA and AU-RNA minor grooves are not suitable for

an aromatic dimer binding. In the case of GC-DNA this is due

to the steric hindrance of the guanine amino groups inside the

groove. In the case of the AU-RNA, it is because of the very

wide and shallow shape, which does not support the binding of

a small molecule (Table S1, Supporting Information File 1).

This is consistent with the fact that no AP3/AP3am ICD bands

were observed for GC-DNA and ds-RNA.

In a previous study AP3 revealed an unprecedented recognition

of a dT sequence by the appearance of a specific ICD band,

while it did not exhibit an ICD signal for other ss-DNA/RNA

[11]. A comparison of ICD bands for various ss- and ds-DNA

(Figure 3) revealed that the strong negative band at 350 nm is

characteristic for ds-DNA, whereas the positive bands at 323

and 421 nm are common for both, ss-dT and ds-AT-DNA.

Thus, the negative ICD band at 350 nm can be assigned to a

part of the bisignate coupled exciton electronic coupling (EC)

ICD band of the AP3 (also AP3am) dimer inside the ds-DNA

minor groove. On the other hand, AP3 binds to poly dT as a

single molecule (not stacked with other DBTAA) and, there-

fore, it is lacking the characteristic bisignate ICD band at

350 nm. Interestingly, the negative ICD band at 350 nm is also

visible for ct-DNA (58% AT base pairs), which confirms that

any AT-DNA sequence even in mixed polynucleotides will give

a characteristic ICD pattern.

Figure 3: Comparison of AP3 ICD bands for ss-DNA (dA and dT) with
alternating- and homo-AT ds-polynucleotides, as well as mixed
sequence DNA (ct-DNA, 58% of AT).

Structure–activity relations of DBTAA–adenine
conjugates in AT-DNA binding
Despite the results described above, it is still not clear whether

the origin of the DBTAA-ICD pattern proposed for the

AT-DNA recognition is an intermolecularly stacked system

formed by two DBTAA moieties or, alternatively, a single

intramolecularly stacked DBTAA–adenine molecule. The solu-

bility of the system prevented NMR experiments. So we relied

on structural differences (linker length connecting DBTAA and

adenine) between AP3/AP3am and AP5/AP6 as free mole-

cules for our proposal of the most likely structure explanation.
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Figure 4: Self-folding of AP5 (upper left – note the stacking of DBTAA and adenine) and AP3 (lower left – note the short linker which does not allow
for the stacking of DBTAA and adenine); (right) detail of three molecules packing in crystal by π–π stacking of parallel DBTAA rings with a distance of
ca. 3 Å (see [13] and Figure 8 therein).

The chosen derivatives (AP5 and AP3) were constructed by

starting from the crystal structure of their close analogue [13],

and then manually self-folded to bring adenine on top of

DBTAA. Finally, their chemical bond lengths and angles were

corrected by the MM2-optimization in the software Marvin-

Suite to assure a realistic presentation (Figure 4). These models

serve as a schematic presentation for an easier discussion of the

experimental results.

The AP3/AP3am cannot form efficient intramolecular stacks

because the AP3/AP3am propyl linker is too short to allow

adenine to stack above the DBTAA moiety (Figure 4 lower

left). Thus, it can be expected that, given an excess of AP3 over

DNA binding sites (r > 0.3), two AP3-DBTAA moieties will

form π–π stacked dimers within the DNA minor groove similar

to the crystal structure of close analogue (Figure 4, right).

Conversely, the AP5 and AP6 aliphatic linkers are long enough

to allow self-folding and easy intramolecular π–π stacking of

adenine with DBTAA (Figure 4, upper right). During the

binding event to ds-DNA (AT minor groove) AP5 and AP6

have to combine intramolecular (self-folded) and intermolec-

ular (with DNA) interactions, whereby the best compromise

could be the binding of self-folded molecules within a DNA

minor groove (see schematic presentation in Figure 5).

The reference compound APH has only one side arm inter-

acting with DNA so that a number of orientation options upon

DNA/RNA binding is increased, which results in a negligible/

non-descriptive ICD pattern. It should be stressed that the

absence of APH-ICD bands emphasizes the importance of

adenine in AP3/AP3am for the induction of AT-DNA ICD

pattern.

Conclusion
The AP derivatives presented herein are found to non-cova-

lently bind to ds-DNA/RNA. The absence of bathochromic

shifts in UV–vis titrations, the lack of a thermal stabilization

effect on any ds-DNA/RNA, as well as the previously reported

[11] viscometry and gel electrophoresis results do not support

intercalation as the dominant binding mode (not excluding weak

partial intercalation of the DBTAA moiety in some cases).

Intrinsically achiral, AP-derivatives reveal significantly

different induced CD bands upon binding to ds-DNA/RNA.

Only DBTAA–propyladenine conjugates (AP3/AP3am)

revealed molecular recognition of AT-DNA by the appearance

of an ICD band pattern >300 nm. Significant ICD bands did not

appear for other ds-DNA/RNA. A structure–activity relation for

the studied series of compounds revealed that the essential

structural features for the ICD recognition of AT-DNA are

a) the presence of DNA-binding appendages on both DBTAA

side chains, i.e., the adenine side chain and the positively

charged side chain and b) the presence of a short propyl linker,

which does not support intramolecular aromatic stacking

between DBTAA and adenine.

The essential difference between AP3/AP3am and DP77 is that

the former give ICD bands exclusively for AT-DNA, while the

latter gives various ICD patterns for all ds-DNA and even

ds-RNA. Thus DP77 is not suitable for the recognition of

AT-DNA.

Furthermore, the ICD patterns of AP3 with ss-DNA (oligo dT)

and ds-AT-DNA essentially differ in the appearance of a strong

negative band at 350 nm, characteristic for ds-DNA. This band

could be used to probe the efficiency of pairing oligo dT
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Figure 5: Schematic presentation of self-folded AP5 (free AP5 see Figure 4; upper left) in the minor groove of poly dAdT–poly dAdT. Double stranded
DNA (previously used in [6]) was created with the program NUCGEN, a part of the AMBER11 program suite [21]. The self-folded ligand AP5 was
docked manually into the poly (dA–dT)2 polynucleotide minor groove by using the program VMD [22], taking into account that VdW radii of DNA and
ligand do not overlap.

sequences with complementary dA or rA structures, for

instance, in any (antisense strategy) developed oligonucleotide,

which relies on efficient and precise AT sequence pairing.

Namely, the addition of AP3/AP3am to ss-DNA containing an

oligo dT sequence should yield the specific ICD pattern of dT

among any other ss-DNA/RNA sequence present in solution

[11]. The ICD pattern upon the addition of the exclusively

matching oligo A sequence should change by the appearance of

a strong negative band at 350 nm, which is characteristic for

ds-AT-DNA. Another application could be related to oligo

(dT)-cellulose commonly used for tRNA purification [23]. In

particular, the difference in AP3/AP3am ICD pattern between

cellulose-tagged dT and coupled double-stranded oligo dT–rA

can be reported and its stability and structure studied in detail

by monitoring the changes in ICD shape and intensity.

Furthermore, DBTAA–derivatives are azamacrocyclic ligands

and thus have additional potential to bind metal cations [24],

such metal complexes offering a variety of different interac-

tions with DNA/RNA. Future prospects also include the syn-

thesis of fluorescent DBTAA derivatives, which are expected to

transfer observed intriguing DBTAA-DNA/RNA binding prop-

erties in a lower concentration range and broaden the set of

DBTAA applications by cell-bioimaging. Such applications are

also supported by the preliminary bioactivity screening of the

AP-series, which revealed low cytotoxicity toward human cell

lines.

Experimental
General
7,16-Bis[2-(3-bromopropoxy)benzoyl]-5,14-dihydrodi-

benzo[b,i][1,4,8,11]tetraazacyclotetradecine, 7,16-Bis[2-

hydroxybenzoyl]-5,14-dihydrodibenzo[b,i][1,4,8,11]tetraazacy-

clotetradecine and 9-(6-bromopentyl)adenine were prepared by

the procedure described earlier [13-15]. All reagents were

purchased from commercial sources (Sigma-Aldrich) and were

used as received. Solvents were dried by using standard

methods and were freshly distilled before use.

1H and 13C NMR were run on Bruker AVANCE II 300 and

Bruker AVANCE III 600 spectrometers. Chemical shifts (δ) are

expressed in parts per million and J values in hertz. Signal

multiplicities are denoted as s (singlet), d (doublet), t (triplet), q

(quartet), and m (multiplet). The IR-ATR spectra were recorded

with a Thermo Fisher Scientific Nicolet IR200. ESI mass

spectra were taken on a Bruker Daltonics microTOF-II spec-

trometer.

Syntheses
(7-{2-[3-(Adenin-9-yl)propoxy]benzoyl}-16-{2-[3-(N,N,N-

trimethylammonium)propoxy]benzoyl}-5,14-dihy-

drodibenzo[b,i][1,4,8,11]tetraazacyclotetradecine bromide)

(AP3am): Similar as described in [11] a mixture consisting of

adenine (0.175 g, 1.298 mmol) and 60% NaH (0.039 g,

0.931 mmol) in anhydrous DMF (3 mL) was stirred for 1 h at
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room temperature. 7,16-Bis[2-(3-bromopropoxy)benzoyl]-5,14-

dihydrodibenzo[b,i][1,4,8,11]tetraazacyclotetradecine [13]

(0.5 g, 0.649 mmol) dissolved in hot anhydrous DMF (40 mL)

was added, and the reaction mixture was stirred at 40 °C for

5 min, then for 3 h at room temperature. The reaction mixture

was then cooled in a freezer and partitioned between dichloro-

methane (70 mL) and water (100 mL). The organic layer was

separated, washed with water (2 × 100 mL), dried over anhy-

drous magnesium sulfate, concentrated to a small volume, and

chromatographed on a column of silica gel with dichloro-

methane/methanol (20:0.5 to 20:1 v/v) as an eluent. The main

orange fraction was collected and evaporated to dryness. A

residue was dissolved in DMF (3 mL) and placed in an ice bath.

0.6 mL of cooled trimethylamine was added, and the mixture

was stirred for 5 h at 50 °C. The excess of trimethylamine was

removed under diminished pressure, and 30 mL of tert-butyl

methyl ether was added. Crystallized solid was collected,

washed with tert-butyl methyl ether, dried in vacuum, and

chromatographed on a column with basic aluminum oxide with

dichloromethane/methanol (20:0.5 to 20:2 v/v) as an eluent. The

main orange fraction was collected, evaporated to dryness, and

dissolved in methanol (2 mL). An orange-red microcrystalline

product was obtained by the slow diffusion of diethyl ether and

the drying isolated solid under vacuum. Yield: 0.046 g (8%). 1H

NMR (600 MHz, DMSO-d6) δ (ppm) 14.29 (m, 1H, H10/H21),

14.20 (m, 1H, H10/H21), 8.55 (d, J = 6.7 Hz, 2H, {H7,

H9}/{H18, H20}), 8.43 (d, J = 6.5 Hz, 2H, {H7, H9}/{H18,

H20}), 7.91 (s, 1H, Hh), 7.86 (s, 1H, Hk), 7.52 (m, 2H, H27,

H27'), 7.39 (m, 2H, H25, H25'), 7.09-7.31 (m, 12H, H1-H4, H12-

H15, H26, H26', H28, H28'), 7.07 (s, 2H, Hm), 4.09–4.14 (m, 4H,

Hg, Ha), 4.03 (t, J = 5.9 Hz, 2H, He), 3.28 (m, 2H, Hc), 2.92 (s,

9H, Hd), 2.11 (m, 2H, Hf), 2.03 (m, 2H, Hb); 13C NMR (75

MHz, DMSO-d6) δ (ppm) 191.2, 191.4 (C23, C23'), 155.7 (Cl),

154.8, 155.0 (C29, C29'), 152.3, 152.7 (C7, C9, C18, C22), 152.1

(Ck), 149.2 (Cj), 140.4 (Ch), 136.1, 136.3 (C5, C11, C16, C22),

131.4 (C27, C27'), 129.1, 129.2 (C25, C25'), 128.7, 128.8 (C24,

C24'), 126.7 (C2, C3, C13, C14), 120.9, 121.2 (C26, C26'), 118.6

(Ci), 115.3, 115.5 (C1, C4, C12, C15), 112.7, 113.0 (C28, C28'),

110.0, 110.2 (C18, C19), 65.1 (Ca, Ce), 62.8 (Cc), 52.0 (Cd),

29.0, 22.5 (Cb ,  Cf); ESI-HRMS (m/z): M+  calcd for

C46H47N10O4, 803.378; found, 803.376; IR-ATR (cm−1): 3525,

3374, 3314, 3177, 3083, 2959, 2919, 2868, 1651, 1600, 1562,

1484, 1449, 1417, 1396, 1286, 1263, 1239, 1219.

(7-{2-[5-(Adenin-9-yl)pentoxy]benzoyl}-16-{2-[5-(N-pyri-

d i n i u m - 1 - y l ) p e n t o x y ] b e n z o y l } - 5 , 1 4 - d i h y d r o d i -

benzo[b,i][1,4,8,11]tetraazacyclotetradecine bromide)

(AP5): Similar as described in [11] a reaction mixture

consisting of 7,16-Bis[2-hydroxybenzoyl]-5,14-dihydrodi-

benzo[b,i][1,4,8,11]tetraazacyclotetradecine [14] (0.2 g,

0.378 mmol), anhydrous potassium carbonate (0.104 g,

0.757 mmol), and 9-(6-bromopentyl)adenine [15] (0.054 g,

0.189 mmol) in anhydrous DMF (40 mL) was stirred for 72 h at

room temperature. 1,5-Dibromopentane (0.618 mL, 4.54 mmol)

and anhydrous potassium carbonate (0.026 g, 0.189 mmol) were

then added, and the stirring was continued for 24 h at room

temperature. The reaction mixture was partitioned between di-

chloromethane (20 mL) and water (100 mL). A small amount of

solid KBr was added to improve the separation of the phases.

The organic layer was separated and washed thoroughly with

water (5 × 30 mL), dried over anhydrous magnesium sulfate,

concentrated to a small volume, and chromatographed on a

column of silica gel with dichloromethane/methanol (10:0.6

v/v) as an eluent. The second fraction was collected from the

two orange ones which displayed the highest intensity. It was

evaporated to dryness, dissolved in 3 mL of chloroform, and,

once again, chromatographed on a column of silica gel with

chloroform/methanol (20:0.4 to 20:0.6 v/v) as an eluent. The

main fraction was collected, evaporated to dryness, and a solid

residue was dissolved in pyridine (5 mL). The mixture was

stirred for 7 h at 45 °C, then pyridine was removed under

diminished pressure, and the solid residue was chromato-

graphed on a column with basic aluminum oxide with dichloro-

methane/methanol (20:0.5 to 20:3 v/v) as an eluent. The main

orange fraction was collected and evaporated to dryness. An

orange-red microcrystalline product was obtained by drying

under vacuum. Yield: 0.035 g (19%). 1H NMR (300 MHz,

DMSO-d6) δ (ppm) 14.26 (m, 2H, H10, H21), 8.95 (m, 2H, Hf),

8.54 (tt, J = 7.8 Hz, J = 1.3 Hz, 1H, Hh), 8.45 (m, 4H, H7, H9,

H18, H20), 8.05 (m, 2H, Hg), 7.95 (s, 1H, Hn), 7.86 (s, 1H, Hq),

7.50 (m, 2H, H27, H27'), 7.33 (dd, J = 3.7 Hz, J = 1.8 Hz, 1H,

H25/H25'), 7.04–7.26 (m, 15H, H1-H4, H12-H15, H25/H25', H26,

H26', H28, H28', Hs), 4.43 (t, J = 7.6 Hz, 2H, He), 4.00 (m, 4H,

Ha, Hm), 3.87 (t, J = 7.3 Hz, 2H, Hi), 1.78 (m, 2H, aliphatic

chain), 1.59 (m, 6H, aliphatic chain), 1.24 (m, 4H, aliphatic

chain); 13C NMR (75 MHz, DMSO-d6) δ (ppm) 191.3, 191.4

(C23, C23'), 155.7 (Cr), 155.1, 155.1 (C29, C29'), 152.4, 152.5

(C7, C9, C18, C20), 152.1 (Cq), 149.3 (Cp), 145.3 (Ch), 144.4

(Cf), 140.2 (Cn), 136.1 (C5, C11, C16, C22), 131.3, 131.5 (C27,

C27'), 129.0, 129.2 (C25, C25'), 128.6 (C24, C24'), 127.9 (Cg),

126.7 (C2, C3, C13, C14), 120.7 (C26, C26'), 118.5 (Co), 115.2

(C1, C4, C12, C15), 112.5, 112.5 (C28, C28'), 109.9, 110.0 (C8,

C19), 67.5, 67.5 (Ca, Ci), 60.3 (Ce), 42.4 (Cm), 21.8, 22.4, 27.6,

27.8, 28.9, 30.1 (Cb–Cd, Cj–Cl); ESI-HRMS (m/z): M+ calcd for

C52H51N10O4, 879.409; found, 879.407; IR-ATR (cm−1): 1249,

1286, 1412, 1446, 1483, 1560, 1588, 1643, 2863, 2935, 3057,

3317.

Spectrophotometric studies
The UV–vis spectra were recorded on a Varian Cary 100 Bio

spectrophotometer and the CD spectra on a JASCO J815 spec-

trophotometer at 25 °C with appropriate 1 cm path quartz
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cuvettes. The study of interactions with DNA and RNA was

carried out with aqueous solutions of compounds buffered to

pH 7.0 (buffer sodium cacodylate, I = 0.05 mol dm−3).

Polynucleotides were purchased as noted: poly dAdT–poly

dAdT, poly dG–poly dC, poly dA–poly dT, poly A–poly U

(Sigma-Aldrich, St. Louis. USA), calf thymus (ct)-DNA

(Aldrich). Polynucleotides were dissolved in sodium cacody-

late buffer, I = 0.05 mol dm−3, pH 7.0. The calf thymus ct-DNA

was additionally sonicated and filtered through a 0.45 mm filter

[25]. The polynucleotide concentration was spectroscopically

determined as the concentration of nucleobases. Spectrophoto-

metric titrations were performed at pH 7.0 (I = 0.05 mol dm−3,

buffer sodium cacodylate) by adding portions of polynucleotide

solution into the solution of the studied compound for UV–vis.

CD experiments were carried out by adding portions of com-

pound stock solution into the solution of polynucleotide. Titra-

tion data were processed by the Scatchard equation [17,18]. The

values for Ks and n given in Table 2 all have satisfactory corre-

lation coefficients (>0.999). The thermal melting curves for

DNA, RNA and their complexes with the studied compounds

(Table 1) were determined as previously described [16,26] by

following the absorption change at 260 nm as a function of the

temperature. The absorbance of the ligands was subtracted from

every curve, and the absorbance scale was normalized. Tm

values are the midpoints of the transition curves determined

from the maximum of the first derivative and checked graphi-

cally by the tangent method [26]. The ΔTm values were calcu-

lated by subtracting Tm of the free nucleic acid from Tm of the

complex. Every reported ΔTm value was the average of at least

two measurements. The error of ΔTm is ±0.5 °C.

Supporting Information
Supporting Information File 1
Additional NMR spectra for new compounds, additional

UV–vis and CD spectra.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-225-S1.pdf]
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Abstract
An effective method for the synthesis of short oligoribonucleotides in solution has been elaborated. Novel 2'-O-(2-cyanoethyl)-5'-

O-(1-methoxy-1-methylethyl) protected ribonucleoside 3'-phosphoramidites have been prepared and their usefulness as building

blocks in RNA synthesis on a soluble support has been demonstrated. As a proof of concept, a pentameric oligoribonucleotide,

3'-UUGCA-5', has been prepared on a precipitative tetrapodal tetrakis(4-azidomethylphenyl)pentaerythritol support. The 3'-terminal

nucleoside was coupled to the support as a 3'-O-(4-pentynoyl) derivative by Cu(I) promoted 1,3-dipolar cycloaddition. Couplings

were carried out with 1.5 equiv of the building block. In each coupling cycle, the small molecular reagents and byproducts were

removed by two quantitative precipitations from MeOH, one after oxidation and the second after the 5'-deprotection. After comple-

tion of the chain assembly, treatment with triethylamine, ammonia and TBAF released the pentamer in high yields.

2279

Introduction
Recognition of short noncoding RNAs as regulatory elements of

gene expression [1-5] has attracted interest in their physico-

chemical properties, including structure, dynamics of chain

invasion and recognition by small molecular entities [6-10]. The

quantities of short RNA sequences required for such studies are

often larger than what can easily be obtained by lab-scale solid

phase synthesis. In other words, there seems to be a need for a

straightforward solution phase approach, allowing assembly of

short RNAs in a hundreds of milligrams scale. While several

such methods for the synthesis of DNA, based either the phos-

phoramidite [11-16], H-phosphonate [17-19] or phosphotriester

chemistry [20-22], have been introduced, none of them has so

far been applied to the synthesis of RNA.

Tetrakis(4-azidomethylphenyl)pentaerythritol has recently been

introduced as a practical soluble support for the synthesis of

short oligodeoxyribonucleotides [16]. The 3'-terminal nucleo-

side is attached as a 3'-O-(4-pentynoyl) derivative to the support

by a Cu(I) catalyzed click reaction and conventional phosphor-

amidite chemistry is then applied. The advantage of this support

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:harlon@utu.fi
http://dx.doi.org/10.3762%2Fbjoc.10.237
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Scheme 1: Synthesis of building blocks of the oligoribonucleotide synthesis. (i) TFA, aq THF, 0 °C; (ii) 2-methoxypropene, TsOH, THF; (iii) NH4F,
MeOH; (iv) 1-chloro-1-(2-cyanoethoxy)-N,N-diisopropylphosphinamine, DIPEA, DCM; (v) 1. 4-pentynoic acid, DCC, dioxane, 2. Py, DMAP (cat).

is that the small molecular reagents and byproducts are removed

in each coupling cycle by two fully quantitative precipitations

from MeOH, one after oxidation and the second after the

5'-deprotection. Owing to the symmetrical tetrapodal structure

of the support, the completeness of couplings may be verified

by 1H NMR spectroscopy. We now report on the synthesis of

short oligoribonucleotides on this support. Unfortunately,

commercially available building blocks that bear a large

hydrophobic protecting group at 2'-O, such as the tert-butyl-

dimethylsilyl group, cannot be used, since the increased

hydrophobicity of the growing chain prevents precipitation

from MeOH. For this reason, 3'-phosphoramidite building

blocks bearing the less hydrophobic 2-cyanoethyl group at 2'-O

[23] and the 1-methoxy-1-methylethyl group at 5'-O [15] have

been prepared and used to assemble a pentamer, 5'-UUGCA-3',

on the precipitative pentaerythritol derived support. Precipita-

tion has previously been exploited in conversion of fully

protected guanosine 3'-phosphoramidite to cyclic 3',5'-GMP

dime by an essentially one-pot synthesis followed by a two-

step, one-flask deprotection [24].

Results and Discussion
Preparation of nucleosidic building blocks
The synthesis of the nucleosidic building blocks is outlined in

Scheme 1. The base moiety protected 2'-O-(2-cyanoethyl)-3',5'-

O-(1,1,3,3-tetraisopropyldisiloxane-1,3-diyl) ribonucleosides

(1a,b',c,d), used as starting materials, were prepared as

described previously in the literature [23]. The 5'-O–Si bond
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Scheme 2: (i) 6a, CuI, sodium ascorbate, DMAc; (ii) HCl in dioxane/MeOH 2:1, (iii) 5a', 4,5-dicyanoimidazole, MeCN/DMF 1:1; (iv) 1. I2, THF, 2,6-luti-
dine, H2O, 2. P(OMe)3, 3. Precipitation from MeOH; (v) 1. HCl in DCM/MeOH 5:2, 2. Precipitation from MeOH; (vi) steps iii–v repeated to coupled 5b,
5c'' and 5d in this order; (vii) 1. TEA, 2. NH4OAc, aq NH3 (25%), 3. TBAF, iPrNH2, THF; (viii) Precipitation from EtOH with NaOAc.

was selectively hydrolyzed with TFA in aqueous THF, leaving

the 3'-O–Si linkage intact, and the exposed 5'-OH of com-

pounds 2a–d was subjected to acid-catalyzed acetalization with

2-methoxypropene in THF. The subsequent 3'-O desilylation of

the fully protected nucleosides (3a–d) then required careful

adjustment of conditions. Desilylation with NH4F in MeOH

turned out to be successful in the sense that the 2'-O and 5'-O

protecting groups remained intact, whereas TEA∙3HF in THF

partly removed the 5'-O-(1-methoxy-1-methylethyl) group and

TBAF in THF the 2'-O-(2-cyanoethyl) group. Unfortunately,

even the reaction with NH4F was in some cases accompanied

by removal of the base moiety protecting groups. Cytidine

derivative 3c lost entirely and adenosine derivative 3d partially

the dimethylaminomethylene group, yielding 4c' and 4d', res-

pectively. Reintroduction of the same protecting group to 4d'

gave the desired 4d in high yield, whereas 4c' was benzoylated

to obtain 4c''. In addition, the uridine derivative 3a underwent

partial removal of the 3-benzoyl group from 3a giving 4a' in

addition to 4a. The phosphoramidite building blocks

(5a',b,c'',d) were finally obtained by phosphitylation of com-

pounds 4a', 4b, 4c'' and 4d with 1-chloro-1-(2-cyanoethoxy)-

N,N-diisopropylphosphinamine in MeCN in the presence of

N,N-diisopropylethylamine.

To enable immobilization of the 3'-terminal nucleoside to the

azido functionalized support, 3-benzoyl-2-O-cyanoethyl-5-(1-

methoxy-1-methylethyl)uridine (4a) was transformed to its

3'-O-(4-pentynoyl) derivative 6a. To accomplish this,

4-pentynoic acid was first converted to its anhydride by DCC

activation in dioxane and this was then used for the 3'-O-acyla-

tion of 4a in pyridine in the presence of 4-dimethylaminopyri-

dine. Experimental details for the preparation of all the building

blocks and NMR and MS data for their characterization are

given in Supporting Information File 1.

Oligonucleotide synthesis
Previously reported [16] pentaerythritol-derived tetraazido

support 7 was used to assemble a pentameric oligoribonu-

cleotide, 5'-UUGCA-3', from the building blocks described

above. The 3'-terminal block 6a was first attached to the support

by Cu(I) promoted 1,3-dipolar cycloaddition [25,26]

(Scheme 2). The procedure employed was essentially the same
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as described for the attachment of similar 3'-O-(4-pentynoyl)

acylated 2'-deoxyribonucleosides [16,22]. The tetrapodal

nucleoside cluster (8a) obtained was purified by silica gel chro-

matography and the 5'-O-(1-methoxy-1-methylethyl) protecting

groups were then removed by acid-catalyzed methanolysis with

HCl in a mixture of MeOH and dioxane. Removal of volatiles

under reduced pressure and treatment of the residue with diethyl

ether gave the deprotected support (8b) as a white powder. The

homogeneity of 8b was verified by RP-HPLC (see Supporting

Information File 1).

The synthetic cycle was composed of three steps, as usual:

coupling, oxidation and deprotection. Couplings were carried

out in a 1:1 mixture of MeCN and DMF under N2 using

1.5 equiv of the respective phosphoramidite building block per

a support-bound 5'-hydroxy group. After coupling, the phos-

phite triester obtained was oxidized to phosphate triester with

iodine in aq THF containing 2,6-lutidine, and the reaction was

quenched with P(OMe)3 in DMF. The mixture was concen-

trated to oil and the support was precipitated from cold MeOH.

HPLC analyses of both the filtrate and the precipitate indicated

that the support-bound oligonucleotides precipitated quantita-

tively from MeOH, while the unreacted building block and

small molecular reagents remained in the filtrate (Figure 1). No

sign of the HPLC signal referring to the support bound

nucleotides (tR = 20.14 min) could be detected in the liquid

phase. In addition to the signal at tR = 20.14 min, a minor signal

at tR = 19.51 min appears in the HPLC trace of the precipitate.

This refers to a compound having lost one benzoyl protecting

group.

Figure 1: HPLC traces referring to precipitation of the tetrapodal
support bearing fully protected UU-dimers (9), i.e., after the oxidation
step: (A) stands for the precipitate and (B) for the filtrate after the
precipitation. Chromatographic conditions: a Thermo ODS Hypersil
C18 (250 × 4.6 mm, 5 µm) column eluted with a mixture of MeCN and
aq Et3N (0.1 mol L−1) at flow rate 1 mL min−1. A linear gradient from
MeCN 25% at t = 0 min to MeCN 100% at t = 25 min.

The white precipitate was then disolved in a 5:2 mixture (v/v)

of DCM and MeOH and subjected to HCl-catalyzed methanol-

ysis ([HCl] = 0.015 mol L−1). After 15 min, the mixture was

neutralized by the addition of pyridine, concentrated to oil and

the support was again precipitated from cold MeOH (Figure 2).

The minor signal at 13 min (a) on the HPLC trace of the precip-

itate (A) refers to a support having one 2-cyanoethyl group

removed.

Figure 2: HPLC traces referring to precipitation of the tetrapodal
support bearing 5'-O-deprotected UU-dimers, i.e., after the deprotec-
tion step: (A) stands for the precipitate and (B) for the filtrate after the
precipitation. For the chromatographic conditions, see the legend of
Figure 1.

The identity of the product was after each coupling cycle, i.e.,

after removal of the 5'-O-(methoxy-1-methylethyl) protecting

group, verified by ESIMS. The data obtained are given in the

Table 1. The completeness of the coupling was verified by

HPLC. To ensure quantitative coupling, an exceptionally long

coupling time (12 h) was employed. The coupling time was not

really optimized, but preliminary studies revealed that after 4 h

a minor part of the support still contained one unreacted branch.

Since 4,5-dicyanoimidazole afforded almost quantitative

coupling, no other activators were tested.

Upon completion of the assembly of 3'-UUGCA-5', the oligonu-

cleotide was released from the support and deprotected by treat-

ment with triethylamine, ammonia and finally with TBAF. The

deprotected pentamer was precipitated from EtOH with NaOAc,

The overall yield of the pentamer was 54% (according to the

UV absorption), corresponding to 86% average coupling yield.

Figure 3 shows the homogeinety and identity of the pentamer.

Conclusion
An effective method for the synthesis of short oligoribonucleo-

tides in solution has been elaborated. The main characteristics

of this method are the use of a precipitative pentaerythritol-
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Table 1: Negative ion ESIMS of the tetrapodal pentaerythritol (PE) soluble support bearing 5'-O-deprotected oligonucleotides.

Compound m/z obsd. m/z calcd

PE-(UBz)4 1327.8 [M + 2Cl]2− 1327.7 [M + 2Cl]2−

PE-[UBzU]4 2116.4 [M − 2H]2− 2116.8 [M − 2H]2−

PE[UBzUGdmf]4 3130.8 [M − 2H]2− 3128.6 [M − 2H]2−

PE[UBzUGdmfCBz]4 2079.5 [M − 4H]4− 2079.7 [M − 4H]4−

PE[UBzUGdmfCBzAdmf]4 2570.0 [M − 4H]4− 2570.1 [M − 4H]4−

Figure 3: Negative ion ESIMS and HPLC traces of the isolated
3'-UUGCA-5'. For the MS over a wider mass range, see Supporting
Information File 1. Chromatographic conditions: a Thermo ODS
Hypersil C18 (250 × 4.6 mm, 5 µm) column eluted with a mixture of
MeCN and H2O at flow rate 1 mL min−1. A linear gradient from MeCN
0% at t = 0 min to MeCN 100% at t = 20 min. The minor signal at
14.5 min refers to benzamide.

derived soluble support and small reasonably polar sugar

moiety protecting groups, viz. the 2'-O-(2-cyanoethyl) and the

5'-O-(1-methoxy-1-methylethyl) group. These together allow

facile purification after each coupling/oxidation and 5'-O-

deprotection step by quantitative precipitation from MeOH. As

a proof of concept, a 3'-UUGCA-5' pentamer was prepared in

54% yield by using 1.5 equiv of the monomeric phosphor-

amidite building block per 5'-hydroxy function. Release from

the support and removal of the cyanoethyl group from the phos-

phate and the base moiety protecting groups was achieved by

consecutive treatments with triethylamine and aqueous NH3/

NH4OAc. Treatment of the released oligomer with 1 mol L−1

TBAF in THF removed the 2'-O-(2-cyanoethyl) protecting

group and the deprotected oligomer was isolated by precipita-

tion from EtOH with NaOAc.

Experimental
General. RP-HPLC separations were carried out on a Thermo

ODS Hypersil C18 (250 × 4.6 mm, 5 µm) analytical column

using UV detection (λ = 260 nm). NMR spectra were recorded

on a Bruker Avance spectrometer (500 or 400 MHz) at 25 °C.

Chemical shifts are given in ppm from TMS. HRMS analysis

were recorded on a Bruker Daltonics spectrometer.

For the preparation and characterization of building blocks

1a,b',c,d, 2a–d, 3a–d, 4a,a',b,c',d, 5a',b,c'',d and 6a, see the

Supporting Information File 1.

Tetrakis-O-(4-azidomethylphenyl)pentaerythritol (7).

Preparation of compound 7 has been described previously [16].

Tetrakis-O-{4-{3-[3-benzoyl-2'-O-(2-cyanoethyl)-5'-O-(1-

methoxy-1-methylethyl)uridin-3'-O-yl]-3-oxoprop-1-yl}-1H-

1,2,3-triazol-1-ylmethylphenyl}pentaerythritol (8a). Com-

pounds 6a (0.544 g; 0.98 mmol) and 7 (0.130 g; 0.20 mmol)

were dissolved in dry DMAc (5 mL) in a pyrex tube. The

slightly yellow-brownish solution was subjected to degassing

according to a previous procedure [27]. A catalytic amount of

CuI and sodium ascorbate were added under N2 and the mix-

ture was stirred for 20 h at 45 °C. The solvent was removed

under reduced pressure and the residue was subjected to column

chromatography on silica gel using a gradient of 1–5% MeOH

in DCM containing 1% TEA. Support 8a was obtained as a

white foam in 92% yield (0.520 g; 0.18 mmol).

Tetrakis-O-{4-{3-[3-benzoyl-2'-O-(2-cyanoethyl)uridin-3'-O-

yl]-3-oxoprop-1-yl}-1H-1,2,3-triazol-1-ylmethylphen-

yl}pentaerythritol (8b). Support 8a (0.520 g; 0.18 mmol) was

dissolved in 2:1 mixture (v/v) of dioxane and MeOH (20 mL)

and 0.5 mL of 0.1 mol L−1 HCl in dioxane was added. The

yellowish solution was stirred for 1 h at room temperature and

the solvent removed under reduced pressure. A small amount of

pyridine was added to neutralize any traces of acid. Et2O
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(50 mL) was added affording 8b instantaneously as white

precipitate (0.453 g; 0.17 mmol) in 97% yield. The identity of

the product was verified by ESIMS (Table 1) and the

homogeinity by HPLC on a Thermo ODS Hypersil C18

(250 × 4.6 mm, 5 µm) column eluted with a mixture of MeCN

and H2O at flow rate 1 mL min−1, using a linear gradient from

MeCN 25% at t = 0 min to MeCN 100% at t = 25min (for the

HPLC traces, see Supporting Information File 1).

Oligonucleotide synthesis. Support 8b (0.151 g; 0.056 mmol)

and 6 equiv of the phosphoramidite building block 5a' (200 mg;

0.35 mmol; 1.5 equiv per branch) were dissolved in an 1:1 mix-

ture (v/v) of MeCN and DMF (5 mL), and 4,5-dicyanoimida-

zole in MeCN (1.39 mL of 0.25 mol L−1 solution, 0.32 mmol)

was added. The mixture was stirred for 12 h at room tempera-

ture and then I2 (0.13 g; 0.5 mmol) in 4:2:1 mixture (v/v) of

THF, water and 2,6-lutidine (4 mL) was added and the mixture

was stirred for 20 min. Unreacted I2 was quenched by the addi-

tion of P(OMe)3 (0.1 mmol), the mixture was concentrated to

oil and the oligonucleotide was precipitated in quantitative

yields from cold MeOH (75 mL). The white precipitate was

filtered over celite (AW) and isolated.

The white precipitate obtained was dissolved in a 5:2 mixture of

DCM and MeOH (35 mL) and 5 mL of a 0.125 mol L−1 HCl in

MeOH solution were added. After 15 min, pyridine was added

to neutralize the acid catalyst. The solution was concentrated to

oil and cold MeOH (50 mL) was added. The white precipitate

obtained instantaneously was collected by filtration through

celite (AW) and dried under vacuum. The identitiy of the clus-

tered dimer PE[3'-UBzU-5'-OH]4 (9) was verified by ESIMS

(Table 1) and the homogeneity by HPLC (Figure 2). The gravi-

metrically determined overall yield was 93% (230 mg).

The coupling cycle (coupling, oxidation, precipitation, depro-

tection and precipitation) was then repeated to couple building

blocks 5b, 5c'' and 5d, in this order. The identity and homo-

geneity of the product was verified after each cycle by ESIMS

(Table 1) and HPLC.

Release and deprotection. A sample of the support bound

cluster, 3'-UBzUGdmfCBzAdmf-5' (20 mg), was dissolved in an

1:1 mixture of DMF and MeCN (4 mL) and treated with TEA

(2 mL) to release the protected oligonucleotide from the support

[23]. To the mixture, aq NH3 (25%) containing 10% NH4OAc

(w/v) was added and the solution was stirred for 12 h at room

temperature [28]. The solvent was removed under reduced pres-

sure and 1 mol L−1 solution of TBAF in dry THF (4 mL) and

isopropylamine (200 µL) were added. The reaction was moni-

tored by HPLC and was observed to be completed in 12 h at

room temperature. The homogeneity and identity of the depro-

tected pentamer, 3'-UUGCA-5', was verified by HPLC and

ESIMS (Figure 3). According to the UV-spectrophotometric

assay, the overall yield of the pentamer from 8b was 54%,

corresponding to 86% average coupling yield. The remaining

support bound oligonucleotide was then released and depro-

tected in the same manner, and the deprotected oligonucleotide

was precipitated as a sodium salt by adding EtOH (20 mL) to

the solution of the oligonucleotide in 3 mol L−1 aq NaOAc

(1.0 mL) and keeping the mixture at −20 °C for 1.5 h. The

precipitate was carefully dried, and the concentration of a

weight sample dissolved in water was determined on the basis

of UV absorbance at 260 nm. According to this analysis, the

oligonucleotide content of the precipitate was 95%.

Supporting Information
Supporting Information File 1
Further experimental data.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-237-S1.pdf]
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Abstract
Covalently interstrand cross-linked DNA is an interesting tool to study DNA binding proteins that locally open up the DNA duplex

by flipping single bases out of the DNA helix or melting whole stretches of base pairs to perform their function. The ideal DNA

cross-link to study protein–DNA interactions should be specific and easy to synthesize, be stable during protein binding experi-

ments, have a short covalent linker to avoid steric hindrance of protein binding, and should be available as a mimic for both A/T

and G/C base pairs to cover all possible binding specificities. Several covalent interstrand cross-links have been described in the

literature, but most of them fall short of at least one of the above criteria. We developed an efficient method to site-specifically and

reversibly cross-link thionucleoside base pairs in synthetic duplex oligodeoxynucleotides by bisalkylation with 1,2-diiodoethane

resulting in an ethylene-bridged base pair. Both linked A/T and G/C base pair analogs can conveniently be prepared which allows

studying any base pair-opening enzyme regardless of its sequence specificity. The cross-link is stable in the absence of reducing

agents but the linker can be quickly and tracelessly removed by the addition of thiol reagents like dithiothreitol. This property

makes the cross-linking reaction fully reversible and allows for a switching of the linked base pair from locked to unlocked during

biochemical experiments. Using the DNA methyltransferase from Thermus aquaticus (M.TaqI) as example, we demonstrate that the

presented cross-linked DNA with an ethylene-linked A/T base pair analog at the target position is a useful tool to determine the

base-flipping equilibrium constant of a base-flipping enzyme which lies mostly on the extrahelical side for M.TaqI.
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Introduction
Covalent interstrand DNA cross-links have long sparked clinic-

al and biochemical interest. The cytotoxicity of bisfunctional

alkylating agents like nitrogen mustards or chloroethyl

nitrosourea (CENU) derivatives has been attributed to their

ability to form interstrand DNA cross-links. The resulting cova-

lently linked bases block any machinery that relies on sepa-

rating the strands of the DNA duplex, e.g., DNA damage repair,

replication and transcription [1-5], which is exploited in using

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:elmar.weinhold@oc.rwth-aachen.de
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CENU derivatives and other interstrand cross-linking reagents

as antitumor agents. Chemically synthesized DNA cross-links

are of great interest to mimic the reaction products of cross-

linking agents acting in vivo [6-8] and to mechanistically study

enzymes that rely on opening Watson–Crick base pairs by base

flipping, as observed with DNA methyltransferases (DNA

MTases), DNA glycosylases and some restriction endonucle-

ases, or unwinding the DNA helix with DNA helicases [9-17].

In order to study the binding of these proteins to the cross-

linked DNA, the linkage has to be specific and stable under the

conditions of the binding experiment, the linker should be short

to avoid steric interference with protein binding, and, preferen-

tially, the oligodeoxynucleotides (ODN) should be easily

obtained on a DNA synthesizer without the need for synthe-

sizing special building blocks. In fact, a large number of modi-

fied building blocks, also suitable for further post-synthetic

derivatization, is commercially available and allows a conveni-

ent access to modified ODN. Several protocols to generate

selective DNA interstrand cross-links in short duplex ODN

have been described, however, most of them do not meet all

these criteria. Most bisalkylating agents that react with native

DNA show selectivity for one type of base pair, e.g., CENU

reacts with G/C base pairs, however, regioselective introduc-

tion of only one cross-linked base pair at a specified position is

not possible. Several linked nucleotides mimicking these alkyl-

ation products have been synthesized and then converted into

the phosphoamidite building block for chemical DNA synthesis

[6,7,18-28]. Not only do these protocols require extensive

chemical synthesis, but the sequence of the synthesized duplex

ODN cannot be freely chosen since after incorporation of the

linked dinucleotide both DNA strands are elongated in parallel

and therefore are identical in sequence. If the linked base pair is

not incorporated at the 5’ end but in the middle of a duplex, the

nucleotides 3' to the linkage in the 2nd strand will need to be

filled in with orthogonal 5' to 3' chemistry.

A dT nucleoside analog with an exocyclic aziridine moiety has

been chemically incorporated into poly-T ODN. Upon

hybridization with a complementary poly-A strand, the aziri-

dine group is attacked by the exocyclic amino group of the

opposing adenine, resulting in ring opening and formation of an

ethylene cross-linked base pair [29,30]. Other aziridine-substi-

tuted nucleobases have been incorporated enzymatically by a

DNA polymerase, but elongation past the modified nucleoside

has not been reported [31].

Another approach uses nucleobases in which an exocyclic func-

tionality has been substituted by a vinyl group. Upon hybridiza-

tion with a complimentary, unmodified strand, the vinyl group

is attacked by the nucleophilic exo- or endocyclic nitrogen of

the partnering base, forming a cross-linked base pair [32-34].

While the cross-linking reaction itself is straight-forward, the

vinyl-substituted nucleosides need to be chemically synthe-

sized and subsequently converted into their phosphoamidites for

chemical DNA synthesis. The same holds true for cross-links

based on aldehyde [8,35-37] or click chemistry [38]. In addi-

tion, long linkers that might interfere with protein binding are

typically employed.

The Verdine group has developed a cross-linking approach

based on the easy postsynthetic introduction of cystamine or

longer amino-alkylthiol linkers into ODN using a convertible

nucleoside approach [39-48]. The amino-alkylthiol linker is

introduced as its disulfide dimer to protect the sulfur and ensure

that the reaction with the convertible nucleobase occurs via the

amino group. Two of these residues are placed in adjacent base

pairs and reduction of the linker disulfides frees the thiol

groups, which, upon removal of reducing agent, react under

oxidative conditions to form a disulfide cross-link. Adjacent

A/A, C/C, G/G and T/T cross-links have been synthesized with

this method. An interstrand G/G cross-link of adjacent G/C base

pairs was used to study binding of the DNA cytosine-C5 MTase

M.HaeIII [39]. The two guanine bases were linked in the minor

groove via their exocyclic N2 atoms and the linker does not

interfere with M.HaeIII binding. However, for other enzymes

with a different specificity or binding mode, especially when

attempting to cross-link the target base, the length and steric

demand of the linker can be critical and hinder protein binding.

A thionucleobase opposing a guanine base has been cross-

linked using a bulky bis-bromoacetamide linker [40,41]. Selec-

tive alkylation occurs at the sulfur atom of 4-thiouracil and at

the N7 ring nitrogen of the opposite guanine base, introducing a

positive charge. This cross-link is not ideally suited to study

protein–DNA interactions because the linker is sterically very

demanding and the positive charge introduced in the guanine

makes it susceptible to depurination.

Direct zero-length cross-linking of two opposing thionucleo-

sides like 2’-deoxy-6-thioinosine (dI6S) with 2’-deoxy-4-thio-

thymidine (dT4S) or 2’-deoxy-4-thiouridine (dU4S) via a disul-

fide linkage, appears to be very attractive for studying

protein–DNA interactions. These thionucleosides can easily be

incorporated in synthetic ODN and the linkage is formed

without additional linker atoms avoiding the risk of steric inter-

ference with protein binding [42-46]. A disulfide cross-link

between 2'-deoxy-6-thioguanosine (dG6S) and dU4S was used to

study the specificity of the human flap endonuclease FEN1 and

confirmed that unpairing the two terminal nucleotides of the

DNA duplex is crucial for the selection of the target phosphodi-

ester bond [47]. In our hands though, although direct cross-
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Figure 1: Covalent cross-linking of a I6S/U4S or G6S/U4S base pair within duplex ODN 1∙2 (a) by bis-alkylation with 1,2-diiodoethane at pH 9.0 (b). The
time course for the reaction of duplexes 1I6S∙2U4S (c) and 1G6S∙2U4S (d) is monitored by denaturing anion exchange HPLC. The non-cross-linked
parent duplexes dissociate and elute as their respective single strands, while the covalently linked duplexes elute significantly later.

linking between internal dI6S or dG6S with dU4S residues in

duplex ODN could be achieved in yields of up to 80%, the

cross-link was not stable during purification. The successful

formation of a stable disulfide cross-link might depend on the

DNA sequence and position of the thionucleobase pair within

the duplex.

We developed a novel method to efficiently cross-link opposite

thionucleobases within duplex ODN by exploiting the selective

nucleophilic properties of the thiobases. Bisalkylation of a

thiobase pair with 1,2-diiodoethane in aqueous solution yields a

short linkage with low steric demand. Both A/T and G/C base

pair analogs can be site-specifically cross-linked to study

enzymes with various sequence specificities. We applied this

method to probe the contribution of base flipping to the overall

binding affinity of the DNA adenine-N6 MTase from Thermus

aquaticus (M.TaqI) as an example.

Results
Selective cross-linking of thionucleobase
pairs in DNA by bis-alkylation with 1,2-
diiodoethane
Thionucleobases are excellent soft nucleophiles, and chemose-

lective alkylation of the sulfur atoms readily occur within the

context of duplex DNA without modifying other functionalities

[41,48-50]. Reacting a thiobase pair in DNA with a bis-electro-

philic linker should thus result in selective cross-link formation.

Thionucleosides can easily be incorporated into ODN by using

a commercially available cyanoethyl protected phosphoamidite

for dG6S and dU4S or by postsynthetic modification of convert-

ible nucleoside precursors for dI6S and dU4S [51].

The ideal geometry of a Watson–Crick base pair within B-DNA

is a coplanar orientation of the two nucleobases, stacked

between its neighboring base pairs. In contrast, the ideal geome-

try of saturated linkers will demand non-planar torsion angles.

Coleman et al. [44] investigated this topic by performing molec-

ular dynamic simulations for a disulfide cross-linked I6S/U4S

base pair in B-DNA and showed that the compromise between

the dihedrals preferred by the linker and the planar base pair

results in local propeller and buckle motions. Since the ethylene

linker in our cross-linked base pairs will likely also deviate

slightly from a planar arrangement to evade eclipsed conforma-

tions, we chose U4S over T4S to avoid a potential steric conflict

of the C5 methyl group with the neighboring base pair and keep

the local distortion in the DNA helix to a minimum.

The 14mer duplex ODN 1I6S·2U4S containing a thio-analog of

the A/T base pair and 1G6S·2U4S containing a thio-analog of the

G/C base pair were reacted with 1,2-diiodoethane at room

temperature and pH 9.0 (Figure 1a and 1b). The reaction was
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Figure 2: Characterization of HPLC-purified cross-linked duplex 1I6S-Et-S4U2 (a) by denaturing anion exchange HPLC (b, bottom) in comparison to the
non-linked parent duplex (b, top). Alkylation at the sulfur atoms within the thio-nucleobases is confirmed by the wavelength shift and strong intensity
reduction of the absorption band above 300 nm in the UV spectrum (c, solid) compared to the spectrum of 1I6S∙2U4S (dashed). The thermal stability of
the cross-linked duplex 1I6S-Et-S4U2 (d, solid) is drastically increased compared to 1I6S∙2U4S (dashed).

monitored by denaturing anion exchange chromatography. Ad-

dition of urea to the elution buffers and heating of the column to

70 °C causes non-linked duplex ODN to dissociate and elute as

their respective single strands while the covalently linked

duplexes elute significantly later, comparable to a single-

stranded ODN of twice the length (Figure 1c and 1d). In

contrast, no species eluting at higher retention times are

observed when each of the single strands alone is reacted with

1,2-diiodoethane. These observations are consistent with the

formation of the interstrand cross-linked duplexes 1I6S-Et-S4U2

(80% yield after 4 h) and 1G6S-Et-S4U2 (72% after 2.3 h). The

cross-linked duplexes exhibit a significantly diminished UV

absorption at 332 nm compared to the duplex ODN with

unmodified thionucleobases. The long wavelength absorption

band of thionucleobases is characteristic for their thio–keto

tautomer [52]. This band is shifted towards shorter wavelengths

upon alkylation at the sulfur atom and loss of the carbon–sulfur

double bond. A small fraction of single-stranded ODN with low

332 nm absorption remains and can be assigned to alkylation

products where two 1,2-diiodoethane molecules reacted with

both thionucleobases in the duplex or where the reaction with

1,2-diiodoethane took place on only one of the thionucleobases

but failed to react with the opposing base.

Both cross-linked duplexes 1I6S-Et-S4U2 and 1G6S-Et-S4U2 were

isolated by preparative denaturing anion exchange HPLC. An

aliquot of each cross-linked duplex was resuspended in buffer

without reducing agent. The integrity of the purified cross-

linked duplexes was assessed by denaturing HPLC (Figure 2b

and Figure 3b). Both cross-linked duplexes elute at 13.4 min

and show the characteristic low 332 nm absorption, with only

trace amounts of dissociated single strands in the 10.5–10.7 min

range. The elution profile did not change over the course of

3 days showing that the cross-link is stable at room temperature

in the absence of reducing agents. The UV spectrum of both

cross-linked duplexes 1I6S-Et-S4U2 and 1G6S-Et-S4U2 clearly
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Figure 3: Characterization of HPLC-purified cross-linked duplex 1G6S-Et-S4U2 (a) by denaturing anion exchange HPLC (b). Alkylation at the sulfur
atoms within the thionucleobases is confirmed by the strong reduction of the absorption band above 300 nm in the UV spectrum of 1G6S-Et-S4U2 (c,
solid) compared to the spectrum of 1G6S∙2U4S (dashed). The thermal stability of the cross-linked duplex 1G6S-Et-S4U2 (d, solid) is drastically increased
compared to 1G6S∙2U4S (dashed).

confirms the shift of the thio-nucleobase absorption band over

300 nm towards lower wavelengths as it is typical for S-alky-

lated thio-nucleobases (Figure 2c and Figure 3c). Circular

dichroism [53] spectroscopy is sensitive to the overall global

conformation of nucleic acids. The CD spectrum of duplex

ODN 1I6S-Et-S4U2 retains the characteristic shape of B-DNA,

showing that the ethyl cross-link does not significantly distort

the DNA helix (data not shown). The cross-linked duplexes

were further characterized by thermal denaturation monitoring

the UV absorption at 260 nm (Figure 2d and Figure 3d). A

covalent link between the two strands within a DNA duplex is

expected to locally stabilize the DNA duplex by preventing the

complete dissociation of its strands. Ultimately, at high

temperatures all hydrogen-bonded base pairs will be disrupted

even in the presence of a covalent link. Therefore, a shift of the

melting transition towards higher temperatures is expected for

the cross-linked duplexes. The non-cross-linked duplex ODN

1I6S·2U4S and 1G6S·2U4S cooperatively melt at 56 °C, which is

comparable to the melting temperature of the same duplex with

a natural mismatched base pair, while the 14mer duplex ODN

with a native hydrogen-bonded A/T base pair melts at 66 °C.

The thionucleobases behave like a mismatch because both thio-

nucleobases preferably exist in their thio-keto form and thus no

Watson–Crick hydrogen bonds are formed in the I6S/U4S pair

and only one is possible in the G6S/U4S pair. Both cross-linked

duplexes have melting temperatures of 88–89 °C demonstrating

a drastic stabilization compared to the parent duplex ODN with

the unmodified thionucleobases and the matched duplex ODN.

This 33 °C increase in the melting temperature upon cross-

linking is comparable to the stabilization previously observed

for other interstrand cross-links [44,54].

We have shown that duplex ODN containing a thionucleobase

pair can easily be covalently cross-linked by bis-alkylation with

1,2-diiodoethane. Both duplexes with a linked A/T and G/C

base pair analog can be obtained by choosing the corres-
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Figure 4: Opening and traceless linker removal of the cross-linked duplexes 1I6S-Et-S4U2 and 1G6S-Et-S4U2 by adding DTT (a). Denaturing anion
exchange HPLC chromatograms (b, c) demonstrate that the reaction products dissociate and elute at the same retention times as their parent single
strands. Furthermore, the UV absorption at 332 nm is fully recovered, indicating that the thio-keto function in the nucleobases has been restored.

ponding I6S/U4S or G6S/U4S thionucleobase pair. The cross-

linked duplexes can be isolated and were stable in the absence

of reducing agent.

Traceless linker removal with thiol nucleo-
philes
The covalent ethylene cross-links in 1I6S-Et-S4U2 and

1G6S-Et-S4U2 are stable at room temperature in the absence of

thiol reagents. Interestingly, when an aliquot of each cross-

linked duplex is resuspended in buffer with 1 mM dithiothreitol

(DTT) and analyzed by denaturing anion exchange HPLC, no

more cross-linked duplex (retention time 13.4 min) is observed.

Instead, the duplex dissociates and the single strands elute at

retention times between 10.5–10.7 min. These single strands ex-

hibit a fully restored absorption at 332 nm, suggesting that the

cross-linking reaction was reversed and the duplex ODN

1I6S∙2U4S and 1G6S∙2U4S with the thionucleosides in their thio-

keto form have been restored (Figure 4). The UV spectra of the

cross-linked duplex 1I6S-Et-S4U2 before and after addition of

1 mM DTT show the full reappearance of the band at long

wavelength around 330 nm identical to the unlinked duplex

1I6S∙2U4S, corroborating that the linker was fully removed from

both thionucleobases.

In order to demonstrate that the opened duplex in fact contains

the unmodified thionucleosides, the duplex ODN resulting from

the reaction of 1I6S-Et-S4U2 with DTT was transferred into

DTT-free buffer using a desalting column and the cross-linking

reagent 1,2-diiodoethane was added again. After 2.5 h the reac-

tion was analyzed by denaturing anion exchange chromatog-

raphy, showing the reappearance of the cross-linked duplex

(data not shown).

Opening of the cross-linked base pair was further examined

with other thiol nucleophiles like β-mercaptoethanol (BME) and

ethanethiol (EtSH) in addition to DTT. These thiols were added

to a solution of the cross-linked duplex 1I6S-Et-S4U2 and the

reaction was monitored by recording the UV spectrum as a

function of time (Figure 5). DTT and BME are able to remove

the alkyl linker and restore the thionucleobase specific UV

absorption above 300 nm almost instantaneously (Figure 5a and

5b) while the reaction with EtSH proceeds slower with a half

life of less than 5 min (Figure 5c).

We conclude that reversion of the cross-linking reaction occurs

by attack of a thiol nucleophile onto the carbon atoms of the

linker with the thionucleobases acting as the leaving groups.
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Figure 5: UV time course of opening of the cross-link in duplex 1I6S-Et-S4U2 with the thiol nucleophiles DTT (a), β-mercaptoethanol (BME, b) and
ethanethiol (EtSH) (c). Upon removal of the linker, the thionucleobase absorption bands above 300 nm are restored. Black, no nucleophile; purple,
0 min; blue, 5 min; cyan, 10 min; green, 15 min; orange, 20 min; red, 25 min.

The re-opened reaction product can be re-cross-linked by

renewed addition of 1,2-diiodoethane after removing any thiol

reagent (not shown).

While the duplex ODN with an ethylene-linked thionucleobase

pair are stable in the absence of reducing agents, the addition of

thiol-containing nucleophiles such as DTT quickly and

completely removes the ethylene bridge from both thionucleo-

base pairs. This interesting feature of quick traceless linker

removal allows for a switching of the thionucleobase pair from

the locked to the unlocked state.

Cross-linked DNA as a tool to determine the
base flipping equilibrium of DNA-modifying
enzymes
DNA-modifying enzymes often use a base flipping mechanism

to gain access to their target bases [9,11-17,55-68]. Experi-

mental evidence supports a two-step binding model comprised

of an initial association equilibrium with the dissociation

constant KD,init, followed by flipping of the target base with the

equilibrium constant Kflip (Figure 6a) [55,56,69]. The binding

affinity of base-flipping enzymes is often determined using

DNA with the fluorescent base analog 2-aminopurine (2AP) at

the target site [70-76]. The fluorescence of 2AP is quenched

within the base stack of duplex DNA and increases once the

DNA is bound and the 2AP base is flipped out of the DNA

helix by the base-flipping enzyme. A competition binding assay

is used to determine the dissociation constant KD for a non-fluo-

rescent DNA substrate. Titrating enzyme into a fixed ratio of

the fluorescent DNA with known KD and the non-fluorescent

DNA leads to a fluorescence intensity increase which in turn

depends on the concentrations and ratio of binding affinities.

The contribution of the base flipping step (Kflip) to the overall

observed binding affinity cannot be extracted from these data

because the non-flipped and flipped enzyme complexes A and

B (Figure 6) cannot be distinguished in a single binding experi-
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Figure 6: Competition binding of M.TaqI to DNA with unlocked and locked target base pairs. Increasing amounts of M.TaqI were added to a mixture
of the DNA of interest and a fluorescent DNA with known KD that contains the target base analog 2-aminopurine (2AP). A more delayed increase in
the 2AP fluorescence indicates tighter binding of the non-fluorescent DNA. (a) Binding of M.TaqI to duplex 1I6S∙2U4S with unlocked target base pair
(top reaction scheme and open circles) allows base flipping of the target base into the active site. The observed dissociation constant 
comprises both the initial binding constant KD,init and the base flipping equilibrium constant Kflip. Binding of M.TaqI to the cross-linked duplex
1I6S-Et-S4U2 with locked target base pair (bottom reaction scheme and closed circles) prevents base flipping, and the observed dissociation constant

 equals KD,init. (b) Switching from locked to unlocked target base pair during the M.TaqI binding experiment. The same competition titration
was started with the cross-linked duplex 1I6S-Et-S4U2 in buffer without reducing agent preventing base flipping. Upon addition of DTT (arrow) the
cross-link is unlocked enabling base flipping and thus tighter binding. The titration is continued and now follows the binding curve for the duplex with
unlocked target base pair.

ment. Therefore the overall dissociation constant  is

given by (see Supporting Information File 1):

(1)

In order to calculate Kflip, the dissociation constant KD,init of the

initial encounter complex A must be determined independently.

Utilizing DNA with a covalently locked target base pair

(Figure 6) the base flipping step is blocked and the dissociation

constant  is equal to the dissociation constant of the

initial complex A’:

(2)

It is of great importance that the presence of the linker does not

impair initial binding so that KD,init is identical for the forma-

tion of both complexes A and A’. When both binding experi-

ments with locked and unlocked target base pair are performed,

Kflip is obtained by combination of equations (1) and (2):

(3)

We used the duplex 1I6S-Et-S4U2 containing a locked A/T base

pair analog at the target position within the double-stranded

5’-TCGA-3’ recognition site of the DNA adenine-N6 MTase

M.TaqI to determine the equilibrium constant Kflip for the base

flipping step. The dissociation constants for the duplexes with

an unlocked (1I6S·2U4S) and with a locked (1I6S-Et-S4U2) target

base pair analog were determined by a competitive 2AP fluores-

cence binding assay in separate experiments (Figure 6a). With

 = 1.0 ± 0.5 nM and  = 6.0 ± 3 nM equation

(3) provides Kflip = 5, corresponding to about 80% of the target

base being flipped within the M.TaqI-DNA complex. Therefore,
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the base flipping equilibrium of M.TaqI strongly lies on the

extrahelical side.

To demonstrate that the locked target base pair can be

re-opened during the binding experiment, the M.TaqI titration

was started with cross-linked duplex ODN 1I6S-Et-S4U2 in

buffer without reducing agent and M.TaqI was added up to the

point where the binding curves for the duplexes with unlocked

and locked target base pair (Figure 6a) differed the most. DTT

was then added to unlock the target base pair, allowing base

flipping to take place (Figure 6b). The binding affinity is thus

improved resulting in more potent competition and a signifi-

cant drop in 2-AP fluorescence intensity. Continuing the titra-

tion with increasing M.TaqI concentrations, the binding curve

now follows the one observed with duplex 1I6S·2U4S with an

unlocked target base pair.

Cross-linked duplex DNA with an ethylene-linked thio-base

pair has proven to be a useful tool for analyzing the base flip-

ping equilibrium of the DNA MTase M.TaqI. The target base

within the M.TaqI-DNA complex is mostly in the extrahelical

conformation which places it into the enzyme's active site. The

quick and traceless removal of the linker by addition of DTT

enables switching of the target base pair from a locked to an

unlocked state during the course of the binding experiment.

Discussion
Here we presented a new and convenient method to engineer a

reversibly locked thionucleobase pair in duplex DNA by

bisalkylation of either an I6S/U4S or G6S/U4S pair with 1,2-diio-

doethane. There are several advantages of the presented cross-

linking protocol over most others known in the literature: The

cross-link is introduced postsynthetically on the level of duplex

DNA in aqueous solution, without the need of extensive chem-

ical synthesis and with no restrictions with respect to the DNA

sequence. The cross-linked analogs of both an A/T and a G/C

base pair can be obtained by starting with either an I6S/U4S or

G6S/U4S base pair, and therefore, this chemistry can be

employed to study any DNA-modifying enzyme no matter what

target base specificity it possesses. While different linker

geometries might work for different DNA-binding proteins, the

ethyene-linked thiobase pairs offer the advantage of a very short

linker with little steric demand for studying DNA-opening

enzymes. The cross-linked duplex ODN are stable at room

temperature in buffers without thiol reagents. Addition of thiol

nucleophiles results in a quick and traceless removal of the

ethylene linker which makes them interesting tools for chem-

ical switching DNA from locked to unlocked base pairs during

biophysical experiments. However, this interesting property

requires that all proteins studied are stable in buffers without

reducing thiol reagent. Even small amounts of these nucleo-

philes from the protein stock solutions are sufficient to open the

linkage.

As a proof of principle, we applied a duplex ODN with an ethyl

cross-linked I6S/U4S base pair as A/T pair analog within the

5’-TCGA-3’ recognition sequence of the DNA MTase M.TaqI

and determined the base flipping equilibrium constant Kflip

within the M.TaqI-DNA complex. DNA with a locked target

base pair allows initial binding of the enzyme to the DNA but

prevents subsequent flipping of the target base. Kflip can there-

fore be calculated from two binding experiments, one with an

unlocked I6S/U4S pair, giving the overall binding constant that

comprises both binding and base flipping, and one with the

locked cross-linked target base pair (Figure 6), which reports

the initial binding only. The resulting Kflip = 5 demonstrates

that about 80% of the M.TaqI target base are found in the extra-

helical conformation within the M.TaqI-DNA complex.

Since there are some chemical differences between an I6S/U4S

pair and the native A/T target base pair the value obtained for

Kflip should be interpreted as an approximation for the base flip-

ping equilibrium with the native DNA target. In the I6S/U4S

base pair, both thiobases exist in their thio-keto form and there-

fore cannot form hydrogen bonds like the natural A/T base pair.

Without having to expend the energy to break any hydrogen

bonds, flipping the target base should be easier, but at the same

time, the I6S base is not able to form the hydrogen bonds in the

active site of the enzyme that are observed in the complex with

the native adenine target [77]. Comparing binding of M.TaqI to

its native hemi-methylated target DNA and the fully methy-

lated DNA (Figure S1, Supporting Information File 1), it is

expected that the methylated target base, which is the product of

the DNA MTase reaction, sterically interferes with residues in

the active site of the enzyme, resulting in favoring the innerhe-

lical target base conformation which helps to release the reac-

tion product from the enzyme. Under the assumption that the

base flipping equilibrium lies completely on the innerhelical

side for the fully methylated reaction product and using

the dissociation constants for hemi-methylated DNA

(KD  =  2 .9  ± 1 .5  nM) and ful ly  methylated DNA

(KD = 56 ± 30 nM), one obtains Kflip = 18 for the hemi-methy-

lated DNA-M.TaqI complex. This corresponds to 95% of the

target adenine being in the extrahelical conformation which is

similar to the 80% extrahelical target base obtained with the

A/T base pair analog. Interestingly, the fully methylated duplex

binds even worse than the cross-linked duplex (Figure S1,

Supporting Information File 1) which suggests that the methyl

group in the natural reaction product N6-methyladenine (AMe)

does not only destabilize the extrahelical conformation in the

flipped but also in the non-flipped (initial) complex. This may

further enhance product release and reduce product inhibition.
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The cross-linked target base pair is missing the methyl group

(Figure S2, Supporting Information File 1) and might therefore

be a better mimic for the substrate with innerhelical target base

than for the methylated reaction product.

Many other proteins locally open up the DNA duplex to

perform their function, ranging from flipping a single nucleo-

base out of the DNA helix to melting whole stretches of base

pairs. A base flipping mechanism is utilized by many enzymes

that either chemically modify the flipped nucleobase or repair a

lesion, e.g., other DNA methyltransferases [9,10], DNA

demethylases like the AlkB family [11], DNA alkyltransferases

that are essential to DNA alkylation damage repair [12,13],

DNA glycosylases from the base excision repair pathway [14-

16], and photolyases repairing UV damage in DNA [17]. DNA

helicases, which locally separate the two DNA strands, are

important to enable vital cellular processes like DNA replica-

tion, DNA repair, chromatin remodeling and telomere mainte-

nance [78-81]. Cross-linked DNA will not only provide a useful

tool to study DNA binding and base flipping thermodynamics,

as we demonstrated for the DNA MTase M.TaqI, but could also

be used to determine their site and mechanism of action by

introducing cross-linked base pairs at different positions within

the DNA, or stall proteins on the DNA in a pre-flipped com-

plex for structure determination to reveal the initial contacts

between the proteins and their DNA targets that are formed

before the target base is flipped or strands are separated.

Conclusion
In conclusion, we have developed a new efficient method to

site-specifically and reversibly cross-link thionucleoside base

pairs in duplex DNA via an ethylene bridge. Both linked A/T

and G/C base pair analogs can easily be prepared which allows

studying any base flipping enzyme regardless of its sequence

specificity. We demonstrated that cross-linked DNA is a useful

tool to study base flipping enzymes and proved that the base

flipping equilibrium lies mostly on the extrahelical side and

thus has an important contribution to the overall DNA-binding

energy of M.TaqI.

Experimental
Solid-phase DNA synthesis was performed on an ABI DNA

Synthesizer 392 in 1 µmol scale following the standard cycles

recommended by Applied Biosystems with a coupling time of

30 s for the natural nucleotides. For unnatural nucleotides, the

coupling time was extended to 90 s. Fast deprotectable tert-

butylphenoxyacetyl (TAC) protected A, C and G phospho-

amidites and coupling reagents including TAC anhydride as

capping reagent were purchased from Proligo. N6-Methyl-2’-

deoxyadenosine (AMe), 6-thio-2’-deoxyguanosine (G6S) phos-

phoamidites, as well as the convertible thionucleoside precursor

phosphoamidites O6-phenyl-2'-deoxyinosine (IOPh) and 4-tria-

zolyl-2'-deoxyuridine (UTri) were purchased from Glen

Research. Oligodeoxynucleotides (ODN) with G6S and AMe

were deprotected according to the manufacturer's protocol.

ODN with convertible nucleosides IOPh and UTri were depro-

tected and converted to their thionucleoside containing counter-

parts as described in [51]. Duplexes were annealed before use at

a concentration of 100 µM in the respective experiment buffer

by heating to 95 °C for 2 min followed by slow cooling to room

temperature.

Table 1: ODN sequences used in this study. The M.TaqI recognition
sequence is highlighted in bold. AMe = N6-methyladenine.

ODN Sequence

1I6S 5'- GCCGC TCGI6S TGCCG -3'
1G6S 5'- GCCGC TCGG6S TGCCG -3'
1A 5'- GCCGC TCGA TGCCG -3'
1AMe 5'- GCCGC TCGAMe TGCCG -3'
2U4S 5'- CGGCA U4SCGAMe GCGGC -3'
2T 5'- CGGCA TCGAMe GCGGC -3'

The DNA MTase M.TaqI was overexpressed and purified as

described before [57,77]. For binding experiments with cross-

linked duplex ODN, M.TaqI was transferred into storage buffer

without reducing agent.

Denaturing anion exchange HPLC
Denaturing anion exchange HPLC was performed on a Persep-

tive Poros HQ 10 column (10 × 100 mm, 10 µm) at a flow rate

of 2 mL/min. Buffer A consist of 10 mM Tris/HCl, pH 7 and

5 M urea. Buffer B consists of 10 mM Tris/HCl, pH 7, 1 M

potassium chloride and 5 M urea. The column was heated in a

water bath to 70 °C. Before entering the column, the buffer was

pre-heated by passing it through a 0.5 m steel capillary placed

in the 70 °C water bath. The DNA was eluted with 20% B

(0–5 min), followed by linear gradients with 20–50% B

(5–10 min), and 50–65% B (10–20 min). UV absorption was

detected at 254 nm and 332 nm. The non-cross-linked parent

duplexes dissociate and elute as their respective single strands,

while the covalently linked duplexes elute significantly later.

HPLC-purified cross-linked duplexes were desalted using a

NAP-5 gel filtration column as described below.

UV spectroscopy
UV spectroscopy was performed using a Varian CARY 3E

UV–Vis spectrometer in a 1 cm quartz cuvette. The concentra-

tion of ODN was determined in water at 260 nm and 25 °C

using the nearest neighbor method [82] to calculate the extinc-

tion coefficients. N6-Methyl-2’-deoxyadenosine was treated as
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2’-deoxyadenosine. For dG6S, an extinction coefficient of

8,000 L mol−1 cm−1 at 260 nm was derived from an experi-

mental spectrum of the free nucleoside and the published

extinction coefficient of 24,800 L mol−1 cm−1 at 342 nm [83].

For dI6S and dU4S the low absorption at 260 nm was neglected.

UV spectra of duplex ODN were recorded from 220 nm to

365 nm at a DNA concentration of 5 µM in phosphate buffer

(10 mM NaPi, pH 7.0, 100 mM NaOAc).

Melting curves of duplex ODN (2.5 µM) in phosphate buffer

(10 mM NaPi, pH 7.0, 100 mM NaOAc) were recorded at

260 nm between 40 °C and 95 °C in 0.1 K steps at a heating

rate of 0.5 K/min. Melting temperatures TM were obtained as

the maximum of the first derivative of the melting curve. Since

the melting curves for the cross-linked DNA did not reach their

plateau, amplitudes were normalized setting the lowest data

point to 0 and the inflection point [84] to 0.5.

Time course of cross-linking reactions with
diiodoethane
Duplex ODN 1I6S·2U4S or 1G6S·2U4S (77 µM) were annealed in

reaction buffer (50 µL; 20 mM Tris/HOAc pH 9.0, 10 mM

Mg(OAc)2, 50 mM KOAc) and a solution of 1,2-diiodoethane

(20 µL, 33 mM) in DMF was added. Slight precipitate of 1,2-

diiodoethane re-dissolved upon further mixing. The reaction

mixture was incubated at room temperature in the dark.

Samples (10 µL) were analyzed after 0 h, 0.5 h, 1 h and 2.3 h or

4 h reaction time by denaturing anion exchange HPLC. The

non-cross-linked parent duplexes 1I6S·2U4S or 1G6S·2U4S disso-

ciate into their respective single strands 1I6S or 1G6S and 2U4S

eluting at 10.5–10.7 min. Cross-linked duplexes 1I6S-Et-S4U2

(tR = 13.4 min) and 1G6S-Et-S4U2 (tR = 13.4 min) elute at

significantly higher retention times. After 4 h or 2.3 h, no non-

alkylated single strands could be observed, and cross-linked

duplexes 1I6S-Et-S4U2 and 1G6S-Et-S4U2 were formed with 80%

or 72% yield, respectively. Remaining amounts of ODN eluting

around 10.5 min showed low 332 nm absorption and were

attributed to S-alkylated single strands.

Preparative cross-linking experiments
Duplex ODN 1I6S·2U4S or 1G6S·2U4S (77 µM) were annealed in

reaction buffer (100 µL; 20 mM Tris/HOAc pH 9.0, 10 mM

Mg(OAc)2, 50 mM KOAc) and a solution of 1,2-diiodoethane

(40 µL, 33 mM) in DMF was added. Slight precipitate of diio-

doethane re-dissolved upon further mixing. The reaction mix-

ture was incubated at room temperature in the dark. After 4 h,

the cross-linked duplexes 1I6S-Et-S4U2 (tR = 13.4 min) and

1G6S-Et-S4U2 (tR = 13.4 min) were isolated by denaturing anion

exchange HPLC. Purified cross-linked duplexes were desalted

using illustra NAP-5 gel filtration columns (GE Healthcare).

The columns were drained from storage solution by gravity

flow and equilibrated with H2O (10 mL). Combined HPLC

fractions (0.5 mL) were applied to the column and allowed to

enter the gel bed. The DNA was eluted with H2O (1 mL), and

the concentration of the eluate was determined by UV spec-

troscopy. The integrity of the cross-linked duplexes was

confirmed by analytical denaturing anion exchange HPLC. The

desalted duplexes were aliquoted (1 nmol), immediately

lyophilized to dryness and stored at −80 °C.

Linker removal from cross-linked duplex 1I6S-Et-S4U2
with different thiol nucleophiles
Lyophilized 1I6S-Et-S4U2 (1 nmol) was resuspended in buffer

(400 µL; 20 mM Tris/HOAc pH 9.0, 10 mM Mg(OAc)2,

50 mM KOAc). Dithiothreitol (DTT, 1 mM), β-mercap-

toethanol (BME, 2 mM), ethanethiol (EtSH, 2 mM), or no thiol

reagent were added. UV spectra were recorded (DTT: 0 min;

BME: 0 min, EtSH: 0–25 min in 5 min increments) from

300 nm to 365 nm to monitor the reappearance of the band

>300 nm which is characteristic for the non-alkylated thio-

nucleobases. At the end of each time course, the reaction

mixtures (200 µL each) were analyzed by denaturing anion

exchange HPLC to confirm the opening of the cross-link.

Determination of dissociation constants for M.TaqI-
DNA complexes
Binding affinities of the non-fluorescent duplex 1I6S·2U4S with

an unlocked and the cross-linked duplex 1I6S-Et-S4U2 with a

locked target base pair, as well as the hemimethylated native

substrate 1A·2T and the fully methylated duplex 1AMe·2T were

determined in a competitive fluorescence binding assay using a

36mer duplex ODN containing the fluorescent base analog

2-aminopurine (2AP) at the target position within the recogni-

tion sequence of M.TaqI [73]. Fluorescence titrations were

performed with a Varian Cary Eclipse fluorescence spectropho-

tometer using a 10 × 10 mm quartz cuvette at 25 °C with an

excitation wavelength of 320 nm and an emission wavelength

of 381 nm.

Binding of M.TaqI to duplexes 1I6S·2U4S and 1I6S-Et-S4U2: To a

solution (600 µL) of 36mer duplex with 2AP at the target posi-

tion (200 nM) and duplex 1I6S·2U4S or 1I6S-Et-S4U2 (400 nM) in

M.TaqI binding buffer (20 mM TrisOAc, 10 mM Mg(OAc)2,

50 mM KOAc, pH 7.9, 0.01% reduced Triton X-100) and either

1 mM DTT (1I6S·2U4S) or no reducing agent (1I6S-Et-S4U2)

were added stepwise increasing amounts of a solution

containing M.TaqI (10 µM), 36mer duplex with 2AP (200 nM)

and a duplex 1I6S·2U4S or 1I6S-Et-S4U2 (400 nM) in the same

buffers. The relative fluorescence intensity was determined after

each addition. A model with one binding site and two binding

equilibria was fitted to the fluorescence data from the competi-
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tive titrations using the software Scientist (Micromath), holding

the known KD (20 nM) of the 2AP-containing 36mer and

M.TaqI constant.

Re-opening of the cross-linked target base pair during the

binding experiment: A binding experiment with the cross-

linked duplex 1I6S-Et-S4U2 in M.TaqI binding buffer without

DTT was carried out as described above up to a M.TaqI concen-

tration of 280 nM. Then, the cross-link was re-opened by

adding a concentrated DTT solution (0.5 M) to reach a final

DTT concentration of 1 mM in both solutions. The 2AP fluores-

cence decreased upon addition of DTT, indicating that

re-opening of the target base pair has occurred and that the

re-opened non-fluorescent duplex binds tighter. The titration

with M.TaqI was then continued. The fitted binding curve from

the titration of the cross-linked duplex 1I6S-Et-S4U2 was over-

laid onto the data points before the addition of DTT, and the

binding curve from the titration of duplex 1I6S·2U4S was over-

laid onto the data points after adding DTT.

Supporting Information
Supporting Information File 1
Derivation of equation (1) and Figures S1 and S2.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-239-S1.pdf]
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Abstract
The article describes the immobilization of different probe oligonucleotides (4, 7, 10) carrying each a racemic mixture of 2,3-

bis(hexadecyloxy)propan-1-ol (1a) at the 5’-terminus on a stable artificial lipid bilayer composed of 1-palmitoyl-2-oleoyl-sn-

glycero-3-phosphoethanolamine (POPE) and 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC). The bilayer separates two

compartments (cis/trans channel) of an optical transparent microfluidic sample carrier with perfusion capabilities. Injection of unla-

beled target DNA sequences (6, 8, or 9), differing in sequence and length, leads in the case of complementarity to the formation of

stable DNA duplexes at the bilayer surface. This could be verified by Sybr Green I double strand staining, followed by incubation

periods and thorough perfusions, and was visualized by single molecule fluorescence spectroscopy and microscopy. The different

bilayer-immobilized complexes consisting of various DNA duplexes and the fluorescent dye were studied with respect to the

kinetics of their formation as well as to their stability against perfusion.
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Introduction
The post-biosynthetic lipophilization of various biomolecules

such as of proteins and carbohydrates is of decisive importance

for the correct function of the cell [1]. With the recent discovery

of geranylated tRNAs in bacteria [2] the interest in so-called

lipo-oligonucleotides (LONs) has grown tremendously [3,4].

The ability to form complex nano-architectures [5,6] as well as

self-assembling aggregates such as micelles, vesicles [3] and

bilayer formation of nucleolipids [7] offers numerous possibili-

ties, e.g., for drug delivery [3]. Simultaneously, the interaction

of such nanostructures with lipid membranes becomes an ever-

greater focus [5,6,8-11].

The study of the interactions of single- and double-stranded

nucleic acids with lipid bilayers is, therefore, of significant

importance, particularly for the following reasons: 1. for the op-

timization of the in vivo delivery of lipophilic siRNAs [12-14],

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:Helmut.Rosemeyer@uos.de
http://dx.doi.org/10.3762%2Fbjoc.10.240
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Figure 1: Chemical formulae and lipo-oligonucleotide sequences.

2. for the development of analytical techniques for the detec-

tion of nucleic acids [15-17], 3. for structure elucidation of

complex aggregates formed by such natural nanostructures [5,6]

and 4. for cell-surface engineering [18].

In a preceding manuscript [19] we reported the lipid bilayer

immobilization of lipo-oligonucleotides carrying a racemic

bis(hexadecyloxy)propan-1-yl tag (1a) at the 5’-termini at an

artificial lipid bilayer–water phase boundary. These were

prepared using the cyanoethyl phosphoramidite 1b. A specific

duplex formation with complementary cyanine-5 (Cy5)-labelled

DNA strands (2b) – prepared by using compound 2a – was

proven by fluorescence microscopy. Now, we simplify this

technique by hybridizing an unlabelled DNA target strand to the

bilayer-immobilized lipo-oligonucleotide and by using Sybr

Green I (3, SG) [20-22] as a fluorescent double strand indicator

[20-22]. This bears the advantage that the target DNA – the

presence or absence of which is going to be analysed – should

not be labelled separately with a fluorochrome tag such as

cyanine-5 (Cy5) or TAMRA, neither by chemical synthesis nor

by a polymerase chain reaction (PCR).

The chemical formulae (1–3) as well as the lipo-oligonu-

cleotide sequences the paper is dealing with are shown in

Figure 1.

Results and Discussion
Figure 2 displays the six DNA duplexes which have been

assembled at the artificial lipid bilayer and visualized by addi-

tion of Sybr Green I.

In the following the results of these experiments regarding the

kinetics of incorporation into the bilayer (or its formation) as

well as the release of the ternary complex (or its disaggregation)

upon perfusion of the cis channel is described. Figure 3 illus-

trates a scheme of the experimental setup (for details see

Experimental).

Experiment A: 4 + 5 + SG. In a preceeding manuscript we have

studied the bilayer incorporation of the lipo-oligonucleotide 4

(5’-d(1a-TAG GTC AAT ACT)-3’) and its successful and

specific duplex formation with the cyanine-5-labeled comple-

mentary strand 5 (5’-d[(Cy5)-p-AGT ATT GAC CTA]-3’) [19].
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Figure 2: Schematic illustrations (experiments A–F) of the specific DNA duplex formation at artificial lipid bilayers forming structures of various
membrane-bound nucleic acid–dye complexes. A) Covalent bound Cy5-fluorophore and intercalated SG with DNA duplex were irradiated simultane-
ously at 635 nm and 470 nm. B) 100% match of the duplex formation with 12 bp-target oligomer. C) 50% match (6 bp) of the duplex formation with
12 bp-target oligonucleotide. D) 24-mer target oligonucleotide with AT-rich tails, each tail with 6 AT-bases. E) 18-mer probe oligonucleotide with a free
AT-rich tail of 6 bases as a spacer covalently linked to the double-tailed lipid, forming a 12 bps duplex with the target sequence. F) The same lipo-
oligonucleotide as described in (E) forms a 12 bps duplex in combination with a target oligonucleotide, resulting in free overhanging AT-rich tails at the
5’- as well as 3’-ends, each tail containing 6 nucleobases.

As a negative control it had been shown that a membrane-bound

duplex formation between the lipo-oligonucleotide 7 (5’-d(1a-

ATC CAG TTA TGA)-3’) and the oligomer 5 failed. Now, we

repeated the first experiment (4 + 5) successfully and run a

z-scan of the bilayer after 45 min of incubation with a laser ir-

radiation of the Cy5 dye at 635 nm (Figure 2).

Then, a Sybr Green I (3) solution in dimethyl sulfoxide

(≈1 µg/mL) was added to the cis compartment of the slide. In

the first experiment (A) laser irradiation of the intercalated dye

was performed at 470 nm. In orienting experiments Sybr Green

I was irradiated at 470 nm, in order to see if this dye stains the

complementary DNA strands 4 + 5, which are known to form a

duplex at the bilayer membrane [19]. Firstly, we evaluated the

optimal measuring conditions such as the volume, the Sybr

Green I concentration as well as of the lipo-oligonucleotides. At

this point we first wanted to find out if a non-optimal wave-

length of 470 nm would be sufficient for an efficient irradiation

of the dye. It turned out, however, that an irradiation of Sybr

Green I needs an irradiation wavelength which meets the

optimal absorption wavelength to a higher extent. In subse-

quently performed experiments (B to F) the intercalated Sybr

Green I was irradiated at 488 nm because this wavelength is

close to its absorption maximum at 494 nm [20-22]. The experi-

ments confirmed a duplex formation in an antiparallel mode on

the bilayer surface being stable towards perfusion (Figure 4).

Figure 5 demonstrates the difference in the bilayer brightness

upon irradiation of either cyanine-5 (635 nm) [19] or of the

ternary complex with SG (4 + 5 + SG) (470 nm). For the

determination of the bilayer brightness a region-of-interest

(ROI) was defined around the bilayer, and subsequently the

density of the intensity counts were summarized (for details, see

Experimental).

Besides the bilayer brightness, also the diffusion time, tD, of the

lipo-oligonucleotide duplex–Sybr Green I complex (i) within

the bilayer (location 1) and (ii) above the bilayer (location 2)

was determined (Figure 6).

Table 1 and Table 2 summarize the diffusion times [tD (ms)] of

the complexes 4·5·SG and 4·6·SG before and after a perfusion

at the two locations 1 and 2 as illustrated in Figure 6. It can be

clearly seen that the diffusion time of the aggregates is signifi-

cantly longer within the bilayer compared to the region slightly

above (location 2), proving the strong immobilization of the

lipophilized DNA duplex within the bilayer via the lipophilic

head group. The fastest diffusion of the aggregates occurs in

free solution without bilayer (Table 2) [19].

Experiment B: 4 + 6 + SG and control experiment: 7 + 6 + SG.

In a second series of experiments we used an unlabelled target

DNA (6) for duplex formation at the lipid bilayer and added
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Table 1: Diffusion times [tD (ms)] of the 4·5·SG complex in the presence of a lipid bilayer, either by irradiation of the cyanine-5 dye or by irradiation of
intercalated Sybr Green I within the 4·5·SG complex, before and after perfusion of the cis compartment. Location 1: bilayer; location 2: solution in
close proximity to the bilayer (Figure 6).

sample
4·5·SG complex

fluorescence signal Cy5 – irradiation(635 nm) SG – irradiation(470 nm)

tD at location 1 [ms]
before perfusion after

perfusion before perfusion after
perfusion

17.23 ± 2.0a 10.33 ± 2.0 0.60 ± 0.09 1.20 ± 0.36
tD at location 2 [ms] 2.47 ± 0.3a 1.28 ± 0.05 0.72 ± 0.11 0.13 ± 0.05

aData were taken from [19].

Figure 3: Experimental setup. Schematic drawing of the laser scan-
ning microscope, the optical transparent microfluidic bilayer slide, and
the lipid bilayer with the incorporated double-tailed lipo-oligonu-
cleotides as well as of Sybr Green I, forming a membrane - bound
nucleic acid duplex–dye complex.

only a DMSO solution of Sybr Green I to the cis compartment

of the bilayer slide. As can be seen from Figure 7 also the

hybridization of an unlabelled target oligomer 6 with the lipo-

Figure 4: Chronological protocol of duplex formation of the lipo-
oligonucleotide 4 with the complementary Cy5-labelled target strand 5
with simultaneous staining of the DNA duplex with Sybr Green I.
A) Z-Scan of an empty bilayer; after the bilayer has been formed, both
compartments (cis and trans) were perfused for 30 s (1.1 mL/min,
each). Cy5 irradiation at 635 nm. The z-scan as in (A) with a Sybr
Green I irradiation at 470 nm is not shown. As demonstrated in (A)
there is no fluorescence in the bilayer. B) Z-Scan after addition of the
oligomer 4 (8 µL, 500 nM) to the cis compartment, followed by 45 min
of incubation, Cy5 irradiation at 635 nm. C) Z-Scan after addition of the
oligomer 5 (8 µL, 50 nM) to the cis compartment and 45 min of incuba-
tion; Cy5 irradiation at 635 nm. D) Z-Scan after addition of Sybr Green
I (8 µL), followed by 45 min of incubation; Cy5 irradiation at 635 nm.
E) Z-Scan as in (D), but with Sybr Green I irradiation at 470 nm.
F) Z-Scan after an incubation of 5 min and Sybr Green I irradiation at
470 nm. G) Z-Scan after 30 s of perfusion of the cis compartment
(1.1 mL/min) and Sybr Green I irradiation at 635 nm. H) Z-Scan as in
(G), but with Sybr Green I irradiation at 470 nm.

oligonucleotide 4 can be proved by adding the dye and irradi-

ation at 488 nm. In case of the incorporation of the lipo-

oligonucleotide 7 into the bilayer and addition of the non-



Beilstein J. Org. Chem. 2014, 10, 2307–2321.

2311

Figure 5: Comparison of the bilayer brightness intensity with either Cy5 (irradiation: 635 nm) or Sybr Green I staining (irradiation: 470 nm) of the
4 + 5 + SG complex.

Figure 6: Scheme of a z-scan of a lipid bilayer showing two locations
for measurements of the diffusion times. Location 1: bilayer; location 2:
solution in close proximity to the bilayer surface.

complementary unlabelled oligomer 6 (negative control experi-

ment), no duplex formation occurs (data not shown).

From Figure 7 it can be seen that a stepwise mixing of the lipo-

oligonucleotide 4 and the complementary strand 6 with an inter-

Table 2: Diffusion times [tD (ms)] of the 4·6·SG complex in the pres-
ence of a lipid bilayer in free solution without bilayer as well as in the
presence of a bilayer after a 1. and 2. perfusion of the cis compart-
ment. Location 1: bilayer; location 2: solution in close proximity to the
bilayer (Figure 6).

sample
4·6·SG complex

tD in solution
without bilayer

[ms]
0.03 ± 0.002

tD at location 1
[ms]

perfusion
1. 2.

1.30 ± 0.28 1.56 ± 0.22
tD at location 2

[ms] 0.48 ± 0.71 0.07 ± 0.03

mediary incubation of 43 min for an optimal insertion of 4 into

the bilayer, followed by a further waiting period (41 min) for

duplex formation leads to a bilayer brightness of 70% upon ad-

dition of Sybr Green I. Two subsequent incubation periods of

totally 40 min enhances the normalized brightness of 100%
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Figure 7: Experiment B (4 + 6 + SG). Bilayer brightness as function of the various events (addition of oligonucleotides, addition of Sybr Green I,
perfusion number as well as of time [min]) within one graph.

(≈15.2 × 104 kHz). In the following 7 perfusion steps (see

Experimental), interrupted by several incubation periods over a

period of about 2 h, led to an almost total decrease of the bright-

ness dropping to about 5%. This decrease might be due to either

a release of the dye from the intact duplex or to a full disinte-

gration of the ternary complex (4 + 6 + SG).

Experiment C: 4 + 8 + SG. In this experiment the lipo-oligonu-

cleotide 4 is inserted into the lipid bilayer, followed by a dode-

camer (8) which matches the sequence of 4 only in its inner-

most part to 50%. An addition of Sybr Green I does not lead to

a fluorescent bilayer indicating an unstable ternary complex at

room temperature. This is in contrast to the experiment B where

a 100% match of both dodecamers exists.

Experiment D: 4 + 9 + SG. In a further series of experiments we

studied the duplex formation of the lipo-oligonucleotide 4 and

the oligomer 9 at the lipid bilayer–water phase boundary layer.

The oligomer 9 matches 4 to 100% within its innermost part but

contains hexameric overhangs at both termini. Duplex forma-

tion was again indicated using Sybr Green I.

In this case an interesting phenomenon was observed: after

immobilization of oligomer 4 within the bilayer and after addi-

tion of the complementary strand 9 30 min later as well as of

Sybr Green I, further 30 min later, a full development of

maximal fluorescence (normalized maximal brightness of 100%

≈ 5.6 × 104 kHz) of the bilayer could only be observed after

≈1 h (Figure 8). This time of formation of the ternary complex

is significantly slower than in the experiments with blunt-ended

duplex formation reactions described before, which show an

almost spontaneous complex formation with the intercalating

dye. Moreover, the complex between 4 and 9 as well as of Sybr

Green I at the bilayer seems to be highly labile because already

a single perfusion step of the cis compartment (1 min, 1.1 mL of

buffer at t = 143 min) leads to an almost 90% disappearance of

the fluorescence. Interestingly, however, is the finding that a

renewed addition of a Sybr Green I solution to the cis compart-

ment (at t = 168 min) leads again to the appearance of fluores-

cence 40 min later (brightness, 70%), indicating a partial recon-

struction of the complex consisting of 4, 9, and the interca-

lating dye.

The results described above offer several possibilities of inter-

pretation: The target strand 9 carries 3’-terminally to the recog-

nition site of the lipo-oligonucleotide 4 an overhang of 6

nucleotides in length. Therefore, duplex formation between 4

and 9 over a full length of 12 base pairs leads inevitably to a
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Figure 8: Experiment D (4 + 9 + SG). Bilayer brightness as function of time and the various events [addition of 4 (at t = 3 min); addition of 9 (at
t = 35 min), addition of Sybr Green I (at t = 68 min), incubation periods, perfusions].

clash of the overhang with the bilayer surface. As the head

groups of the neighbouring bilayer molecules (POPC, POPE)

are both positively charged and the internucleotide residues of

the overhanging oligonucleotide are negatively charged, a

strong Coulomb attraction should exist which can only be

shielded by solvation of the lipid head groups and of the nucleic

acid phosphodiester groups as well as by the metal cations of

the surrounding buffer. The supramolecular assembly of all

reaction partners might look like as shown in Figure 9. From

this figure it can be deduced that two different tilt angles (θ1

and θ2) probably exit between the bilayer surface and the

double helical part (θ1) as well as between the single stranded

sequence and the surface (θ2). A stretched-out, parallel associ-

ation of the full length nucleic acid with the bilayer surface can

be most probably ruled out. In such a case a conformational

constraint would arise between the lipid head group and the

appending oligonucleotide. Moreover, a Cy-5-labelled oligonu-

cleotide such as compound 5 should be bound tightly to the

bilayer surface leading to a strong and stable fluorescence of the

bilayer which could not be observed.

It is, however, obvious that a severe disturbance of either the

complex formation between the probe lipo-oligonucleotide 4

and the target nucleic acid 9 and/or the intercalation of the Sybr

Figure 9: Conceivable geometry of the complex at the bilayer surface
(cis compartment).

Green dye by the overhang take place. This might be the

reason for the instability of the assembled complex at the lipid

bilayer.
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Figure 10: Experiment E (10 + 6 + SG). Bilayer brightness as a function of time as well as of various events [addition of the lipo-oligonucleotide 10 (at
t = 3 min); addition of the oligomer 6 (at t = 37 min); addition of Sybr Green I (at = 70 min, 212 min, 234 min, and 251 min); incubation periods, perfu-
sions].

Experiment E: 10 + 6 + SG as well as in a reversed order of ad-

dition (SG + 10 + 6). Next, the oligomer 10 was prepared which

contains the lipophilic 5’ head group 1a and the recognition

sequence separated by an oligonucleotide spacer having the

same length as the target sequence overhang (6 bp).

From Figure 10 it can be seen that in this case the ternary com-

plex formation occurs spontaneously upon addition of a first

portion of the dye solution. This is, however, not a stable situa-

tion because an incubation of only 6 min (without perfusion!)

leads to a reduction of the bilayer brightness of just 20%.

Several further waiting periods, interrupted by 6 perfusions,

reduced the bilayer brightness from the original 100% (100%

normalized, ≈6.6 × 105 kHz) to less than 5% within 2.5 h. A

further addition of Sybr Green I at t = 212 min, however,

enhances the bilayer brightness again to about 20%, indicating

the presence of a substantial amount of the intact DNA duplex

at the lipid bilayer surface on the cis side. Subsequent incuba-

tion periods, followed by single perfusion steps reduced the

bilayer brightness each time to about 5%. A repeated Sybr

Green I addition at t = 234 min leads again to an enhancement

of the brightness value of 18%. A 4th addition of Sybr Green I

at 251 min results in an only very slight brightness enhance-

ment of ≈5% (Figure 11).

In Figure 12 the z-scans of the Experiment E – before and

directly after Sybr Green I additions – are displayed. As already

shown in Figure 10 and Figure 11 the bilayer brightness

increases with each Sybr Green I addition. After 6 perfusions

and incubation steps the brightness is reduced to almost zero

(t = 211 min), however, with the next additions of the dye the

brightness increases again. Only after seven perfusion and incu-

bation periods the brightness does no longer increase signifi-

cantly, which might be traced back to the fact that the immobi-

lized DNA duplex is meanwhile dissociated, and that the non-

lipophilized strand is has been washed out.

In a further experiment using the lipo-oligonucleotide 10 we

changed the order of the addition of the three components of the

ternary complex to the cis compartment of the bilayer slide

(Figure 13). Within the first 11 min we studied the interaction

between Sybr Green I and the empty bilayer. As can be seen no

ponderable brightness of the bilayer could be detected after ad-

dition of the dye. However, after addition of the 24-mer 10 (at
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Figure 11: Experiment E (10 + 6 + SG). Bilayer brightness as function of the incubation time (A), of the perfusion number (B) and of Sybr Green I ad-
dition (C).

t = 13 min) the brightness increased to about 60% (normalized

brightness, 100% ≈6.5 × 104 kHz) and stays almost constant

(35–50%) until t = 28 min indicating a strong interaction

between the dye and the single stranded 24-mer 10 [20]. Such

an interaction could not be observed between the dye and the

duplex of the 12-mers 4 and 7. A subsequent perfusion reduces

the brightness significantly to 5%. Interestingly, a subsequent

waiting period of 10 min leads again to an increase of the

bilayer brightness back to about 25%. This is probably due to an

additional delivery of the complex 10·SG from the cis compart-

ment or from the cis side of the hydrophobic Teflon-made

annulus into the lipid bilayer.

At t = 63 min a second portion of the dye solution and at

t = 73 min the oligomer 6, being partly complementary to the

lipo-oligonucleotide 10, were added. Within an incubation time

of 22 min after addition of 6 the full bilayer brightness (100 %

at t = 95 min) was reached. Subsequent perfusion steps (1–4)

interrupted by several incubation periods reduced the bilayer

brightness from 100 to 10% (Figure 14). These results clearly
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Figure 12: Z-scans of the experiment E before and after the addition
of Sybr Green I. A) Z-scan after the addition and incubation of the lipo-
oligonucleotide 10 and of the complementary target strand 6, respect-
ively. There is no brightness of the bilayer. B) Z-scan quite after the
first addition of Sybr Green I. The brightness rises immediately
because of the DNA duplex formation of the lipo-oligonucleotide 10
and of the complementary target strand 6. C) Z-Scan after six perfu-
sions each followed by an incubation step resulting in an decreasing of
the brightness in the bilayer. D) Second addition of SG I leads to an
increase of the brightness. E) Only one perfusion/incubation step
removes the brightness of the bilayer completely. F) The third addition
of Sybr Green I leads to an increase of the brightness in the bilayer on
the same level as it was reached after the second SG addition.
G) After a further perfusion/incubation step the brightness of the
bilayer is removed again, H) but it does not rises as high as shown
before.

indicate a significantly higher stability of the ternary complex at

the bilayer compared to the complex of experiment D.

Experiment F: (10 + 9 + SG). In the following the lipo-oligonu-

cleotide 10 (24-mer) was immobilized on the lipid bilayer. After

an incubation time of 30 min, an equimolar amount of the

oligomer 9 – an oligomer of the same length and a central

recognition sequence of 12 bases – was added, followed by ad-

dition of Sybr Green I after a further waiting period (30 min).

Figure 15 displays the full protocol of mean brightness values

(both, in % and kHz) as a function of time or the various events

(incubation periods or perfusion). After the addition of the dye

as last component of the ternary complex at t = 66 min, a

maximal brightness is slowly developed within about 2 h. In

this case, however, the maximal brightness (normalized 100%

≈6 × 104 kHz) does not reach the value which had been

observed in the experiments A, B, and E. Only in case of

experiment D the maximal brightness is even lower than in case

F (2.5 × 104 kHz).

18 Subsequent perfusions, interrupted by waiting periods of

10 min each, gave after 382 min a bilayer brightness of ≈5%

(= 1 × 104 kHz). This indicates that the formation of the ternary

complex 10·9·SG occurs slowly, but when it is once formed, it

remains stable for more than 6 h.

Conclusion
Figure 16 shows a comparison of the kinetics of complex for-

mation at the lipid bilayer surface for 5 experiments within the

first 60 min (brightness [kHz] vs time [min]).

As can be seen, the fastest ternary complex formation occurs for

10 + 6 + SG (Experiment E) where the complex formation

occurs at a distance of a hexamer spacer between the bilayer

surface and the DNA duplex region with intercalated Sybr

Green I. It can also be observed that, in this case, a maximal

brightness at ≈6.5 × 105 kHz is reached.

If the spacer is missing, the complex (4 + 6 + SG, Experiment

B) formation occurs significantly slower; the maximal bright-

ness is reached at 1.5 × 105 kHz. The same results are found in

case of experiment A (4 + 5 + SG) with two different fluores-

cent dyes – intercalating Sybr Green I and pending cyanine-5

(Figure 5).

For the scenario of experiment F (Figure 2) the complex forma-

tion kinetics drops even further, but the brightness reaches a

plateau at ≈2 × 105 kHz. The by far slowest complex formation

is observed in case of experiment D (Figure 1) in which a steric

clash between the ternary complex and the bilayer surface

occurs. Here, no plateau value of the bilayer brightness is

reached, and the complex proved to be highly labile.

Further control experiments such as 1. 6 + 7 (non-complemen-

tary strands + SG); 2. 5 + 7 (non-complementary strands) + SG;

3. 6 (lipophilized 12-mer) + SG; 4. empty bilayer + SG do not

result in fluorescent bilayers. However, addition of Sybr Green

I followed by the 18-mer 10 (or in the reversed order) to the cis

chamber of the bilayer slide gives almost spontaneously a fluo-

rescent bilayer with brightness values of ≈5 × 104 kHz.

Further experiments concerning a multiple compartment

chamber with a common aqueous sub-phase, as well as a ther-

mostated device for a suppression of nonspecific base pairing

are underway [15]. Moreover, ab initio molecular-dynamics-

(AIMD)- and ab initio Monte-Carlo- (AIMC)- calculations of
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Figure 13: Experiment E in reversed order of component addition; SG + 10 + 6.

Figure 14: Bilayer brightness as a function of perfusion number and
incubation periods for the experiment E in reversed order of compo-
nent addition (SG + 10 + 6).

lipid–nucleic acid complexes with MC and MD simulations of

semi-quantitative, “course-grained” models (CGM) are going to

be performed (Prof. Dr. Philipp Maass, Department of Statis-

tical Physics, University of Osnabrück).

Studies described in this manuscript as well as of those of a

forthcoming paper which deals with the interaction of a defined

oligonucleotide single strand, carrying nucleolipid head groups

of different lipophilicity with lipid bilayer membranes, might be

of importance for the optimization of the in vivo delivery of

lipophilic siRNA [13] (e.g., by DNA trafficking as shown in

Figure 17), as well as of lipid derivatives of nucleoside

antimetabolites [23,24]. Moreover, studies of a transdermal

application of lipo-oligonucleotides through the human Stratum

corneum by iontophoresis techniques are underway.

Experimental
Materials
1-Palmitoyl-2-oleyl-sn-glycero-3-phosphoethanolamine (POPE)

and 1-palmitoyl-2-oleyl-sn-glycero-3-phosphocholine (POPC)

were purchased from Avanti Polar Lipids (Alabaster, Al),

n-decane from Alfa Aesar (Karlsruhe, Germany), dimethyl

sulfoxide (DMSO), potassium chloride (KCl), 3-morpholino-
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Figure 15: Bilayer brightness as a function of perfusion number and incubation periods for the experiment F (SG + 10 + 6).

Figure 16: Kinetics of the tertiary complex formations of various lipo-
DNA/DNA with Sybr Green I during incubation time t [min] after addi-
tion of the dye at t0 until the first perfusion.

propane-1-sulfonic acid (MOPS) and 2-amino-2-hydroxy-

methylpropane-1,3-diol (TRIS) were purchased from Roth

(Karlsruhe, Germany).

All oligonucleotides 4–10 (Figure 1) were synthesized, purified

and characterized by MALDI–TOF mass spectrometry by Euro-

gentec SA (Liege, Belgium). In each case the detected

mass confirmed the corresponding calculated mass.

MALDI–TOF–MS (m/z): 4247.7 (4, [M + H]+; calcd 4247.4);

Figure 17: Trafficking of a siRNA by a lipophilized DNA.

4178.4 (5, [M + H]+; calcd 4178.1); 3645.5 (6, [M + H]+; calcd

3644.5); 4248.1(7, [M + H]+; calcd 4247.4); 3643.2 (8, [M +

H]+; calcd 3644.46); 7306.4 (9, [M + H]+; calcd 7312.9);

6076.4 (10, [M + H]+; calcd 6077.6).

4 5’-d(1a-p-TAG GTC AAT ACT)-3’

5 5’-d[(Cy5)-p-AGT ATT GAC CTA]-3’

6 5’-d(AGT ATT GAC CTA)-3’

7 5’-d(1a-p-ATC CAG TTA TGA)-3’
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8 5’-d(TCA ATT GAC GAT)-3’

9 5’-d(TTT TAT AGT ATT GAC CTA TAT TTT)-3’

10 5’-d(1a-p-TTT TAT TAG GTC AAT ACT)-3’

We have chosen the particular sequences 5’-d(TAG GTC AAT

ACT)-3’ and 3’-d(ATC CAG TTA TGA)-5’, because they do

neither form hair pins nor self-complementary duplexes. The

lipophilized strand and the complementary oligomer contain the

same number of all canonical nucleotides, so that a mixture of

1 A260 units, each of both strands gives an equimolar mixture.

For nearly all base pairs nearly all nearest neighbour combina-

tions exist. Both strands have the same composition; the

unmodified duplex exhibits a melting point of 46 °C in a phos-

phate buffer solution.

A solution of Sybr Green I in DMSO with undisclosed concen-

tration was purchased from Applichem (Darmstadt, Germany)

and used as delivered. The concentration of the dye solution

(≈1 µg/mL) was measured UV–vis spectrophotometrically

using the published extinction coefficient of Sybr Green I at

λmax of 494 nm (73.000 M−1cm−1) [20,21].

Methods
General. A double-beam spectrophotometer (Specord 205,

Analytik Jena GmbH, Jena, Germany) was used for spectropho-

tometric measurements. The UV–vis absorption spectra were

carried out using ultra-micro quartz cuvettes type 105.202-QS

from Hellma Analytics (Müllheim, Germany).

Bilayer fabrication and incorporation of lipo-oligonu-

cleotides therein. Similar as described in [19], in the following

the automated bilayer fabrication is described. Horizontal

bilayers were fabricated automatically using a lipid mixture of

1-palmitoyl-2-oleyl-sn-glycero-3-phosphoethanolamine (POPE)

and 1-palmitoyl-2-oleyl-sn-glycero-3-phosphocholine (POPC)

(8:2, w/w, 10 mg/mL of n-decane) within the “Bilayer Slides”

(Figure 18C,D) and an add-on for the inverted confocal micro-

scope (Bilayer Slides and Ionovation Explorer, Ionovation

GmbH, Osnabrück, Germany). After pre-filling with buffer

(250 mM KCl, 10 mM MOPS/Tris, pH 7), the slide was

inserted into the stage unit mounted on an inverted confocal

microscope (Figure 18A). Ag/AgCl electrodes were mounted

and after the addition of 0.2 µL of POPE/POPC lipid to the cis

compartment using a 1 µL bended Hamilton syringe (CH-

Bonaduz) (Figure 18E), the automated bilayer production

was started; a modified painting technique, in which the

air-water interface paints the lipid across the aperture was

applied. The bilayer formation was monitored optically and

electrically.

As soon as a stable bilayer has been established (C > 50 pF) the

lipophilized oligonucleotide solution (8 µL, 500 nM) was

injected into the cis compartment of the “Bilayer Slide”. During

the incubation time of 30–40 min the bilayer integrity was

monitored by continuous capacitance measurements. After the

incubation of the first sample the second sample of a comple-

mentary or non-complementary oligonucleotide was injected

into the cis compartment and incubated for the next 30 minutes.

Subsequently, the Sybr Green I solution (8 µL, undiluted) was

injected and incubated until the highest brightness amount was

reached. In all graphs the brightness was given either in kHz or

it was normalized (0–100%). In the meantime every 10 minutes

a z-scan was performed (see below). After the incubation steps

the cis compartment was perfused repeatedly for 30 s

(1.1 mL/min, each), and the bilayer was inspected by a confocal

fluorescence microscope. Each perfusion step using the Ionova-

tion perfusion unit (Figure 18B) was followed by an incubation

step of 10 minutes. This procedure was repeated until the

brightness of the bilayer finished decreasing continuously and

turned out to be stable.

A confocal laser scanning microscope (Insight Cell 3D, Evotec

Technologies GmbH, Hamburg, Germany) equipped with a

488 nm argon-ion laser, (Multiline, 2014-25MLYVW (max.

total power 50 mW) from JDS Uniphase Corporation (Milpitas,

CA,USA), as well as with a 635 nm emitting laser diode (LDH-

P-635, PicoQuant, D-Berlin) und 470 nm (P-C-470B, Pico-

Quant, Berlin, Germany), a 40× water-immersion objective

(UApo 340, 40×, NA = 1.15, Olympus, Tokyo, Japan), and an

Avalanche photodiode detector (SPCM-AQR-13-FC, Perkin-

Elmer Optoelectronics, Fremont, CA, USA) were used for the

optical measurements. Fluorescence irradiation was obtained

with an excitation laser power of 60 ± 5 µW (for 488 nm),

200 ± 20 µW (635 nm) and 50 ± 5 µW (470 nm) right in front

of the objective. Z-scans were performed by scanning the

confocal laser spot in XY direction with a rotating beam

scanner and movement of the objective in Z direction. The

movement in all directions is piezo-controlled, which allows a

nanometer precise positioning.

In summary, each measuring protocol was carried out as

follows: (I) a reference scan of the stable pure bilayer was

performed; (II) then the lipophilized oligonucleotide sample

was added and incubated for 30 min, (III) this step was fol-

lowed by the addition of the complementary and non-comple-

mentary sample, respectively, and further incubation of 30 min;

(IV) finally the cyanine-dye Sybr Green I solution (DMSO) was

added to allow the quantification of double stranded DNA, and

the solution was incubated until the brightness in the bilayer

reached the highest amount; (V) afterwards additional scan

series were performed after each perfusion of the cis compart-
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Figure 18: A) Stage unit of the ‘Ionovation Explorer’ mounted on a standard inverted fluorescence microscope. B) The perfusion unit (on the left)
during filling the syringes with buffer. C) Labelling of the single compartments and ports of the ‘Bilayer Slide’. These are disposable, optically trans-
parent microfluidic sample carriers with perfusion capabilities. D) Schematic demonstration of the cis chamber perfusion. E) Shot of the device from
above during addition of the lipid mixture into the bilayer port of the slide. On the left, electrodes are visible, connected with the amplifier; on the right
hand side tubes connected with the perfusion unit can be seen. F) Vertical cut of a buffer-filled bilayer slide, demonstrating its general design. The
bilayer slide encloses two microfluidic channels (cis and trans) which are separated by a thin medical-grade PTFE (= polytetrafluoroethylene, Teflon)
foil. This foil hosts a central 100 µm aperture which is located 120 µm above the cover slip and thus within the working distance of high NA (= numer-
ical aperture) objectives. It is the only connection between the trans and the cis channels. When a lipid solution is painted across the aperture, a
bilayer is formed spontaneously. The electrodes in the cis and trans channels allow an online monitoring of the bilayer integrity, as well as electro-
physiological recordings.

ment (for 30 s; 1.1 mL/min) and (VI) followed by an incuba-

tion of 10 min.

In order to analyze the 2D images they were previously edited

with Image JA 1.44 and the obtained data was evaluated with

OriginPro 8 (OriginLab Corporation). For an evaluation of the

z-scan data, the brightness within the bilayer was measured;

the mean area of the bilayer cross section amounts to

353 ± 19 counts per pixel (N = 201). Next, the brightness was

determined by summing up the number of pixels. 1 Pixel equals

1 kHz or 1 µm.

All devices (Figure 18) as well as the general techniques used in

this paper have been described in detail in a preceding manu-

script [19].

Acknowledgements
The authors gratefully acknowledge financial support by the

Ionovation GmbH, Osnabrück, Germany, as well as valuable

discussions with Prof. Dr. Richard Wagner and Mr. Claudius

Walter, University of Osnabrück, Department of Biophysics.

References
1. Roskoski, R., Jr. Biochem. Biophys. Res. Commun. 2003, 303, 1–7.

doi:10.1016/S0006-291X(03)00323-1
2. Dumelin, C. E.; Chen, Y.; Leconte, A. M.; Chen, Y. G.; Liu, D. R.

Nat. Chem. Biol. 2012, 8, 913–919. doi:10.1038/NCHEMBIO.1070
3. Pokholenko, O.; Gissot, A.; Vialet, B.; Bathany, K.; Thiéry, A.;

Barthélémy, P. J. Mater. Chem. B 2013, 1, 5329–5334.
doi:10.1039/c3tb20357c

4. Gissot, A.; Camplo, M.; Grinstaff, M. W.; Barthélémy, P.
Org. Biomol. Chem. 2008, 6, 1324–1333. doi:10.1039/b719280k

http://dx.doi.org/10.1016%2FS0006-291X%2803%2900323-1
http://dx.doi.org/10.1038%2FNCHEMBIO.1070
http://dx.doi.org/10.1039%2Fc3tb20357c
http://dx.doi.org/10.1039%2Fb719280k


Beilstein J. Org. Chem. 2014, 10, 2307–2321.

2321

5. Langecker, M.; Arnaut, V.; List, J.; Simmel, F. C. Acc. Chem. Res.
2014, 47, 1807–1815. doi:10.1021/ar500051r

6. Taib, N.; Aimé, A.; Houmadi, S.; Castano, S.; Barthélémy, P.;
Laguerre, M.; Bestel, I. Langmuir 2012, 28, 7452–7460.
doi:10.1021/la300744x

7. Desbat, B.; Arazam, N.; Khiati, S.; Tonelli, G.; Neri, W.; Barthélémy, P.;
Navailles, L. Langmuir 2012, 28, 6816–6825. doi:10.1021/la2047596

8. Loew, M.; Springer, R.; Scolari, S.; Altenbrunn, F.; Seitz, O.;
Liebscher, J.; Huster, D.; Herrmann, A.; Arbuzova, A.
J. Am. Chem. Soc. 2010, 132, 16066–16072. doi:10.1021/ja105714r

9. Johnson-Buck, A.; Jiang, S.; Yan, H.; Walter, N. G. ACS Nano 2014, 8,
5641–5649. doi:10.1021/nn500108k

10. Montis, C.; Baglioni, P.; Berti, D. Soft Matter 2014, 10, 39–43.
doi:10.1039/c3sm52254g

11. Bunge, A.; Loew, M.; Pescador, P.; Arbuzova, A.; Brodersen, N.;
Kang, J.; Dähne, L.; Liebscher, J.; Herrmann, A.; Stengel, G.;
Huster, D. J. Phys. Chem. 2009, 113, 16425–16434.
doi:10.1021/jp9067747

12. Peer, D.; Lieberman, J. Gene Ther. 2011, 18, 1127–1133.
doi:10.1038/gt.2011.56

13. Wolfrum, C.; Shi, S.; Jayaprakash, K. N.; Jayaraman, M.; Wang, G.;
Pandey, R. K.; Rajeev, K. G.; Nakayama, T.; Charrise, K.;
Ndungo, E. M.; Zimmermann, T.; Koteliansky, V.; Manoharan, M.;
Stoffel, M. Nat. Biotechnol. 2007, 25, 1149–1157. doi:10.1038/nbt1339

14. Kurz, A.; Bunge, A.; Windeck, A.-K.; Rost, M.; Flasche, W.;
Arbuzova, A.; Strohbach, D.; Müller, S.; Liebscher, J.; Huster, D.;
Herrmann, A. Angew. Chem., Int. Ed. 2006, 45, 4440–4444.
doi:10.1002/anie.200600822

15. Honigmann, A.; Walter, C.; Erdmann, F.; Eggeling, C.; Wagner, R.
Biophys. J. 2010, 98, 2886–2894. doi:10.1016/j.bpj.2010.03.033

16. Rosemeyer, H. Nucleolipids and use thereof, and devices for nucleic
acid analysis. U.S. Patent 7,914,991 B2, March 29, 2011.

17. Rosemeyer, H. Nucleolipide und deren Verwendung, sowie Vorrichtung
zur Nucleinsäureanalytik. Eur. Patent 1,893,773 B1, Jan 23, 2013.

18. Rode, A. B.; Endoh, T.; Tateishi-Karimata, H.; Takahashi, S.;
Sugimoto, N. Chem. Commun. 2013, 49, 8444–8446.
doi:10.1039/c3cc42990c

19. Werz, E.; Korneev, S.; Montilla-Martinez, M.; Wagner, R.; Hemmler, R.;
Walter, C.; Eisfeld, J.; Gall, K.; Rosemeyer, H. Chem. Biodiversity
2012, 9, 272–281. doi:10.1002/cbdv.201100298

20. Zipper, H.; Brunner, H.; Bernhagen, J.; Vitzthum, F. Nucleic Acids Res.
2004, 32, e103. doi:10.1093/nar/gnh101

21. Zipper, H. Entwicklung analytisch-molekularbiologischer Verfahren zur
Konstruktion einer Plasmid-Gendatenbank aus Boden-DNA in
Escherichia coli und deren Durchmusterung nach neuen Enzymen für
die technische Anwendung. Ph.D. Thesis, University of Stuttgart,
Stuttgart, Germany, 2004; pp 17–30.

22. Dragan, A. I.; Pavlovic, R.; McGivney, J. B.; Casas-Finet, J. R.;
Bishop, E. S.; Strouse, R. J.; Schenerman, M. A.; Geddes, C. D.
J. Fluoresc. 2012, 22, 1189–1199. doi:10.1007/s10895-012-1059-8

23. Malecki, E.; Farhat, A.; Bonaterra, G. A.; Röthlein, D.; Wolf, M.;
Schmitt, J.; Kinscherf, R.; Rosemeyer, H. Chem. Biodiversity 2013, 10,
2235–2246. doi:10.1002/cbdv.201300219

24. Farhat, A.; Malecki, E.; Bonaterra, G. A.; Röthlein, D.; Wolf, M.;
Schmitt, J.; Rosemeyer, H.; Kinscherf, R. Chem. Biodiversity 2014, 11,
469–482. doi:10.1002/cbdv.201300347

License and Terms
This is an Open Access article under the terms of the

Creative Commons Attribution License

(http://creativecommons.org/licenses/by/2.0), which

permits unrestricted use, distribution, and reproduction in

any medium, provided the original work is properly cited.

The license is subject to the Beilstein Journal of Organic

Chemistry terms and conditions:

(http://www.beilstein-journals.org/bjoc)

The definitive version of this article is the electronic one

which can be found at:

doi:10.3762/bjoc.10.240

http://dx.doi.org/10.1021%2Far500051r
http://dx.doi.org/10.1021%2Fla300744x
http://dx.doi.org/10.1021%2Fla2047596
http://dx.doi.org/10.1021%2Fja105714r
http://dx.doi.org/10.1021%2Fnn500108k
http://dx.doi.org/10.1039%2Fc3sm52254g
http://dx.doi.org/10.1021%2Fjp9067747
http://dx.doi.org/10.1038%2Fgt.2011.56
http://dx.doi.org/10.1038%2Fnbt1339
http://dx.doi.org/10.1002%2Fanie.200600822
http://dx.doi.org/10.1016%2Fj.bpj.2010.03.033
http://dx.doi.org/10.1039%2Fc3cc42990c
http://dx.doi.org/10.1002%2Fcbdv.201100298
http://dx.doi.org/10.1093%2Fnar%2Fgnh101
http://dx.doi.org/10.1007%2Fs10895-012-1059-8
http://dx.doi.org/10.1002%2Fcbdv.201300219
http://dx.doi.org/10.1002%2Fcbdv.201300347
http://creativecommons.org/licenses/by/2.0
http://www.beilstein-journals.org/bjoc
http://dx.doi.org/10.3762%2Fbjoc.10.240


2566

Versatile synthesis of amino acid functionalized nucleosides
via a domino carboxamidation reaction
Vicky Gheerardijn, Jos Van den Begin and Annemieke Madder*

Full Research Paper Open Access

Address:
Department of Organic and Macromolecular Chemistry, Organic and
Biomimetic Chemistry Research Group, Ghent University, Krijgslaan
281 S4, 9000 Ghent, Belgium

Email:
Annemieke Madder* - Annemieke.Madder@UGent.be

* Corresponding author

Keywords:
amino acids; bioorganic chemistry; carboxamidation reaction;
chemically modified; DNA nucleosides; nucleic acids

Beilstein J. Org. Chem. 2014, 10, 2566–2572.
doi:10.3762/bjoc.10.268

Received: 18 July 2014
Accepted: 23 October 2014
Published: 04 November 2014

This article is part of the Thematic Series "Nucleic acid chemistry".

Guest Editor: H.-A. Wagenknecht

© 2014 Gheerardijn et al; licensee Beilstein-Institut.
License and terms: see end of document.

Abstract
Functionalized oligonucleotides have recently gained increased attention for incorporation in modified nucleic acid structures both

for the design of aptamers with enhanced binding properties as well as the construction of catalytic DNA and RNA. As a shortcut

alternative to the incorporation of multiple modified residues, each bearing one extra functional group, we present here a straight-

forward method for direct linking of functionalized amino acids to the nucleoside base, thus equipping the nucleoside with two

extra functionalities at once. As a proof of principle, we have introduced three amino acids with functional groups frequently used

as key-intermediates in DNA- and RNAzymes via an efficient and straightforward domino carboxamidation reaction.
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Introduction
For decades DNA has been known as the carrier of the genetic

information. Only recently, the use of synthetic oligonu-

cleotides and their modified analogues for a range of thera-

peutic and diagnostic purposes [1], including antisense therapy

[2,3], antigene therapy [4,5] and SNP (Single Nucleotide Poly-

morphism) detection [6] has gained major interest. Due to their

predictable and well-investigated structure, the strength of

nucleic acids for a series of applications such as DNA and RNA

based drugs [7], drug delivery systems [8,9], DNA-biosensors

[10,11] and potential catalysts has now firmly been recognized.

Rather than using unmodified oligonucleotides, providing addi-

tional functional groups can lead to even higher activities and

selectivities. Indeed, people have realized that equipping the

nucleic acid scaffold with protein side chain-like moieties may

assist in the design of a broad scope of functionalized oligonu-

cleotides with various characteristics. This can be enabled by

techniques such as solid phase synthesis, post synthetic modifi-

cations or enzymatic incorporation of modified analogues.

Originating from research into aptamers as strong and selective

binders [12-14], several research groups are investigating the

creation and synthesis of new DNA or RNA catalysts, also

called DNAzymes [15-17] and RNAzymes [10,16,18-21], res-

pectively. Most catalytic nucleic acids are generated using the

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:Annemieke.Madder@UGent.be
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Figure 1: Amino acid functionalized nucleosides.

SELEX (Systematic Evolution of Ligands by EXponential

enrichment) protocol [22-25] that generates a library of poten-

tial catalysts, which are then screened for catalytic potential

using natural substrates or transition state analogues. Although

examples [26-29] exist illustrating the introduction of modified

residues and by that the development of new catalysts, the

SELEX protocol becomes more labor intensive and repro-

ducibility of results is often a problem. Moreover achieving

control in terms of number, positioning and exact location of

the desired catalytic moieties is far from straightforward. In

contrast to the existing variety of rather complicated and unpre-

dictable RNA based ribozyme-like structures, oligonucleotide

duplexes have a stable and predictable structure allowing the

design of engineered active sites through the carefully planned

introduction of extra catalytic functionalities via solid phase

DNA synthesis. We have further recently shown that the combi-

nation of solid phase synthesis and molecular modeling

combined with advanced NMR techniques offers the possibility

to predict and control the positioning of catalytic functions

within a DNA duplex [30].

Chemical modification of nucleic acids can be performed on

different positions, including the backbone, the sugar unit and

the heterocyclic base, whereby base modification is the most

common as it causes only minor disturbance in the helical struc-

ture [31]. Depending on the position of the incorporation on the

nucleoside structure, the introduced functionalities can be

pointed towards the major or the minor groove of the duplex.

Modification of position 1’ and 2’ will orient substituents

towards the minor groove while positions 5, 7 and 8 on the base

allow directing incorporated substituents in the major groove.

One can further imagine that introduction of extra functionali-

ties can have an impact on the duplex stability and final struc-

ture of the double helix. This was illustrated in previous

research in our laboratory where introduction of modified

nucleosides on the 2’-position in a DNA double helix resulted

in a destabilization of the duplex of 5 °C per modified unit [32].

Although this destabilization depends on many different

aspects, such as the type and length of the linker and the pos-

ition of the modification, it is important to minimize destabiliza-

tion as much as possible, more specifically when introduction of

more than one modification is desired. To date most research

groups have focused on the introduction of only one extra func-

tionality per nucleoside, mainly for synthetic reasons, and

preferably making use of commercially available building

blocks. We therefore considered the incorporation of moieties

containing multiple functionalities on a nucleoside residue and

present a straightforward method for the introduction of side

chain functionalized amino acids onto nucleoside building

blocks (Figure 1). Following the event of solid phase peptide

synthesis, a large range of amino acids with different protection

schemes and stereochemistry is currently commercially avail-

able. We here illustrate a methodology for direct incorporation

of amino acids via a short synthetic pathway offering the added

benefit of introducing multiple functional groups at the same

time.

Indeed, whereas the α-amino group is used to ensure linkage to

the nucleoside building block, both the side chain functional

group and the α-carboxylate end up as extra functionalities on

the nucleoside. As proof of principle and with the catalytic

serine–histidine–aspartate catalytic triad of serine proteases in

mind, we illustrate the preparation of three different nucleo-

sides equipped with three functional amino acids containing

hydroxy, imidazole, amine and carboxylate groups for later

incorporation into nucleic acid duplexes via solid phase DNA

synthesis [33].

Results and Discussion
As mentioned earlier, a number of research groups have used

the SELEX or in vitro selection protocol for the incorporation

of amino acid-like modifications into DNA or RNA where there
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Scheme 1: Reagents and conditions: a) i. Et3N, Pd(PPh3)4, THF, CO (4 bar), 70 °C, 48 h, ii. Et3N, di-tert-butyl dicarbonate, DMF, rt, 15 min (79%);
b) Et3N·3HF, Et3N, THF, rt, overnight (72%); c) DMTr-Cl, pyridine, 0 °C, 7 h (52%).

is no need for protection of the functional groups. For example,

many imidazole and amine functionalities were incorporated to

increase the structural diversity and catalytic potential of

nucleic acids [34-37]. Most of these functionalities are intro-

duced into the triphosphate building blocks using palladium-

based coupling chemistry to the pyrimidine C5 or the 7-pos-

ition of 7-deaza-2’-deoxyadenosine [38-40]. During enzymatic

incorporation the extra functionalities do not need to be

protected. However, solid phase DNA synthesis implies an

appropriate protection of the extra functionalities on the corres-

ponding nucleoside building blocks to avoid side-reactions

during DNA synthesis. Not only should these protecting groups

be stable under all chemical conditions used in the synthesis

pathway, they should also be stable under the DNA synthesis

conditions and easily removable after assembly of the desired

chain without DNA damage.

In the current study, we have chosen to couple three amino

acids, which contain functional groups commonly used in

SELEX approaches to modify DNA or RNA, to 5-iodo-2’-

deoxyuridine. We describe the direct and linker-less introduc-

tion of histidine, serine and lysine derivatives onto nucleosides

via a straightforward and easy domino carboxamidation reac-

tion. Previously the groups of Gait and Eaton [41-43] have used

this reaction to couple histamine or simple amine derivatives to

both 5-iodo-2’-deoxyuridine and purine nucleosides. Although

a large number of imidazole modified pyrimidine and purine

derivatives for solid phase synthesis have been described to date

[41,44-47], we believe that the reactions described here serve as

an ideal model system, which can be extended to other commer-

cially available amino acid derivatives and nucleosides.

For the introduction of histidine onto the nucleoside as shown in

Scheme 1, we chose to protect the free 3’ and 5’-hydroxy

groups with tert-butyldimethylsilyl (TBDMS) groups 1 to avoid

side reactions during the next step, the carboxamidation reac-

tion [48]. While protected histidine is commercially available,

we have synthesized histidine as a methyl ester (2) with thionyl

chloride in methanol in good yield according to literature pro-

cedures [49]. Although basic hydrolysis of alkyl esters has been

shown to imply long reaction times, side-product formation and

low reaction yields [50], we found that methyl esters within
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Scheme 2: Reagents and conditions: a) Et3N, Pd(PPh3)4, THF, CO (4 bar), 48 h, 70 °C (68%); b) Et3N·3HF, Et3N, THF, overnight, rt (86%);
c) DMTr-Cl, pyridine, DCM, overnight, rt (82%).

DNA are hydrolysed under basic conditions even at room

temperature using aqueous ammonia provided prolonged reac-

tion times are respected [51]. Inspired by the results of Perrin

and Joyce [26,52], who introduced a nucleoside containing an

unprotected imidazole functionality into the DNA synthesis

cycle without problems, we first tried to leave the imidazole

unprotected in order to avoid extra protection and deprotection

steps in the reaction sequence. However, in view of problems

arising during the separation by column chromatography after

the CO insertion reaction with an unprotected histidine methyl

ester, we decided to protect the imidazole functionality immedi-

ately after the reaction with the tert-butyloxycarbonyl (t-Boc)

protecting group [53], which is compatible with the reagents

used during nucleoside- and oligonucleotide synthesis [45,54].

While the t-Boc group can be removed with a 10% TFA solu-

tion [54], the acid labile DNA can suffer from depurination

after treatment with acid. According to literature, the t-Boc

group can also be cleaved during standard deprotection pro-

cedures with saturated ammonia after oligonucleotide synthesis

[41,55]. In view of all these considerations, coupling of the

TBDMS-protected nucleoside 1 with histidine methyl ester 2

followed by in situ t-Boc protection of the free hydrogen on the

imidazole functionality gave the desired compound 3 in satis-

fying yield.

In the next step of the synthesis, the TBDMS-protecting groups

needed to be removed. First attempts using tetra-butylammo-

nium fluoride (TBAF) resulted in degradation of the starting

material (results not shown). Indeed, several reports in litera-

ture highlight the strong basic character of the fluoride anion

(F−) that can cause decomposition of or nucleophilic attack on

the nucleoside [56,57]. Manfredini et al. have shown that selec-

tive deprotection of the TBDMS groups in the presence of a

t-Boc protecting group is possible when using Et3N·3HF [58]

and also in our case using Et3N·3HF in THF resulted in product

4 with good purity and yield (72%) [59]. Dimethoxytritylation

could be accomplished under standard conditions and the

corresponding derivative 5 was isolated and purified without

problems.

As a second example we decided to employ serine as amino

acid for introduction onto the nucleoside. In view of the earlier

illustrated need for imidazole protection during introduction of

histidine (vide supra), we used commercially available benzyl

protected serine 6 to avoid problems due to the free hydroxy

group of the serine during the carboxamidation reaction

(Scheme 2). After DNA synthesis, the benzyl group can be

cleaved using hydrogen and palladium on carbon. To avoid

overreduction of the pyrimidine double bond, transfer hydro-
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Scheme 3: Reagents and conditions: a) Et3N, Pd(PPh3)4, THF, CO (4 bar), 48 h, 70 °C (90%); b) Et3N·3HF, Et3N, THF, overnight, rt (43%);
c) DMTr-Cl, pyridine, DCM, overnight, rt (9%).

genation with cyclohexene as hydrogen source and 10% palla-

dium on carbon should be used [60-62]. As the methyl ester

derivative of the amino acid is commercially available but

rather expensive, we performed the esterification reaction on

the benzyl protected serine to deliver product 6 in good yield

and purity after recrystallization in cold diethyl ether (64%)

[63]. Coupling of protected serine methyl ester 6 with TBDMS-

protected nucleoside 1 in the presence of tetrakis(triphenylphos-

phine)palladium(0) and Et3N in THF under CO atmosphere

(4 bar) gave the desired product 7. After deprotection of the

TBDMS groups to yield 8 under similar reaction conditions as

used before to obtain product 4, the free 5’-hydroxy group was

selectively protected with DMTr-Cl to obtain the modified

desired nucleoside 9 in good yield and purity.

As the functional groups of histidine (imidazole) and lysine

(cationic amine) are known to be present in numerous enzyme

active sites and capable of general acid–general base catalysis,

we have finally chosen to modify a nucleoside with a lysine

amino acid derivative as a third example of our current strategy,

as shown in Scheme 3. Protected lysine 10 is commercially

available and was coupled with the TBDMS-protected nucleo-

side 1 to afford product 11 in high yield. After deprotection

of the tert-butyldimethylsilyl protecting groups using the

above described protocol, modified nucleoside 12 could be

selectively protected at the free 5’-hydroxy group with

DMTr-Cl to afford 13. Compared to the previous reaction

schemes, this final reaction suffers more from the steric

hindrance as compared to the other amino acids that show less

bulky substituents.

Conclusion
We here illustrated the efficient application of a simple carbox-

amidation procedure for the synthesis of modified nucleosides

featuring two extra functional groups. Because hydrolysis of the

methyl ester and removal of the t-Boc is performed during the

standard cleavage of solid support using NH4OH and benzyl

and benzoyl protecting groups can be removed by hydrogena-

tion [64], only one extra deprotection step is needed after

incorporation. After transformation of the modified nucleosides

into the corresponding phosphoramidite building blocks 5, 9

and 13 are amenable to incorporation in nucleic acids through

standard DNA synthesis methodology. The described protocol

relies on commercially available amino acid derivatives and

should be applicable to a large series of natural and unnatural

amino acids.
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Abstract
Phenanthridine derivatives are one of the most intensively studied families of biologically active compounds with efficient DNA

binding capability. Attracting attention since DNA structure discovery (1960s), they were early recognized as a symbol of DNA

intercalative binding, for many decades applied as gold-standard DNA- and RNA-fluorescent markers (ethidium bromide), probes

for cell viability (propidium iodide), but also “ill-famed” for various toxic (genotoxic) and mutagenic effects. After two decades of

low interest, the discovery of phenanthridine alkaloids and new studies of antiparasitic/antitumor properties of phenanthridine

derivatives resulted in the strong increase of the scientific interest about the turn of this century. Here are summarized phenanthri-

dine-related advances in the 21st century (2000-present period) with emphasis on the supramolecular interactions and bioorganic

chemistry, as well as novel or improved synthetic approaches.
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Introduction
The search for therapeutic agents of the phenanthridine type has

increased when the outstanding trypanocidal activity of some

phenanthridinium compounds became apparent [1]. One of the

most studied and used phenanthridine derivatives is 3,8-

diamino-5-ethyl-6-phenylphenanthridinium known as ethidium

bromide (EB), for many decades applied as gold-standard

DNA- and RNA-fluorescent marker, and its close analogue

(propidium iodide) as a probe for cell viability. Besides, an

antiparasitic activity for EB was reported and it possesses

significant antitumor activity [2-5] both in vivo and in vitro.

Nevertheless, phenanthridine derivatives were rather neglected

regarding their human medicinal applications due to potential

carcinogenic and mutagenic properties of some derivatives (EB

and analogues), which had negative influence on biomedically-

oriented studies of the complete phenanthridine class till the end

of the 20th century.

However, discovery of phenanthridine alkaloid analogues and

in parallel new studies of antiparasitic properties of phenanthri-

dine derivatives resulted in a strong increase of the scientific

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:pianta@irb.hr
http://dx.doi.org/10.3762%2Fbjoc.10.312
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Scheme 2: Radical-mediated synthesis of 6-arylphenanthridine [14].

interest about the turn of this century, consequently yielding

many publications at high impact chemical and biomedicinal

journals, and patents covering various chemical, biochemical

and biomedical uses. These results are up to our knowledge not

summarized in any review within the last 10 years. Thus, taking

advantage of our 20-year experience on phenanthridine deriva-

tives (including very scarcely studied 4,9-diazapyrenium

analogues with highly interesting biological effects), we

summarized literature data (advances from 2000 to present)

concerning supramolecular, bioorganic and medicinal chem-

istry, as well as novel or improved synthetic approaches.

Review
How to get phenanthridine: advances in
synthetic pathways
Phenanthridine was first synthesized at the end of 19th century

by Pictet and Ankersmit through pyrolysis of the condensation

product of benzaldehyde and aniline [6]. The reaction condi-

tions were improved by Morgan and Walls, based on a reaction

including a cyclization of phenanthridine by dehydrative ring-

closure with phosphorus oxychloride in boiling nitrobenzene

[7]. Over the 20th century this method of phenanthridine

preparation became the most common one. However, increased

interest over the last decades resulted in many new and substan-

tially different ways of phenanthridine synthesis with several

different goals: to improve the reaction yield and to equip the

phenanthridine moiety with various substituents, which were

nicely summarized by Keller a decade ago [8]. We tried to

survey the wide range of synthetic methods applied from 2000

on organizing them by similarity of reactants/catalysts or

organic reactions; for instance the anionic ring-closure reac-

tions using Grignard reagents (Scheme 1) [9], Bischler–Napier-

alski reactions [10], reduction of phenanthridones [11,12], free

radical methodology, palladium/rhodium/iron-catalysed reac-

tions, etc.

One of the approaches to the large variety of 6-arylphenanthri-

dine derivatives was the synthesis starting from benzotriazole

derivatives of diarylmethanes, acridine, xanthene, thioxanthene,

etc. It was based on the generation of a benzotriazole-stabilized

Scheme 1: The Grignard-based synthesis of 6-alkyl phenanthridine.

carbanion followed by oxidation of this carbanion by copper

iodide to form a radical. Subsequent elimination of nitrogen fol-

lowed by ring closure yielded phenanthridine (Scheme 2)

[13,14].

In the 1980s, Leardini et al. [15] have shown that under radical

conditions via a homolytic aromatic substitution route diaryl-

imines were suitable precursors to a number of 6-arylphenan-

thridine derivatives. The reaction proceeded by initial imidoyl-

H atom abstraction by the electrophilic iPrO• radical, and subse-

quently the intermediate underwent intramolecular cyclization

and oxidative aromatization to form the phenanthridine ring.

Bowman et al. [16] modified this route for safety reasons by

application of di(tert-butyl)peroxide as a source of the t-BuO•

radical (Scheme 3). The required arylimines were prepared

from aminobiphenyl and arylaldehyde in dichloromethane in

the presence of molecular sieves at room temperature. Radical

cyclisation in the presence of (tert-butyl)peroxide in chloroben-

zene at 140–150 °C for 48 h, yielded the corresponding phenan-

thridines in moderate yields. The t-BuO• radical eliminated the

imine-H and formed the imidoyl radical, added to the phenyl

ring. The homolytic aromatic substitution was terminated by

H-atom abstraction by another t-BuO• radical.

Among very few routes targeting the synthesis of 5,6-unsubsti-

tuted phenanthridines, the here presented radical-based pathway

used readily available N-(o-halobenzyl)arylamines as starting

materials [17]. The o-haloarylbenzylamines (obtained by

nucleophilic substitution of various anilines with 2-iodobenzyl

chloride) gave the corresponding amide anions by an SRN1

substitution reaction in NH3 or DMSO as solvent under
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Scheme 4: Synthesis of 5,6-unsubstituted phenanthridine starting from 2-iodobenzyl chloride and aniline [17].

Scheme 5: Phenanthridine synthesis initiated by UV-light irradiation photolysis of acetophenone O-ethoxycarbonyloxime derivatives at room tempera-
ture [18].

Scheme 3: A t-BuO• radical-assisted homolytic aromatic substitution
mechanism proposed for the conversion of diarylimine into the
6-arylphenanthridine derivatives [16].

photoinitiation in the presence of excess t-BuOK. The photoin-

duced ET to the amide-anion resulted in its radical anion. After

fragmentation of the C–I bond, an intramolecular cyclization

occurred, and after acidification of the reaction medium, the

oxidized phenanthridine compounds were obtained in very good

yields (up to 95%, Scheme 4).

McBurney et al. prepared various N-heterocycles, using oxime

carbonates as excellent precursors for the photoinduced genera-

tion of iminyl radicals, whereby at standard photolysis condi-

tions, 3-substituted 6-methylphenanthridines were obtained in

good to quantitative yields (52–99%, Scheme 5). Important

advantages of the method are environmentally friendly and

easily removable byproducts (CO2 and ethanol or phenol), and

the negligible impact of the electronic nature of the substituent

on the reaction [18].

The oxidative PhI(OAc)2-mediated cyclization of 2-isocyanobi-

phenyls with CF3SiMe3 under metal-free conditions showed to

be a mild and efficient approach to 6-(trifluoromethyl)phenan-

thridines, characterised by good yields with high regioselec-

tivity at ambient temperature (Scheme 6) [19,20].

Another radical-based route (targeting 6-perfluoroalkylphenan-

thridines), in which the transition metal is omitted, relied on the

trifluoromethylation of isonitriles to yield trifluoromethylphen-

anthridines (Scheme 7) [21]. This approach employed the Togni

reagent, and Bu4NI was applied as radical initiator; whereby

phenanthridines were prepared in good to excellent yields [22].

Starting from the similar isonitrile structure, 6-aroylated
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Scheme 6: PhI(OAc)2-mediated oxidative cyclization of 2-isocyanobiphenyls with CF3SiMe3 [19,20].

Scheme 7: Targeting 6-perfluoroalkylphenanthridines [21,22].

phenanthridines via base promoted homolytic aromatic substitu-

tion (BHAS) can be prepared [23].

Several photoinduced synthetic procedures were also applied.

For instance, the photochemical cyclization of N-benzylanilines

was used for asymmetrically substituted derivatives at phenan-

thridine side-rings and unsubstituted central ring [24]. The

recently reported photo-conversion of various isocyanide

biphenyls into alkylated phenanthridine derivatives under rather

mild reaction conditions introduced several novelties

(Scheme 8) [25]. The most intriguing is the double role of the

photocatalyst [fac-Ir(ppy)3], consisting of photo-induced gener-

ation of alkyl radical II and oxidation of radical IV to cationic

intermediate V, the latter process also regenerated the catalyst.

Finally, the deprotonation assisted by base resulted in various

6-alkylated phenanthridines in excellent yields (>92%). The

radical inhibitor 2,2,6,6-tetramethylpiperidin-1-oxyl (TEMPO)

was applied to stop the transformation by a single electron

transfer process.

Intriguing combination of irradiation techniques (combined

microwave-assisted and photochemical) offered a new route

toward phenanthridines. Microwave-mediated intramolecular

Diels–Alder cyclization of o-furyl(allylamino)arenes followed

by spontaneous aromatization yielded dihydrophenanthridines,

which upon exposure to UV light (315−400 nm) were oxidized

into (aza)phenanthridines (Scheme 9) [26].

Synthetic pathways based on the transition metal-catalysed

functionalization of carbon–hydrogen (C–H) bonds and forma-

Scheme 8: Easily accessible biphenyl isocyanides reacting under mild
conditions (room temp., visible light irradiation, blue LED light source,
N2, DMF, 10 h) with various common alkyl bromides by application the
two-role catalyst [fac-Ir(ppy)3], gave phenanthridines in good yields
[25].

tions of C–C bonds are often used to access phenanthridines

[27-29]. The most common are high-yield, palladium-based

methodologies under mild conditions, due to their applicability

on a large variety of aryl substituents [16] as well as potential

for stereo and regioselectivity (Scheme 10) [30,31].

Among many examples, very recently a two-step phenanthri-

dine synthesis stands out as a new strategy, characterised by

two roles of the Pd-catalyst in the 1st step, followed by simple

and cost effective oxidation [32] (Scheme 11). This synthesis
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Scheme 9: Microwave irradiation of Diels–Alder adduct followed by UV irradiation of dihydrophenanthridines yielded phenanthridines [26].

Scheme 11: The common Pd-catalyst for the biphenyl conjugation results simultaneously in picolinamide-directed cyclisation; obtained N-picolin-
amide dihydrophenanthridine is easily converted to phenanthridine [32].

Scheme 10: A representative palladium catalytic cycle.

published by Pearson et al. was based on palladium-catalysed

picolinamide-directed sequential C–H functionalization reac-

tions, while readily available benzylamine and aryl iodide were

used as precursors. In the first step the Pd-catalyzed reaction

yielded a biaryl compound. The second step under the catalysis

of Pd(OAc)2 comprised both cyclisation and oxidation in a

single step: a dehydrogenative C–H amination with PhI(OAc)2

as oxidant and removal of the picolinamide group followed by

oxidation with Cu(OAc)2. This strategy afforded phenan-

thridines in moderate to good yields (up to 65% for the second

step).

Bowman et al. reported a palladium-mediated route using

imidoyl-selenides as precursors besides the radical route. Com-

parison of the cyclisation yields for the same set of phenanthri-

dine derivatives revealed an overall better efficiency of the

t-BuO• radical-assisted homolytic aromatic substitution of

diarylimine (Scheme 3) in respect to the Pd(0)-mediated cycli-

sation of imidoyl-selenides (Scheme 12) [16]. Authors proposed

insertion of a Pd(0) species into the carbon–selenium bond, fol-

lowed by carbo-palladation onto the phenyl ring. This inter-

mediate then undergoes rapid rearomatization with the loss of

HPdSePh to give the phenanthridine.

Candito et al. reported a new and highly efficient method for the

synthesis of variously substituted phenanthridine derivatives

employing N-unsubstituted imines or N-silylimines [33]. The

method is limited to ortho-substituted aryl iodides as starting

material and also requires a convenient imine derivative

allowing the cleavage of the nitrogen-attached group (R5) at
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Scheme 13: Palladium-catalysed phenanthridine synthesis.

Scheme 14: Aerobic domino Suzuki coupling combined with Michael addition reaction in the presence of a Pd(OAc)2/K3PO4 catalytic system in water
[34,35].

Scheme 15: Rhodium-catalysed alkyne [2 + 2 + 2] cycloaddition reactions [36].

Scheme 12: Pd(0)-mediated cyclisation of imidoyl-selenides forming
6-arylphenanthridine derivatives [16]. The insertion of the Pd(0)
species into the carbon selenium bond followed by fast rearomatisa-
tion to phenanthridine is involved with the loss of HPdSePh.

some point in the catalytic cycle (Scheme 13). It is noteworthy

that polar solvents (DMF, N-methylpyrrolidone, and acetoni-

trile) had favourable impact on the reaction.

Ghosh, Dhara et al. also reported a synthesis of substituted

phenanthridines based on palladium-mediated Suzuki coupling

(Scheme 14) [34,35]. Aerobic ligand-free domino Suzuki

coupling–Michael addition reaction in the presence of

Pd(OAc)2 and K3PO4 as a catalytic system in H2O was catal-

ysed by palladium nanoparticles, that were generated in situ in

water with the elimination of acetone.

One of the major issues is the preparation of polysubstituted

phenanthridines, in particular asymmetrically positioned on one

of phenyl side-rings. An intriguing approach over rhodium-

catalysed alkyne [2 + 2 + 2] cycloaddition reaction [36]

(Scheme 15) offered a highly efficient method with excellent

regioselectivity (in case of bulky groups), with additional

advantage of the C-6 fluorinated methyl substituent – promising

for PET probe development.

Most of the metal catalysts employed for phenanthridine syn-

thesis are rather expensive; therefore efforts were made to

replace them with cheaper analogues. One successful approach
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Scheme 16: The O-acetyloximes derived from 2′-arylacetophenones underwent N–O bond cleavage and intramolecular N-arylation, followed by
cross-coupling or directed C–H arylation [37].

Scheme 17: C–H arylation with aryl chloride in the presence of a simple diol complex with KOt-Bu (top) [39]; for some cases it worked also in the
absence of diol (bottom) [40].

included iron(III) acetylacetonate in acetic acid as catalytic

agent (Scheme 16) [37], whereby O-acetyl oximes obtained

from 2′-arylacetophenones underwent N–O bond cleavage and

intramolecular N-arylation. The following conventional cross-

coupling or directed C–H arylation resulted in substituted

phenanthridines.

Homolytic aromatic substitution (HAS) by an aryl radical was

used for the construction of biaryl motifs as alternative to tran-

sition metal-catalysed C–H bond arylation. That approach was

also implemented in the two-component cyclization in the

synthesis of phenanthridine derivatives [38]. The starting

isocyanide biphenyl (similar to Scheme 8) reacts with the

phenyl radical generated from phenylboronic acid and a

manganese salt followed by spontaneous cyclisation and aroma-

tisation.

Trying to omit the expensive metal catalysts, several successful

attempts of a transition metal-free approach for phenanthridine

synthesis were reported. For instance application of a simple

diol combined with KOt-Bu resulted in intramolecular C–H

arylation to give the respective phenanthridine derivatives

(Scheme 17 top) [39]. More recently, a similar procedure

worked just in the presence of KOt-Bu by intramolecular

homolytic aromatic substitution (HAS), without the use of an

organic molecule as ligand to give benzo[c]phenanthridine

derivatives (Scheme 17 bottom) [40].

An unique approach to the phenanthridine core starting from a

simple disubstituted aniline relied on the aza-Claisen rearrange-

ment, ring-closing enyne metathesis and Diels–Alder reaction

[41] (Scheme 18). The obtained phenanthridine derivatives

were polysubstituted at the phenyl side-rings, while retaining

the unsubstituted central heterocyclic double bond. The diver-

sity of the aza-Claisen rearrangement allows the application of

this approach to other related heterocyclic systems.

The preparation of a new variety of analogues, namely 6-phos-

phorylated phenanthridines was very recently reported, whereby

central-ring cyclisation was accompanied with simultaneous

phosphorylation [42] (Scheme 19). The particular importance of

this economic and highly efficient synthetic method is the

complementarity of the starting material, the easy availability of

2-isocyanobiphenyls, which could be converted to variously

substituted phenanthridines in several ways (Scheme 7 and

Scheme 8).

Because of the recent strong focus on benzophenanthridines due

to their potent antitumor and antiinfectious activities [43], we

have chosen one recent synthetic approach (differing from afore
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Scheme 18: The subsequent aza-Claisen rearrangement, ring-closing enyne metathesis and Diels–Alder reaction – a new “three-atom economic
process” of phenanthridine synthesis [41].

Scheme 19: Phenanthridine central-ring cyclisation with simultaneous radical-driven phosphorylation [42].

Scheme 20: Three component reaction yielding the benzo[a]phenanthridine core in excellent yields [44].

listed examples) to benzo[a]phenanthridines as close analogues

of phenanthridine (Scheme 20) [44]. The synthesis by multi-

component tandem reaction/carbocyclization starts with the for-

mation of a 4-aryl-3-arylethynylisoquinoline from 2-bromo-

benzaldehyde/tert-butylamine/1,3-diyne. The second (in situ)

step is based on the ring closure, either via gold/silver-catal-
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Scheme 21: a) Reaction of malononitrile and 1,3-indandione with BEP to form the cyclised DPP products; b) pH controlled reversible cyclisation
process of DPP compounds [45].

ysed intramolecular hydroarylation or via iodo-catalysed regios-

elective 6-endo-dig electrophilic cyclization.

Kitson et al. synthesized a class of 2,3-dihydro-12H-

pyrrolo[1,2-f]phenanthridine (DPP) derivatives starting from

malononitrile and 1,3-indandione as the initial nucleophiles,

which reacted with N-bromoethylphenanthridinium bromide to

give DPP-dicarbonitrile and DPP-indandione, respectively.

Particularly an interesting property of these DPP products is the

reversible, pH controlled ring-opening-cyclisation process,

whereby at acidic conditions DPP undergoes rearomatisation of

the phenanthridinium ring system (Scheme 21a), which at basic

conditions (TEA) switches back to the initial DPP structure

(Scheme 21b) [45].

Summary of synthetic advances
Among many given examples of the phenanthridine synthesis,

currently two most common routes are the synthesis under

radical conditions [12-24] and the synthesis based on transition

metal-catalysis [15,27-37].

The main advantage of the radical-based phenanthridine syn-

thesis is easy available and generally cheap starting material

(benzotriazole, aminobiphenyl, arylaldehyde, N-(ortho-

halobenzyl)arylamines, oxime carbonates, isocyanobiphenyls,

etc.). Phenanthridines are usually obtained within 2–3 reaction

steps, by application of different radical initiators. An intriguing

alternative is the radical generation by UV irradiation with or

even without a photocatalyst. The major advantage of radical-
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Figure 1: Schematic presentation of the intercalative binding mode by the neighbour exclusion principle and important structural features of ethidium
bromide: A) amino substituents responsible for fluorescence increase upon DNA intercalation; B) phenyl substituent for steric control and also impact
on fluorimetric properties; C) permanent positive charge for aqueous solubility and electrostatic attraction to the DNA or RNA phosphate backbone.

based routes are usually mild reaction conditions, while reac-

tion yields, after optimization of the synthesis parameters, span

from 50–90%, mostly depending on the substituents attached to

the starting material. The radical-based synthesis is typically

used for the preparation 6-aryl or 6-alkylphenanthridine deriva-

tives and 6-phosphorylated analogues, equipped with one or

two additional substituents, usually positioned on the phenan-

thridine positions C1–4 or position C8.

Similarly to the radical-based synthesis, a synthetic approach

based on transition metal-catalysis also allows the phenanthri-

dine preparation from easily available starting material (benzyl-

amine, aryl iodide, imines, etc.) in few reaction steps, under

mild reaction conditions and with yields within the 50–90%

range. The great advantage of this approach is the very broad

versatility in preparation of phenanthridine derivatives, poly-

substituted on the phenyl side-rings by a large variety of

substituents, as well as stereo- and regioselectivity (particularly

for the bulky groups). Nevertheless, due to the most common

metal catalyst (palladium) this method is significantly more

expensive and less environmentally friendly than radical-based

methods. To address these disadvantages, in the last decade par-

ticular attention was given to the replacement of the expensive

palladium catalyst, for instance by iron [37]. However, major

impact was made by introduction of the cheap and environmen-

tally friendly intramolecular homolytic aromatic substitution

(HAS) reaction with the aid of the organo-catalysis; although it

is currently applicable for the preparation of only a limited

variety of phenanthridine derivatives and benzophenanthridines

but future prospects are very promising.

Aside two most common ways to prepare the phenanthridine

moiety, here are described several innovative approaches, with

potential to be developed for a large versatility of phenanthri-

dine derivatives or application of previously not used starting

materials (for instance microwave-mediated intramolecular

Diels−Alder cyclization of o-furyl(allylamino)arenes).

For the most of DNA or RNA targeted applications the phenan-

thridine is converted to the positively charged phenanthri-

dinium cation by simple alkylation of the phenanthridine hete-

rocyclic N5 nitrogen (thus giving permanent positive charge) or

by the N5 nitrogen protonation at weakly acidic conditions

(pK(N5) ca. 5.5–6) yielding reversible positive charge. Here are

also described novel approaches to reversible positively charged

(DPP and DIP derivatives [45]), which are related to remark-

able structural features of the naturally occurring benzophenan-

thridine alkaloids – pH-dependent structural transition between

the iminium (positively charged) and alkanolamine (neutral)

form [46].

Structural features of phenanthridines and
phenanthridinium cations related to DNA and
RNA binding
Structural studies on the phenanthridine system were mostly

driven by its most widespread use as DNA and RNA interca-

lator (Figure 1) and/or fluorescent marker (ethidium bromide/

propidium iodide) for ds-DNA and ds-RNA [47]. The phenan-

thridine structural features incorporate a unique set of prop-

erties related to the interaction with DNA and RNA (Figure 1):

size and curvature of the aromatic surface corresponds to the
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Figure 2: Urea and guanidine derivatives of EB with modified DNA interactions [57].

basepair shape, whereas the high polarizability (and permanent

positive charge of N-5 alkylated derivatives) also plays an

important role in aromatic and electrostatic interactions with

polynucleotides. Moreover, non-covalent interactions with

DNA and RNA can be reversibly controlled by a pH-induced

positive charge at the heterocyclic nitrogen N-5, and strong

electron affinity and polar groups at the 3 and/or 8 position of

the phenanthridine can efficiently and predictably regulate the

spectroscopic response (UV–vis and fluorescence) of the chro-

mophore [48].

The understanding of the intercalation process requires a

detailed knowledge of the energetics, thermodynamics and

structural equilibrium – surprisingly few studies endeavoured to

determine important parameters for such classical intercalator as

ethidium bromide [49]. The most recent and very extensive

theoretical study compared positively charged ethidium bro-

mide and its neutral analogue, revealing detailed description of

the forces included in the intercalation process, stressing the

dispersion energy as a control factor [50]. Moreover, a number

of kinetic measurements provided for the binding of ligands to

DNA additionally clarify mechanistic details that are not

apparent from equilibrium measurements [51].

Another, very comprehensive approach, relying mostly on the

experimental data of X-ray crystallography, UV–vis, fluores-

cence and NMR spectroscopy, determined that the fine inter-

play between electron donating and electron withdrawing

effects mediated by its nitrogen atoms defines the spectros-

copic properties of ethidium bromide (EB) and its derivatives

[48]. It turned out that, despite the positive charge of ethidium

bromide, most of ethidium's aromatic carbon and hydrogen

atoms have high electron densities compared to the

6-phenylphenanthridines. Thus, the electron-donor properties of

the exocyclic amines, especially at 8-position have a stronger

influence on the electron density of aromatic atoms than the

electron withdrawing effects of endocyclic iminium. Fine

tuning of electron properties of EB can be easily achieved via

chemical modulation of its amino groups at 3 and 8 positions of

the phenanthridine ring [52,53]. Systematic changing of the

ethidium bromide exocyclic amines into guanidine, pyrrole,

urea, and various substituted ureas revealed importance of elec-

tron-donor properties of substituents at the 3- and 8-position of

the phenanthridinium relative to the unmodified primary amino

groups. Namely, derivatives of EB having substituents with

weaker electron-donor properties exhibited a stronger fluores-

cence emission than EB, while a stronger electron-donating

substituent exhibited a much lower fluorescence emission. Such

behaviour could be attributed to the ethidium exocyclic amines

enabling by electron donation a non-radiative decay of phenan-

thridinium excited state, rather more likely than the previously

proposed mechanism of water-induced deprotonation of

phenanthridinium exocyclic amines, causing excited chro-

mophore fluorescence quenching [54,55].

Taking into account the research results of several other groups,

a general rule could be drawn that phenanthridines with no

amino groups yield strong fluorescence in water but emission is

totally quenched by DNA binding; one amino group at (usually)

position 8 results in only a small fluorescence change in the

complex with DNA, while two amino groups in 3,8-position

result in a weak fluorescence with strong emission increase

upon DNA binding [52,53,56].

A pronounced influence of the substituent at phenanthridine

position 6 on the optical properties of the chromophore also had

significant impact on the binding affinity toward ds-DNA. The

comparison of three substituents in 6-position, 4-N,N-diethyl-

aminophenyl, phenyl (EB) and methyl, revealed that the first

one exhibits the strongest DNA binding affinity and the

strongest fluorescence enhancement. That was related to the

twist angle in the excited state between the 6-phenyl ring and

the phenanthridinium chromophore, which controls the non-

radiative relaxation [56].

Substituted phenanthridine derivatives
In particular guanidine- and urea-substituted derivatives

attracted a lot of attention due to the different interactions with

various DNA and RNA. The ability of ethidium bromide

analogues to inhibit the HIV-1 Rev–Rev Response Element

(RRE) interaction, as well as their affinity to calf thymus

(ct)DNA was analysed. One derivative (Figure 2, 1) displayed
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Figure 3: Structure of mono- (3) and bis-biguanide (4) derivative. Fluorescence (y-axis normalised to starting fluorescence of free 4,
c = 1.0 × 10−6 mol dm−3) was quenched by GC-DNA and increased for AT-DNA. Inset: induced (I)CD spectra λ > 280 nm of 4 (r(4)/DNA = 0.3;
c(DNA) = 2 × 10−5 mol dm−3) – strong positive ICD band for AT-DNA and negative ICD band for GC-DNA. Adapted with permission from [58]. Copy-
right 2011 The Royal Society of Chemistry.

an enhanced affinity for HIV-1 RRE and a lower DNA affinity

(i.e., lower mutagenic activities) compared with ethidium bro-

mide. A recent study showed that substitution of both ethidium

bromide (EB) and exocyclic amines by guanidines converted

the classical intercalator (EB) into a DNA minor groove binder

[57]. The most intriguingly, binding mode change did not

weaken the DNA affinity, thus the affinity of guanidine deriva-

tive 2 (Figure 2) towards AT-rich DNA sequences was signifi-

cantly stronger compared to ethidium and comparable to that of

the known DNA minor groove binder furamidine.

The above mentioned guanidine-induced switch of the DNA-

and RNA-binding mode [57] inspired a design of derivatives

equipped with biguanide groups at 3 and/or 8 positions [58]

(Figure 3), under the presumption that the extended H-bond-

rich system should increase the ability of the chromophore to

differ among various shapes of ds-DNA- and ds-RNA-grooves.

Both, mono- (3) and bis-biguanide (4), efficiently discriminate

between dAdT and dGdC polynucleotides by opposite changes

of compound fluorescence, as well as opposite induced (I)CD

bands (Figure 3). Moreover, both, 3 and 4, show the binding to

AU-RNA by a different fluorimetric and CD response in respect

to DNA-binding. Observed recognition between various DNA

and RNA polynucleotides was attributed to the switch of the

binding mode (intercalation into dGdC-DNA and AU-RNA and

minor groove binding into dAdT-DNA).

A common strategy for the modification of DNA- and RNA-

targeting molecules by preparation of homo-dimers was also

implemented on the phenanthridine moiety – many ethidium

bromide-based dimers were prepared and reviewed in the last

two decades of the 20th century, thus here will be presented

results from 2000 on.

Systematic variation of steric and/or electrostatic effects by

means of type, number, length and flexibility of linkers

connecting two phenanthridine units is presented in Scheme 22.

The ability of switching on/off the charge of phenanthridine

heterocyclic N5 via its protonation at weakly acidic pH (pK

5–6) was utilized in a design of phenanthridine derivatives to

alter significantly their binding preferences toward polynu-

cleotides. Among several examples, the most intriguing pH

controlled binding of nucleotides and nucleic acids showed bis-

phenanthridine triamine [59] (8, Scheme 22). Compound 8

intercalated with only one phenanthridinium subunit into all

ds-DNA and ds-RNA, while additional interactions of the other

subunit within the grooves finely tuned the recognition between

various ds-polynucleotides. The sensitivity of spectroscopic

response was particularly pronounced for ss-RNA, whereby at

weakly acidic pH compound 8 exhibited specific fluorimetric

sensing of poly(G) among other studied ss-polynucleotides.

Cyclic cage-like bis-phenanthridinium derivatives (Scheme 16;

general structure 7), with a rigid structure allowing accommo-

dation of only one nucleobase, showed pronounced ss-RNA

over ds-RNA/DNA selectivity [60], whereas more flexible

cyclic (6) and acyclic analogues (5) [61] revealed opposite pref-

erence, stressing the importance of steric control over selec-

tivity (Scheme 16). The selectivity of 7 was based on the switch
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Scheme 22: Bis-phenanthridinium derivatives (5–7; inert aliphatic linkers, R = –(CH2)4– or –(CH2)6–): rigidity of a “cage” – steric control of binding
site. Triamine-linked bis-phenanthridine 8, note reversible doubling of positive charges at pH 5 in respect to neutral conditions (pH 7). Bis-urea
phenanthridines (general structure 9): different from amino analogues (5) by fluorimetric response and DNA- and RNA-binding modes.

of binding mode; the very rigid pocket between two phenanthri-

dinium moieties allows only bis-intercalation into single-

stranded polynucleotides and only binding with double-stranded

polynucleotides in non-intercalative mode (most likely within

the DNA and RNA grooves). Moreover, the cage-like binding

pocket of bisphenanthridiniums 7 showed to be sensitive to the

minor structural differences between mononucleotides, yielding

a very selective fluorimetric response upon binding of AMP in

respect to other nucleotides. In addition, the observed selec-

tivity towards poly(G) and poly(A) can be beneficial in bio-

logical applications for instance to influence the mRNA-func-

tion via binding to the poly(A) tail [62-64] and inhibition of the

HIV-1 replication by targeting recognition of the polypurine

tract by reverse transcriptase [65].

In a series of N5-protonated urea-substituted bis-phenanthri-

dinium derivatives (Scheme 22, general structure 9), the varia-

tion of the linker length connecting two urea-phenanthridinium

conjugates significantly influenced the efficiency of intramolec-

ular interactions between two phenanthridinium subunits and

consequently their DNA- and RNA-binding mode (shorter

linker–minor groove binding, the longest linker–intercalation)

[66,67]. In addition, the derivative with the longest linker was,

to the best of our knowledge, the first bis-phenanthridine-based

intercalator able to differentiate between A–U(T) and G–C base

pairs by sign of opposite fluorimetric response. An introduction

of the permanent positive charge by methylation of the hetero-

cyclic nitrogen changed the binding mode of the conjugates

with shorter linkers from minor groove binding to intercalation

and also resulted in significantly higher biological potency in

respect to non-methylated analogues [67]. Moreover, the

observed DNA and RNA interactions were also distinctively

different from previously studied aliphatic-linker analogues (5),

pointing out the decisive role of urea-linker interactions.

The common approach to complex small molecules targeting

DNA and RNA usually required a number of consecutive syn-

thetic steps, which made modification of the interesting struc-

tures a laborious and time-consuming task, quite often being the

bottle-neck in the structure–activity relation research. With aim

to facilitate structural modifications in DNA and RNA targeting

by oligo-aryl derivatives, new amino acids with phenanthridine

attached to the side chain were prepared and the solid phase

synthesis of novel peptide-bridged bis-phenanthridine deriva-

tives was developed (Figure 4) [68], whereby the position of the

DNA-active chromophore in the peptide backbone as well as
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Figure 5: General structure of 45 bis-ethidium bromide analogues. Reproduced with permission from [69]. Copyright 2012 Elsevier Ltd.

the structural characteristics of the linker between them can

easily be modified. In the first series of peptide-bridged bis-

phenanthridine derivatives, derivative 11 with the shortest

linker formed an intramolecular excimer, characterised by the

specific fluorescence band sensitive to the pH as well as on the

interactions with ds-DNA. Interestingly, all peptide-based

phenanthridines revealed excellent water solubility combined

with low in vitro toxicity, thus being good candidates for devel-

opment of new safe fluorimetric DNA and RNA dyes.

Figure 4: Series of amino acid–phenanthridine building blocks
(general structure 10; R = H; Gly) and peptide-bridged bis-phenanthri-
dine derivatives (general structure 11; R = X; Gly; Gly–Gly) [68].

Another large series of phenanthridinium-homodimers was

constructed by linking two ethidium bromide subunits by

peptide-like linkers of variable flexibility and rich in hydrogen-

bonding possibilities within the DNA grooves (Figure 5). The

resulting bis-intercalators (in comparison to the monomeric

analogues) revealed significantly increased DNA-binding

affinity and consequently enhanced telomerase and reverse tran-

scriptase inhibition [69].

Conjugates of phenanthridine with other DNA
and RNA active moieties
Another common approach to increased selectivity of DNA-

and RNA-targeting small molecules is the design of complex

conjugates consisting of several DNA- and RNA-active parts

(e.g., intercalator, groove binder, electrostatically binding

component, various sterically directing parameters). The

phenanthridine moiety was quite often used as presumably

intercalating unit, although in some cases a switch of the

binding site to the minor groove was reported.

In an effort to influence DNA sequence-selective recognition by

small molecules (MW <1000), our group prepared a series of

phenanthridine derivatives with one or two nucleobases cova-

lently attached at the 3 and/or 8 positions of the phenanthridine

ring (Scheme 23). The phenanthridinium–nucleobase conju-

gates did not show targeted selectivity toward complementary

nucleotides in aqueous medium due to the strong competition of

bulk water with the expected hydrogen bonds [70,71]. Fortu-

itously, the hydrophobic environment within the common DNA/

RNA binding sites allowed H-bonding-based recognition of

some complementary polynucleotide sequences. However, the

recognition pattern was not straight-forward; for instance

N5-protonated phenanthri-dinium–adenine derivative 12

successfully recognized a complementary poly(U) sequence

[72] (Scheme 23), but this recognition was completely lost upon

introduction of a permanent positive charge by methylation of

phenanthridine-N5 13 [71]. Intriguingly, N5-methylated

phenanthridine–adenine conjugate 13 exhibited preferred
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Scheme 23: Top: Recognition of poly(U) by 12 and ds-polyAH+ by 13; bottom: Recognition of poly(dA)–poly(dT) by 14, intramolecular H-bonds
marked by circles. Reproduced with permission from [72,73], copyright 2002, 2005 The Royal Society of Chemistry and with permission from [71],
copyright 2003 John Wiley & Sons, Inc.

binding to peculiar protonated poly AH+ double stranded helix

(Scheme 23) [71]. Attachment of two adenines to N5-proto-

nated phenanthridinium completely abolished interactions with

DNA and RNA due an extensively self-stacked structure but the

bisuracil–phenanthridinium conjugate 14 was able to distin-

guish between alternating and consecutive AT sequences by

peculiar combination of aromatic stacking and hydrogen-

bonding interactions [73,74].

At variance to phenanthridinium–nucleobase conjugates

(Scheme 23), which were not able to differentiate among

mononucleotides, some bis-phenanthridinium–nucleobase

conjugates provided a more convenient binding site for the

nucleobase. For instance, adenine derivative 15 (Figure 6)

selectively recognized the complementary nucleotide (UMP) by

specific change in the UV–vis spectrum of phenanthridine

subunits and high affinity [75]. Molecular modelling studies

proposed a structure of the 15–UMP complex stabilized by a set

of intra- and intermolecular stacking interactions and intermole-

cular hydrogen bonds unique for derivative 15 interaction with

UMP but not possible with other nucleotides. Moreover,

mentioned bis-phenanthridinium–nucleobase conjugates also

exhibited complex interactions with various ds- and ss-DNA

and ds- and ss-RNA, whereby the thermal denaturation and ICD

signal-based sensing was highly sensitive to the polynucleotide

basepair composition and secondary structure [76]. However,

the low solubility of the studied systems hampered NMR

studies and the very complex set of possible interactions did not

allow accurate structural explanation of observed ICD recogni-

tion.
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Figure 6: The bis-phenanthridinium–adenine derivative 15 (LEFT) showed selectivity towards complementary UMP; structure of the 15–UMP com-
plex (RIGHT) obtained by molecular modelling. Reproduced with permission from [75]. Copyright 2010 Elsevier Ltd.

Laborious synthetic procedures for the preparation of bis-

phenanthridine–nucleobase conjugates initiated a novel, conver-

gent and much more flexible approach relying on solid phase

peptide synthesis described earlier (Figure 4). In such a manner

prepared phenanthridine–thymine conjugates [77], intercalated

into ds-DNA whereby binding was marginally influenced by at-

tached thymine and the peptide backbone. More intriguing was

the observed excimer fluorescence emission and the very

specific CD spectrum of pentapeptide confirming the very effi-

cient phenanthridine–thymine–phenanthridine stacking. The

obtained results support efficient and predictable self-organisa-

tion of sterically crowded oligo-phenanthridine peptides

(Figure 4, [68]) as well as analogues containing other (DNA

and RNA binding) aromatic moieties [77], which as a proof of

principle support future design of analogous peptide libraries

for combinatorial approach to recognition of various DNA and

RNA targets.

A structure–activity search revealed several phenanthridinium

derivatives as promising binders to DNA:RNA hybrid struc-

tures [78]. Based on their previous work [79], Arya and

coworkers designed neomycin–methidium conjugate 16

(Figure 7) [80], which selectively recognized the DNA:RNA

hybrid duplex (poly(dA):poly(rU)) with sub-nanomolar affinity,

much higher than the affinities shown for traditional aminogly-

coside–nucleic acid targets. This joins the mentioned EB

analogue to a small number of ligands that bind DNA:RNA

hybrid structures. Latter play crucial roles in a number of bio-

logical processes (transcription, reverse transcription [79], the

priming of DNA prior to replication [81], participating in

different types of enzymatic activity, notably telomerases [82]

and HIV RNase).

Ethidium bromide was introduced as a part of a heterogenic

two-chromophore system, to take advantage of very efficient

FRET energy transfer process (77%) from fluorescein to the

Figure 7: The neomycin–methidium conjugate targeting DNA:RNA
hybrid structures [80].

RNA-intercalated phenanthridinium fluorophore (Figure 8, left)

[83]. The resulting fluorescent dye exhibited improved

ds-RNA-marker properties in comparison to other phenanthri-

dinium analogues by means of signal brightness, signal-to-back-

ground noise and increased fluorescence half-lifetime. The

same dye was also applied as convenient reporter for si-RNA

(Figure 8, right) [84]. In parallel the designed and tested cova-

lently linked ethidium bromide–ruthenium(II) complex also

proved to be an imaging probe whose fluorescence intensity and

lifetime changes substantially in the presence of RNA [85], thus

supporting a strategy of phenanthridinium incorporation into the

heterogenic two-chromophore system.

Phenanthridines are rarely combined with moieties covalently

interacting with DNA and RNA. One of the most promising

examples reported recently revealed that in a series of mono

functional, cationic platinum(II) compounds, phenanthriplatin

displayed a greater cytotoxic activity than either cisplatin or

oxaliplatin despite a fact that binding to DNA induces a little

distortion in the double helix (covalent adducts with DNA) [86].

The increased activity was attributed to improved cellular
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Figure 8: Two-colour RNA intercalating probe for cell imaging applications: Left: Chemical structure of EB-fluorescein conjugate (FLEth) and cartoon
depicting the energy transfer process from fluorescein to the intercalated phenanthridine fluorophore. Reproduced with permission from [83]. Copy-
right 2008 American Chemical Society.; Right: Convenient Reporter for Small Interfering RNAs fluorophore. Reproduced with permission from [84].
Copyright 2009 American Chemical Society.

Figure 9: The ethidium bromide nucleosides 17 (top) and 18 (bottom). DNA duplex set 1 and 2 (E = phenanthridinium intercalation site). Reproduced
with permission from [87]. Copyright 2004 American Chemical Society.

uptake and consequent inhibition of the cellular life cycle,

whereby inhibition was additionally correlated to more expe-

dient binding to nucleobases (5'-dGMP) in respect to less effi-

cient binding of sulfur-containing nucleophiles present in resis-

tance processes within the cell.

Phenanthridine covalently bound to DNA and
RNA
The phenanthridine aromatic moiety curvature nicely fits the

shape of an average DNA and RNA basepair, while the length

allows the incorporation of considerably long substituents at

3,8- positions available for attachment to DNA and RNA and/or

various additional non-covalent interactions with the polynuc-

leotide backbone.

The ethidium bromide incorporated as an artificial DNA base

(18, Figure 9) at specific sites in duplex DNA was used to study

photoinducible charge transfer processes [87]. Upon attach-

ment to the DNA chain the phenanthridinium base (E, Figure 9)

was efficiently intercalated into the DNA oligonucleotide, not

disturbing the position of adjacent basepairs nor the comple-

mentary oligonucleotide strand (abasic site X). Though,

ethidium 2’-deoxyribofuranoside (17) [88] revealed chemical

instability and was therefore replaced with an acyclic linker

system [87]. However, in a later work the acyclic linker was

again modified to correspond by length to the deoxyribofura-

noside, whereby it was proven that structural changes do not

influence significantly the EB insertion into the double helix,

nor EB spectroscopic properties [87,89].
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Figure 10: Left: various DNA duplexes; DNA1 and DNA2 used to study the impact on the adjacent basepair type on the EB fluorescence (repro-
duced with permission from [90], copyright 2004 John Wiley & Sons, Inc.) and DNA1,2,3,4-XY studying the EB fluorescence quenching by 7-deaza-
guanine (B) as a function of different position of abasic site (S). Reproduced with permission from [91] Copyright2005 Royal Society of Chemistry.
Right: structure of incorporated EB (18) and of the abasic site (S).

Further studies revealed that various adjacent base pairs

(Figure 10, A–T in DNA1, G–C in DNA2) did not significantly

influence the spectroscopic properties of the ethidium bromide

[90], while usage of noncovalently bound electron-acceptor

showed applicability of the phenanthridinium–DNA system for

studies of electron transfer in DNA [90]. Thus the EB-nucleo-

base fluorescence was not sensitive to the type of naturally-

occurring adjacent basepairs [90] but showed to be sensitive to

major erroneous ds-DNA sites (e.g., abasic sites) [91]. Namely,

by using the well-known system of EB-fluorescence quenching

by 7-deazaguanine incorporated within modified oligonucleo-

tides, it showed that the abasic site (S) either one base pair away

(DNA1-XY and DNA2-XY) or two base pairs away (DNA3-

XY and DNA4-XY) from the EB chromophore showed an

enhanced fluorescence quenching compared to the matched

duplexes [91].

Among many studies of charge transfer in DNA, several

applying ethidium bromide, revealed an unexpected complexity

of the process, pointing out the importance of the DNA/EB

complex flexibility on the efficiency of the transfer. A study of

comparatively flexible DNA/EB complex, EB covalently at-

tached to the 5’-end of oligonucleotides, in detail described the

rate and distance dependencies of charge transfer through DNA

[92,93]. A more rigid type of EB-binding, whereby the

EB-nucleobase was incorporated close to the centre of the DNA

oligomer in combination with two different charge acceptors

(7-deazaguanine as an electron hole acceptor and a 5-nitroin-

dole as a suitable electron acceptor) [94], showed similar rates

and distance dependencies for both, electron and hole transfer.

The obtained results [92-94] stress the importance of DNA-

basepair dynamics for the electronic transfer processes in DNA-

stacks. The efficiency of transfer is rather more controlled by

motions of chromophores involved in aromatic stacking of

DNA-reporter complex than with rigid aryl-stacking, thus

suggesting the presence of a base gating mechanism (for the

here presented EB/DNA systems on the 10–100 ps scale).

Phenanthridine analogues
One of the main incentives that increased interest in phenan-

thridines was the large family of naturally occurring close

analogues, mostly of extended aromatic moieties (e.g., benzo-

phenanthridines). Their distinctive biomedical properties

resulted in a considerable amount of research and large number

of publications, hampering their detailed description in this

review. Nevertheless, several chosen examples of phenanthri-

dine analogues will be presented.

The phenanthridine analogues, 4,9-diazapyrenium cations (very

scarcely studied) [95], revealed a number of very intriguing

properties upon binding to DNA and RNA. For instance, the

closest analogue to ethidium bromide 19 (Figure 11) showed

opposite fluorescence response upon binding to double-stranded

GC-DNA and GC-RNA (quenching of emission) and AU(T)

(emission increase) [96]. The only plausible structure of interca-

lated 19 requires parallel positioning of 19 and adjacent base

pairs’ long axes, consequently positioning the bulky phenyl

substituents of 19 in opposite DNA grooves – thus 19 exhibits

rare threading intercalation binding into double-stranded

polynucleotides. Furthermore, derivative 19 formed two types

of complexes with ss-RNA, a more stable one with a well

organised, possibly helical structure (ICD evidence) close to
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Figure 11: Structure of 4,9-DAP derivative 19; Rright: MIAPaCa-2 cells stained with 10 μM 19 after 60 and 120 min incubation, respectively. Magnifi-
cation 630×. Reproduced with permission from [95]. Copyright 2000 Royal Society of Chemistry.

saturation of poly(U) (r ≈ 1) and less stable complexes with the

other ss-RNA, characterised by decreased CD bands of polynu-

cleotides. At variance to other 4,9-diazapyrenium compounds

that lack the amino groups in positions 2 and 7, derivative 19

exhibited higher affinities and larger stabilisations of ds-DNA

and ds-RNA probably due to additive interactions of its amino

substituents within the polynucleotide binding site. All 4,9-DAP

derivatives also showed considerable antiproliferative activity,

interestingly only 19 having strong, micromolar activity in vitro

but negligible in vivo toxic effects in mice [97]. Strong fluores-

cence of 19 allowed monitoring of the very efficient cellular

uptake (Figure 11), upon which red colour of 19 accumulated in

cell nuclei – intriguingly after only 2 hours fluorescence colour

changed to yellow (Figure 11, right) and the dye distributed

over the cytoplasm pointing out to the metabolic modification

of the compound.

The new, easily accessible analogue, dihydroimidazophenan-

thridinium cation characterised by cyclic structure connecting

positions 5 and 6, showed promising antiproliferative activity

[3,98,99]. Molecular modelling results and some preliminary

experiments suggest intercalative binding mode, however up till

now interactions with various DNA and RNA were not studied

in detail.

One of several reasons for the increased research on phenan-

thridines is the discovery of naturally occurring analogues, e.g.,

some protoberberine alkaloids (Figure 12, sanguinarine and

chelerythrine), widely distributed in several botanical families

exhibiting many therapeutic applications. Very extensive results

would require a focused review, thus some examples are listed

below as outline of the importance.

Most of the sanguinarine (20) and chelerythrine (21) deriva-

tives were typical DNA and RNA intercalators [100], some of

them showing also intriguing interactions with ss-RNA, poly(A)

[46]. However, either intercalative binding mode or structural

similarity to EB did not hamper their biomedical applications.

For instance, in a series of 5-methylbenzo[c]phenanthridinium

derivatives, based on combination of sanguinarine (20)/chelery-

thrine (21) structures [101], the presence of a 1-phenyl or

12-phenyl  subs t i tuen t  on  2 ,3 ,8 ,9- te t ramethoxy-5-

ethylbenzo[c]phenanthridinium chloride [102] significantly

enhances the antibacterial (Staphylococcus aureus and Entero-

coccus faecalis) activity relative to sanguinarine. Another

example, using the strategy of bioactivity-guided fractionation,

the bioactive compound chelerythrine (21, a quaternary

benzo[c]phenanthridine alkaloid) was isolated from Chelido-

nium majus L. [103]. In addition to strong antihelmintic activity

(against D. intermedius), chelerythrine also showed antimicro-

bial, antifungal and anti-inflammatory activity [104].

Figure 12: Examples of naturally occurring phenanthridine analogues.

Discussion of the presented results and
perspectives
The data presented in this review endeavoured to stress the

outstanding properties of the rather simple and, due to the

substantial advance in synthetic approaches, now readily avail-

able moiety (phenanthridine). Within the last 15 years signifi-

cant research efforts invested in the phenanthridine and phenan-

thridinium structure–DNA and RNA-binding relations resulted

in a significantly advanced understanding of the chromophore

system in the free form and even more important in complex

with ds-DNA and ds-RNA.
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Table 1: Binding affinities (log Ks); thermal denaturation effects and proposed binding modes of chosen phenanthridine and phenanthridinium deriva-
tives with natural and synthetic polynucleotides: ds-DNA and ds-RNA.

Ligand pH log Ks
a(∆Tm

b) / Binding modec

ctDNA dA–dT dAdT–dAdT rA–rU dG–dC rG–rC

1 7.5 5.6d ,(–) / IC – – – –

4
5 –, (20.6) / MG 7.4, (29.5) / MG –, (25.0) / MG 7.4, (35.4e/–1.8)

/ IC 6.6, (–) / IC –

7 –, (5.6) / MG 6.5, (9.8) / MG –, (10.3) / MG 5.7, (5.0) / NSA 5.8, (–) / IC

5
R = (CH2)4

6.2 – 5.2, (–f/45.3) / IC +
ESI – 5.7, (–f/21.5) / IC

+ ESI – 6.5,(–) / IC
+ ESI

5
R = (CH2)6

6.2 – 5.7, (–f/42.5) / IC,
NSA – 8.0, (–f/20.7) /

IC, NSA – 6.3,(–) / IC,
NSA

6
R = (CH2)6

6.2 – –g, (25.6) / GB – 5.3, (3.9) / GB – 6.5,(–) /
GB

7 6.2 – 6.0, (–) / GB, ESI – –g ,(–) / GB, ESI – 5.7,(–) /
GB, ESI

8
5 5.8, (25.8) / IC,

ESI –, (11.1) / IC, ESI – 5.1, (9.5) / IC,
ESI – 5.8,(–) / IC,

ESI
7 6.6, (5.7) / IC –, (12.1) / IC – 6.2, (5.2) / IC – 5.2, (–) / IC

9
(n = 2) 5 5.5, (2f/22.6) /

MG 5.8 (3.3f/27.7) / MG – 5.2 (0e/1.1) /
NSA – 6.6h, (–) /

NSA

9
(n = 6) 5 6.3, (2.9) / MG 5.7, (3.4) / MG – 5.2 (0e/0.9) /

NSA – 6.8h, (–) /
NSA

9
(n = 9) 5 6.0, (7.7) / IC 6.1, (3.8) / IC – 6.0, (10.6e/–2.0)

/ IC – 5.0, (–) / IC

10
R = Gly

5 5.,5 (8.1) / IC – – – – –
7 4.7, (–) / IC – – – – –

11
R = Gly

5 6.9, (16.5) / IC – – – – –
7 6.0, (–) / IC – – – – –

14
(bis-uracil
analogue)

5 – 4.6, (18.0) / PIC, HB 5.1 / PIC 5.0, (2e/12.4) /
PIC – –

14
(bis-adenine
analogue)

5 – 5.0, (6.0) / MG 5.3, (1.1) / MG 5.1, (1.5e/0.3) /
GB – –

Detailed analysis of the DNA and RNA binding parameters

(Table 1) revealed that contrary to the common paradigm about

ethidium bromide derivatives as classical ds-DNA and ds-RNA

intercalators, here presented results show a large variety of

binding modes, very often the same molecule exhibiting more

than one binding mode, depending on the ratio r  =

[compound]/[polynucleotide]. Moreover, there is no set of rules

which will accurately predict the dominant binding site of

newly designed phenanthridine/phenanthridinium analogues.

All aforementioned also hampers the prediction of the fluori-

metric response, which is much more dependent on the binding

mode than on the substituents attached to the chromophore.

However, by the rule of thumb, if phenanthridine substituents at

3,8-positions sterically allow the intercalation into ds-DNA or

ds-RNA, than a binding affinity within the micromolar range

could be expected and the systematic research of Luedtke et al.

[48] allows predictions of the fluorimetric response, while

results of Wagenknecht et al. [88-94] as well as Turro et al. [83-
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Table 1: Binding affinities (log Ks); thermal denaturation effects and proposed binding modes of chosen phenanthridine and phenanthridinium deriva-
tives with natural and synthetic polynucleotides: ds-DNA and ds-RNA. (continued)

16 5.5 – –, (7.7i) / IC, MB 6, (7.4i ) / IC,
MB

9.3, (34.3 i) / IC,
MB – –

19
5 6.4, (19.6) / TIC 5.4, (10f/20) / TIC,

MB 6.1 / TIC 6.5, (35.6) / TIC 6.1, (–) / TIC 6.8, (–) /
TIC

7 –, (19.4) / TIC 5.6, (11.3f/21.6) /
TIC, MB 5.9 / TIC 6.5, (25.5) / TIC 6.9j, (–) / TIC 6.1, (–) /

TIC

20 6.5 – – – 5.9, (19.0k) / IC – 5.5,(–) / IC
aBinding constants calculated from titration data by processing according to the Scatchard equation. br = [compound]/[polynucleotide] = 0.2 if not
stated otherwise. cIC = intercalation; MG = minor groove; NSA = non-specific agglomeration; GB = undefined groove binding; BIC = bis-intercalation;
ESI = electrostatic interaction; HB = hydrogen bonding; PIC = partial intercalation; MB = mixed binding mode; TIC = threading intercalation. dBinding
constants calculated from ethidium bromide displacement experiments [52]. eBiphasic thermal denaturation transitions at pH 5 due to different RNA
forms [62]. fBiphasic thermal denaturation transitions due to bMB, values for both transitions given when possible. gNot possible to calculate due to
systematic deviation of experimental data from best-fitted Scatchard isotherm. hCumulative binding constants for mixed binding mode. ir = [com-
pound]/[polynucleotide] = 0.1. jPolynucleotide is poly(dG–dC)2. kr = [compound]/[polynucleotide] = 0.5.

Table 2: Binding affinities (log Ks) and proposed binding modes of chosen phenanthridine and phenanthridinium derivatives with synthetic polynuc-
leotide ss-RNA.

ligand pH log Ks
a / Binding modeb

pA pU pG pC pAc+ (∆Tm)d

PHEN-Mee 5
7

4.3 / IC
4.8 / IC

<3 / IC
<3 – –

PHEN-H+f 5 5.1 / IC <3 / IC – –

EB [96] 5
7

3.3 / IC
3.9 / IC

<3 / IC
<3 / IC

3.8 / IC
3.1 / IC

3.3 / IC
<3 / IC

5
R = (CH2)4

6.2 4.2 / IC, NSA 3.7 / IC, NSA 5.3 / IC, NSA – –

5
R = (CH2)6

6.2 3.8 / IC, NSA 4.1 / IC, NSA 5.8 / IC, NSA – –

6
R = (CH2)6

6.2 4.1 / IC, NSA 4.2 / IC, NSA 5.4 / IC, NSA – –

7 6.2 6.3 / BIC 5 / BIC 7.1 / BIC – –

8
5 5.0 / IC 4.5 / IC 6.1 / IC 5.4 / IC –
7 4.6 / IC 4.4 / IC 5.1 / IC 4.5 / IC –

12
(phenanthridinium-adenine) 5 5.3 / IC 4.5 / IC + HB – – –

12
(phenanthridinium-uracil) 5 5.3 / IC >3g / IC – – –

85] are applicable for the design of DNA charge transfer

processes.

However, these rules do not apply for interactions of phenan-

thridine/phenanthridinium derivatives with significantly more

flexible single stranded (ss-)polynucleotides, for instance

ss-RNA (Table 2). The data about interactions with ss-DNA or

ss-RNA are sparse and deficient, mostly determined for deriva-

tives with substituents aiming toward particular nucleobase

recognition, with very few referent compounds for any final

conclusion about the binding properties of phenanthridine

moiety alone. Nevertheless, binding data obtained for ethidium
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Table 2: Binding affinities (log Ks) and proposed binding modes of chosen phenanthridine and phenanthridinium derivatives with synthetic polynuc-
leotide ss-RNA. (continued)

13
5 – >3 g/ IC – – 5.3, (3) / IC, ESI
7 – >3g / IC – – 4.4 / IC

14
(bis-uracil analogue) 5 – – – – 5.2, (8.0) / PIC, HB

14
(bis-adenine analogue) 5 – – – – 5.1, (0.5) / MG

19
5 – 3.9 / IC 4.7 / IC 2.9 / IC –
7 4.1 / IC 4.4 / IC 4.5 / IC 2.6 / IC –

20 6.5 – – – – 4.5, (6.0) / IC
aTitration data were processed according to the Scatchard equation. bIC = intercalation; MG = minor groove; NSA = non-specific agglomeration; BIC
= bis-intercalation; ESI = electrostatic interaction; HB = hydrogen bonding; PIC = partial intercalation. cpoly A at pH 5 is mostly protonated and forms
ds-polynucleotide [62]. dr = [compound]/[polynucleotide] = 0.2, only for 20 r = 0.5. e8-(Propylamino)-5,6-dimethylphenanthridinium cation [71].
f8-(Propylamino)-6-methylphenanthridine [70]. gEstimated value due to less than 20% of complex formed.

bromide and 8-amino-substituted derivatives with methylated or

protonated heterocyclic N5 (Table 2) show that the phenanthri-

dine/phenanthridinium cation interacts with purine ss-sequences

with affinity approximately one–two orders of magnitude lower

in comparison to ds-DNA or ds-RNA, while interaction with

pyrimidine ss-polynucleotides is even one order of magnitude

lower. This agrees well with the aromatic stacking interactions

between phenanthridine and nucleobase as dominant binding

interaction (most likely intercalation), while differences

between permanent (EB, PHEN-Me) and reversible (PHEN-H+)

positive charge do not play a significant role. Intriguingly, EB

revealed an order of magnitude lower affinity toward poly(A) in

comparison to PHEN-Me and PHEN-H+, which could be attrib-

uted to the steric hindrance of EB at C6 and N5 positions to the

optimal orientation of phenanthridinium within the intercala-

tive binding site between adjacent nucleobases. As expected,

bis-phenanthridine derivatives exhibited higher affinity due to

the bis-intercalative binding mode, and in some cases show a

fluorimetric recognition of a particular ss-polynucleotide (e.g.,

8) due to the fine interplay of binding interactions. Again, very

scarce information about the complex structure did not allow

accurate determination of binding contributions, which would

clarify the observed selectivity.

Although only the current widespread biochemical application

is focused on ethidium bromide/propidium iodide dyes for DNA

dyeing and cell viability tests, results summarised in this review

pointed out the intriguing potential of the phenanthridine/

phenanthridinium system for chemical and biochemical

research. Widely used fluorimetric dyes, such as cyanine

derivatives, are non-fluorescent in the free state but give

tremendous fluorescence emission upon binding to biomacro-

molecular targets. However, many of these dyes show photo-

bleaching, a significant overlap of the absorption and emission

spectrum (minor Stokes shift) and the chemical stability in

stock solution is often declared by the producer to last only

several months. Although the phenanthridine/phenanthridinium

system in principle does not show the ideal combination of non-

emissive form in the free state/very strong emission in the

bound state, it has several advantages over cyanine dyes:

phenanthridine/phenanthridinium fluorescence is characterised

by a large Stokes shift (up to 100 nm) allowing the full use of

absorption maxima as well as easy incorporation in FRET

systems, high resistance to photobleaching and mostly very

high chemical stability. Biomedical use in human medicine was

deterred by the potential carcinogenic and mutagenic properties

of some derivatives (EB and analogues) but this is recently

reassessed due to the evidently innoxious treatment of African

trypanosomiasis in livestock for more than 40 years

(isometamidium chloride hydrochloride and ethidium bromide

[105]), together with recent results on phenanthridine-based

alkaloids and the promising bioactivity of phenanthriplatin [86].

All aforementioned gave the impetus to the phenanthridine/

phenanthridinium system research, which made significant

progress in the study of the most common phenanthridine

substituent positions (3-, 5-, 6-, 8-). Nevertheless, there are still

many promising targets, for instance systematic study of

various substituents attached at rarely used positions

(1-,2-,4-,7-,9-) would be of high interest, especially since

natural phenanthridine alkaloids (Figure 12) are richly substi-

tuted on these positions and very likely owe a lot of biological

activity to particular type of substituent. Several other phenan-

thridine characteristics such as reversible positive charge intro-
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duction by protonation of the heterocyclic nitrogen (N5) were

for the first time applied in designed DNA and RNA interac-

tions, offering new biomedical applications – for instance,

taking advantage of the significantly lower extracellular pH of

many solid tumors [106], to which some antitumor drugs base

their preferential accumulation in tumor tissue due to the

weakly acidic pKa value [107]. Furthermore, phenanthridine

was very scarcely used as a ligand in metal coordination chem-

istry of biomedically oriented research, although heterocyclic

nitrogen (N5) and/or various side-arm substituents offer many

possibilities – as for example, very recently reported recogni-

tion of nucleotides by phenanthridine–lanthanide conjugates

[108]. Finally, there are almost unlimited possibilities of

phenanthridine incorporation into heterogenic fluorescent

probes, taking advantage of the aforesaid phenanthridine spec-

trophotometric characteristics.
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Abstract
The interactions of the ILPR sequence (ILPR = "insulin-linked polymorphic region") a2 [d(ACAG4TGTG4ACAG4TGTG4)] with

[2.2.2]heptamethinecyanine derivatives 1a–e and with the already established quadruplex ligands coralyne (2), 3,3′-[2,6-

pyridinediylbis(carbonylimino)]bis[1-methylquinolinium] (3), 4,4′,4′′,4′′′-(21H,23H-porphine-5,10,15,20-tetrayl)tetrakis[1-

methylpyridinium] (4), naphtho[2,1-b:3,4-b′:6,5-b′′:7,8-b′′′]tetraquinolizinium (5) and thiazole orange (6) were studied. It is demon-

strated with absorption, fluorescence and CD spectroscopy that all investigated ligands bind with relatively high affinity to the

ILPR-quadruplex DNA a2 (0.2–5.5 × 106 M−1) and that in most cases the binding parameters of ligand-ILPR complexes are

different from the ones observed with other native quadruplex-forming DNA sequences.
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Introduction
The “insulin-linked polymorphic region” (ILPR) is a physiolo-

gically relevant G-rich DNA sequence that consists of repeti-

tive DNA units with varying length and sequence [1]. The ILPR

is located in the promoter region of the human insulin gene and

is proposed to control the expression of the latter. It was shown

that insulin-dependent diabetes mellitus (IDDM, type-I

diabetes) is associated with the number of these minisatellites.

Specifically, the number of these repeating units varies from ca.

160 in healthy humans to ca. 40 in IDDM patients [2]. From the

14 known repeat ing uni ts  of  ILPR the variants  a

[d(ACAGGGGTGTGGGG)], b [d(ACAGGGGTCTGGGG)]

and c [d(ACAGGGGTCCTGGGG)] occur most frequently; and

a has the highest transcriptional activity [2,3]. It was shown that

the sequences a–c form stable G-quadruplex structures in vitro

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:ihmels@chemie.uni-siegen.de
http://dx.doi.org/10.3762%2Fbjoc.10.314
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Scheme 1: Equilibrium between single-stranded ILPR-DNA a2 and its parallel and antiparallel quadruplex form.

and that this tendency is even enhanced by binding of the

insulin protein [4-8]. In addition, it was demonstrated that the

nucleotide sequence a2, [d(ACAG4TGTG4ACAG4TGTG4)],

has parallel and antiparallel quadruplex forms that coexist under

physiological conditions (Scheme 1) [9]. Notably, the bio-

logical relevance of ILPR quadruplexes has been suggested

considering recent discoveries on the influence of quadruplex

formation on the function of nucleic acids and the observation

that insulin associates with quadruplex DNA [10]. In particular,

it was assumed that the formation of quadruplex structures

affects the transcriptional activity, because the position of the

ILPR in the promoter region of the gene represents a stake close

to the transcription process [9,11,12]. Furthermore, quadruplex

structures may interfere with the replication process because of

their thermal and mechanical stability. Namely, the force

required to unfold the quadruplex is larger than the one to block

helicases [9,13], such that quadruplex structures reduce the

activity of these enzymes to greater extent than the corres-

ponding duplex DNA [14]. There is also evidence that longer

ILPR sequences may form multiple quadruplex structures that

interact with each other, and it was speculated that the observed

increase in replication errors in minisatellite regions is related

with these higher-order DNA structures [15].

It has been demonstrated throughout the last decade that

quadruplex DNA-binding ligands have a large potential to

increase its stability towards unfolding and to influence the

equilibrium between different quadruplex forms by stabilizing

one particular quadruplex conformation [16,17]. Therefore, it is

proposed that such ligands may interfere with physiological

processes that involve quadruplex DNA. In this context, it is

remarkable that systematic studies on the interaction of ligands

with ILPR-DNA are rather rare. To the best of our knowledge

there exists one study to develop a fluorescence screening

method for the identification of selective quadruplex ligands in

which, along with other sequences, an ILPR sequence has been

used [18,19]. To fill this gap of knowledge, we investigated the

interactions of a series of quadruplex ligands with the represen-

tative ILPR sequence a2. As we have demonstrated already that

the [2.2.2]heptamethinecyanine dye binds selectively to quadru-

plex DNA and that its interaction with the quadruplex is indi-

cated by a drastic emission light-up effect [20,21], we chose the

[2.2.2]heptamethinecyanine derivatives 1a–e [22] as ligands for

this study. For a better comparison of data we also included the

already established quadruplex ligands 2–6 [23-27] in this study

(Figure 1).

Results
Thermal DNA-denaturation experiments
The temperature-dependent structural changes of ILPR-DNA

were analyzed by CD-spectroscopic and fluorimetric analysis.

CD spectra were obtained from a solution of the ILPR quadru-

plex-forming oligonucleotide a2 in K+-containing buffer

(95 mM) in a temperature range from 20 to 95 °C. The oligonu-

cleotide a2 showed CD signals that are characteristic of a mix-

ture of parallel (λmax = 265 nm; λmin = 235 nm) and antipar-

allel (λmax = 295 nm) quadruplex structures (Figure 2A) [9,28].

With increasing temperature, the intensity of the maxima at 210

and 265 nm as well as the ones of the minimum at 235 nm

decrease at T > 60 °C. On the other hand, the intensity of the

signal at 295 nm slightly increases at T > 60 °C and then

decreases at T > 80 °C (Figure 1A and 1B). These results are in
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Figure 1: Structures of ligands 1–6 used in this study.

Figure 2: A) CD spectra of ILPR-DNA a2 (20 μM) at different temperatures in potassium phosphate buffer (95 mM, pH 7.0). Arrows indicate the
development of the bands with increasing temperature. B) Plot of the intensity changes (CD/CD0) of the CD signals at 265 nm (■) and 295 nm (○)
versus temperature.

agreement with literature data [9]; however, in the latter case

the signal at 265 nm increased at 60 °C < T > 80 °C instead of

the signal at 290 nm, presumably because different buffer solu-

tions were used in the latter study. It should be noted that the

CD spectrum of a2 in potassium phosphate buffer (95 mM K+)

changes slightly with time. Specifically, the intensity of the CD

bands at 210, 235 and 265 nm decreases slowly within 48 h,

whereas the maximum at 295 nm remains essentially the same

in this time range (Figure 3).

The thermal stability of the ILPR-DNA with respect to

unfolding was also examined by emission spectroscopy in K+-

and Na+-containing buffer, i.e., the melting temperature, Tm, of

the dye-labelled quadruplex-forming ILPR sequence Fa2T
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Figure 3: CD spectra of ILPR-sequence a2 (20 µM) in potassium
phosphate buffer (95 mM, pH 7.0; __ : immediately after the prepar-
ation of the DNA stock solution; ···· : 2 d after the preparation).

[fluorescein-d(ACAG4TGTG4ACAG4TGTG4)-tetramethylrho-

damine] was determined by fluorimetric monitoring of the

temperature-dependent Förster resonance energy transfer

(FRET) between the dyes [29]. In sodium cacodylate buffer

(10 mM Na+, 10 mM K+, 90 mM Li+) the melting curve of the

DNA has a weak transition at 50 °C and a more pronounced one

at Tm = 71.0 °C (Figure 4). The results of the melting experi-

ments always refer to the latter transition. In potassium phos-

phate buffer (95 mM K+) the melting temperature of the DNA

is Tm = 87.8 °C. This temperature is relatively high, so that

further stabilization by a ligand leads to a Tm close to the

boiling point of the solvent. Therefore, studies of ligand–DNA

complexes were not performed in this medium.

Figure 4: Fluorimetric monitoring of thermal DNA-denaturation of the
ILPR quadruplex Fa2T (0.2 μM DNA concentration in oligonucleotide)
in potassium phosphate buffer (····, 95 mM, pH 7.0) and KCl-LiCl-Na-
cacodylate buffer (—, 10 mM K+, 90 mM Li+, pH 7.2). Inset: Plot of the
first derivative f' (T) of the melting curves.

The influence of the ligands 1–6 on the melting temperature of

ILPR-DNA was determined by fluorimetric monitoring of the

DNA melting curves of Fa2T at different ligand–DNA ratios,

LDR (Table 1, Figures S1 and S2 in Supporting Information

File 1). Most of the tested ligands, i.e. 1a, 1c, 1d, 2, 4, 5, and 6,

induced only a moderate increase of the melting temperature of

the ILPR-quadruplex (ΔTm = ca. 2–6 °C). Nevertheless, the

addition of the cyanine derivative 1b or the bis-quinolinium

derivative 3 induced a significantly larger shift of the quadru-

plex melting temperature (1b: ΔTm = 14.5 °C; 3: 14.9 °C;

LDR = 5.0).

Table 1: Shifts of melting temperature, ΔTm, of quadruplex-DNA Fa2T
induced by ligands 1–6 as determined from fluorimetric thermal DNA
denaturation studies.

LDR

ΔTm [°C] a

1.3 2.5 5.0

1a 1.0 1.9 4.9
1b 0.8 7.1 14.5
1c 0.1 1.1 3.5
1d 0.5 4.0 3.7
1e 1.3 2.2 3.4
2 0.7 1.7 3.1
3 3.9 6.4 14.9
4 1.4 2.1 6.3
5 0.1 1.5 5.8
6 0.7 0.8 1.8

aΔTm of Fa2T; cDNA = 0.2 µM (in oligonucleotide); KCl-LiCl-Na-cacody-
late buffer (10 mM K+, 90 mM Li+, pH 7.2); λex = 470 nm; λem =
515 nm; estimated error: ±0.5 °C of the given data.

Photometric and fluorimetric titrations
The interactions of the ligands 1–6 with ILPR-DNA a2 were

further analyzed with photometric and fluorimetric titrations

(Figure 5 and Figure 6, Table 2). In general, a hypochromic

effect and a bathochromic shift of the absorption maximum of

the ligand were observed upon addition of DNA (Supporting

Information File 1, Figures S3 and S5). In the case of coralyne

(2) and the tetraazoniahetarene derivative 5 this effect is only

weakly pronounced. Only during the titration of the bis-quino-

linium derivative 3 an isosbestic point developed at 364 nm.

The addition of ILPR-DNA a2 to the cyanine derivatives 1a–e

and 6 resulted in a strong increase of the emission intensity

(light-up effect) with increasing concentration of a2 (Figure 5

and Figure 6E). This effect was most pronounced in the case of

thiazole orange (6) whose emission intensity increases by a

factor of I/I0 = 1766. Within the series of heptamethine cyanine

dyes 1a–e, the derivative 1d exhibits the largest light-up factor
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Figure 5: Fluorimetric titration of 1a (A), 1b (B), 1c (C), 1d (D) and 1e (E) with a2 in potassium phosphate buffer (95 mM, pH 7.0); A, B, E:
cLig = 5.0 μM; C, D: cLig = 10 μM; A: λex = 385 nm; B: λex = 364 nm; C: λex = 431 nm; D, E: λex = 580 nm. Arrows indicate the development of the
bands with increasing DNA concentration. Inset: Plot of the normalized emission intensity versus DNA concentration. Lines denote the best fit of
experimental data to the theoretical model.

with I/I0 = 128. In contrast, the emission of coralyne (2), bis-

quinolinium derivative 3 and the tetraazoniahetarene derivative

5 was quenched upon addition of a2 (Figure 6A, 6B, and 6D;

Table 2). The data of the fluorimetric titrations was used

to estimate the binding constants Kb
a2 from a fit of the

experimentally determined binding isotherms to the theoretical

model [31] with resulting binding constants in the range of

0.2–5.5 × 106 M−1 (Table 2). Notably, the development of the

emission intensity of ligands 1d and 1e showed two distinctly

different trends during the titration with a2, which indicates two

different binding modes (Supporting Information File 1, Figure

S4). Specifically, at LDR values <1.1 (1d) or <0.8 (1e) the
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Figure 6: Fluorimetric titration of 2 (A), 3 (B), 4 (C), 5 (D) and 6 (E) with a2 in potassium phosphate buffer (95 mM, pH 7.0); A, B, D, E: cLig = 5.0 μM;
C: cLig = 10 μM; A, D: λex = 385 nm; B: λex = 364 nm; C: λex = 431 nm; E: λex = 490 nm. Inset: Plot of the change of the emission intensity versus
DNA concentration. Lines denote the best fit of experimental data to the theoretical model. Arrows indicate the development of the bands with
increasing DNA concentration.

emission intensity is significantly less quenched as compared to

the beginning of the titration. The binding constants of the

ligand–DNA complexes formed at the beginning of the titra-

tions were estimated assuming that the emission intensities of

1d und 1e at LDR = 1.1 and 0.8 essentially represent the one of

the bound ligand in this particular binding mode. Hence, the

binding constants were determined from the respective

binding isotherms (inset  in Figure 5D and 5E; 1d :

Kb
a2 = 5.5 × 106 M−1; 1e: Kb

a2 = 1.7 × 107 M−1). For compari-

son, fluorimetric titrations of the telomeric quadruplex 22AG

[5'-A(GGGTTA)3GGG-3'] to the cyanine derivatives 1b–e were

performed and the binding constants were obtained from the
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Table 2: Absorption and emission properties of ligands 1–6 in the absence and presence of ILPR-DNA a2, and binding constants Kb.

Ligand λAbs [nm]a λem [nm]b I/I0 
c Kb

a2 [106 M−1]d Kb
22AG [106 M−1]e

free bound

1a 624 635 712 92 1.2 0.8f

1b 577 648 700 17 2.7 0.2
1c 635 740 769 18 0.2 0.2
1d 626 648 718 128 5.5 0.9
1e 628 640 703 87 17 0.4
2 295 435 480 <0.1 2.5 n.d.g

3 346 374 404 <0.1 2.4 n.d.g

4 422 440 665, 728 n.d.g 2.2 2.9h

5 387 395 513 <0.1 3.5 1.8h

6 473 513 530 1766 0.3 2.1i

aLong-wavelength absorption maximum of the unbound and quadruplex-bound ligand. bEmission maximum of bound ligand. cRelative emission inten-
sity, I/I0 (I = emission intensity of DNA-bound ligand at saturation, I0 = emission of unbound ligand). dBinding constant of ligand–a2 complex, Kb

a2,
determined from fluorimetric titrations; DNA concentration in nucleotide bases. eBinding constant of ligand–22AG complex, Kb

22AG, determined either
from fluorimetric titrations or literature data; DNA concentration in oligonucleotide. fRef. [20]. gn.d. = not determined. hRef. [23]. iRef [30].

analysis of these data (Table 2; Figure S6 in Supporting Infor-

mation File 1).

The stoichiometry of the complexes of the ILPR-DNA a2 with

the representative ligands 1e, 4 and 6 was determined with the

continuous variations method (Job plot analysis). For that

purpose, the emission intensity was plotted versus the mole

fraction of the ligand, XLigand, at constant total concentration of

ligand and DNA (Figure 7). The graphically obtained maxima,

i.e., the intercept of linearly fitted ascending and descending

curve segments, were located at 0.48, 0.73 and 0.50 for ligands

1e, 4 and 6, respectively. Within the error margin these data

correspond to a binding stoichiometry of 1:1 for complexes of

1e and 6 with DNA a2, and a stoichiometry of 3:1 for the

assembly of the porphyrin derivative 4 with the ILPR-DNA.

However, it should be noted that strong fluctuations in the Job

plot of the complex formation between ligand 1e and ILPR-

DNA a2, especially between XLigand = 0–0.4, indicate strong

heterogeneous binding under these conditions.

CD spectroscopic analysis of ligand–DNA
interactions
The interactions of the ligands 1d, 1e, 2, 4–6 with ILPR-DNA

a2 were analyzed by CD spectroscopy (Figure 8, Figure S7 in

Supporting Information File 1). In most cases, the weak CD

signal at 265 nm decreases and the CD signal at 295 nm

increases slightly when the ligands were added. Upon addition

of the cyanine derivative 1e to ILPR-DNA, the intensity of the

peak at 295 nm increased, whereas the peak at 265 nm slightly

decreased. On the other hand, only very small, insignificant

changes were observed on titration of 1d to ILPR-DNA

(Figure 8, Figure S7 in Supporting Information File 1). Notably,

the addition of the porphyrin 4 and tetraazoniahetarene 5 to

ILPR-DNA a2 has a strong effect on the positive CD signal at

265 nm, leading to the development of a negative band at

260 nm at high LDR ratio (Figure 8D and 8E). In addition,

induced CD (ICD) signals were observed only in the absorption

range of compounds 4–6.

Discussion
Generally, it is possible to distinguish between different

G-quadruplex DNA forms with the aid of CD spectroscopy

[32]. Hence, in agreement with literature data [9,10], the char-

acteristic bands at 235, 265 and 295 nm (Figure 2) show that the

employed ILPR-DNA a2 exists as a mixture of parallel

(265 nm) and antiparallel (295 nm) G-quadruplex structures in

potassium phosphate buffer solution. The presence of different

quadruplex forms is further supported by the temperature-

dependent CD spectra that denote the different melting tempera-

tures of the parallel and antiparallel forms (Figure 3). Although

it has been reported that the population of the parallel form

increases with a low concentration of K+ ions [9]; in our hands

it turned out to be dependent also on handling procedure.

Hence, if the ILPR-quadruplex a2 is heated to 97 °C and then

cooled immediately to room temperature within 30 s, the CD

spectrum of the solution shows a stronger CD signal at 265 nm

than at 295 nm [9]. In contrast, if the ILPR-quadruplex a2 is

cooled slowly from 97 °C to room temperature with a rate of

0.5 °C/min the signal at 295 nm is higher than the one at

265 nm [10]. These results clearly demonstrate a delicate equi-

librium between the different quadruplex forms and some

kinetic barriers that result in rather slow interconversion
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Figure 7: Job plot from fluorimetric analysis of mixtures of ligands 1e (A), 4 (B) and 6 (C) with ILPR-DNA a2 (cLigand + cDNA = 10.0 μM) in potassium
phosphate buffer (95 mM, pH 7.0); XLigand = mole fraction of the ligand; A: λex = 580 nm; B: λex = 431 nm; C: λex = 490 nm; T = 20 °C.

processes. Nevertheless, to provide comparable data, in this

study we used slowly cooled ILPR-quadruplex a2 to ensure that

we have the same relative population of parallel and antipar-

allel forms in each experiment.

The fluorimetric thermal DNA denaturation experiments show

that the ligands 1b and 3 induce the highest stabilization

of ILPR-quadruplex under the employed conditions

(ΔTm = 14.5 °C, 14.9 °C respectively, Table 1), whereas the

ligands 1a, 1c–e, 2, 4 and 5 stabilize this DNA just moderately

(ΔTm = ca. 3–6 °C). Although the cyanine derivatives 1d and 1e

show the highest binding affinity towards ILPR-quadruplex,

these ligands induce only a moderate shift of its melting

temperature (Table 2). This apparent contradiction may be the

result of different buffer solutions used in different types of

experiments, because the buffer composition, especially the K+

concentration, affects the population of parallel and antiparallel

forms [9]. In the thermal denaturation experiment, the popula-

tion of the parallel forms increases, because a low K+ concen-

tration buffer was used (vide supra). On the other hand, a larger

concentration of K+ was used during the fluorimetric titration

leading to a higher fraction of the antiparallel form [9,10]. Apart

from the derivatives 1c and 6 the binding constants of the

cyanine dyes with the ILPR-DNA are larger than those

observed with the telomeric quadruplex 22AG (Table 2). For

example, the cyanine derivative 1e shows the most significant

difference between the binding affinity towards ILPR and the

telomeric quadruplex (a2: Kb
a2 = 1.7 × 107 M−1; 22AG:

Kb
22AG = 3.9 × 105 M−1). Although thiazole orange (6) has a

relatively high binding constant with telomeric quadruplex

DNA, it has a lower affinity towards the ILPR quadruplex

under the same conditions. In addition, thiazole orange (6)

shows the least pronounced stabilization effect in the thermal

denaturation experiment (Table 2). As cyanine dyes bind to

quadruplex DNA by terminal π-stacking [20], which is in agree-

ment with the observed binding stoichiometry of 1:1 (Figure 7),
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Figure 8: CD spectra of ILPR-DNA a2 in the presence of 1d (A), 1e (B), 2 (C), 4 (D), 5 (E) and 6 (F) at LDR = 0 (black), 0.5 (red), 1 (blue), 2
(magenta); cDNA = 20 μM in potassium phosphate buffer (95 mM, pH 7.0); T = 20 °C. Inset: Magnified ICD signals of the bound ligands (magnification
factor: ca. 10).

the different composition of the loops in ILPR-quadruplex

(ACA and TGT in ILPR versus TTA in telomeric quadruplex)

may affect the binding affinity of ligands towards the ILPR-

DNA. On the other hand, the porphyrin 4 and the tetraazonia-

hetarene derivative 5 show similar binding affinities towards the

ILPR-quadruplex thus resembling their interactions with the

telomeric 22AG quadruplex [23]. This observation indicates

that these ligands may bind in similar types of binding sites. It

should be noted that in the case of the porphyrin 4 the ligand–a2

stoichiometry of 1:3 (Figure 7) indicates additional stacking of

the ligand along the phosphate backbone of the ILPR-DNA.

The cyanine derivatives 1a, 1d, 1e and 6 show significant light-

up effects upon association with the ILPR quadruplex (Table 2).
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Although thiazole orange (6) shows the highest light-up factor

(I/I0 = 1766), it has a low selectivity over different types of

DNA [33]. Thus, the use of thiazole orange for the selective

fluorimetric detection of quadruplex DNA is rather limited. On

the other hand, the cyanine derivatives 1a, 1d and 1e show high

selectivity towards quadruplex as compared to double stranded

DNA [20]. Therefore, these ligands may be used as probes for

the detection of quadruplex DNA.

Although the CD-spectroscopic analysis only provides qualita-

tive information about the binding between the ligand and the

DNA, they may be used to identify some general trends. Thus,

the CD-spectroscopic analysis revealed that some of the ligands

induce a very small (1d, 6), moderate (2), or even strong (1e)

increase of the CD band of the DNA a2 at 295 nm. As this par-

ticular band has been assigned to the antiparallel quadruplex

structure of a2 [9,10] the induced increase may indicate a stabi-

lization of this DNA structure upon complex formation. More-

over, a comparison with the telomeric quadruplex 22AG shows

that the ligands 1d, 1e and 6 induce the same effect on the CD

band of this quadruplex at 295 nm (Supporting Information

File 1, Figure S8). At the same time, the ICD of thiazole orange

(6) in the presence of 22AG is stronger than that with a2

(Figure 8F and Figure S8C, Supporting Information File 1) indi-

cating a stronger interaction of the ligand towards the telomeric

quadruplex. This observation is in agreement with the higher

affinity of 6 towards 22AG (Table 2). Notably, coralyne (2) has

a significantly different influence on the CD spectrum of 22AG

as compared to a2. In contrast to ILPR-DNA a2, the band of

22AG at 295 nm decreases upon addition of compound 2, along

with a strong ICD signal of the ligand [34]; thus indicating a

different binding mode of coralyne (2) with a2 and 22AG.

Notably, the CD-spectroscopic analysis shows a marginal effect

of 1d and 1e on the ILPR-DNA a2. Nevertheless, as the other

experimental data confirm the association of this ligand to the

quadruplex it may be concluded that the complex formation

between a2 and 1d and 1e does not lead to a significant change

of the DNA structure.

In the case of ligands 2, 4, 5 and 6, a negative CD band devel-

oped at 265 nm together with a weak positive band with a

maximum at ca. 240 nm upon association with quadruplex a2

(Figure 8). Along with the increase of the CD signal at 295 nm

these developments may indicate the pronounced formation of

an antiparallel quadruplex form [35]. Furthermore, the CD spec-

trum of a2 in the presence of the ligands 2, 4, 5 and 6 displays

roughly the same maxima as the antiparallel quadruplex with

only two stacked G-quartet planes that is formed by the

thrombin binding aptamer (TBA) [d(G2T2G2TGTG2T2G2)],

though with varying intensities and slightly different shifts [32].

In addition, it has been suggested that the porphyrin 4 also binds

to an antiparallel quadruplex form that consists of just two

stacked G-quartets and more extended loop structures [36], the

so-called Form 3. Presumably, the sterically demanding ligand

4 fits well into the larger binding sites of the Form 3 quadru-

plex [37,38]. Considering all these observations it may be very

carefully proposed that the ILPR-DNA a2 also forms structures

with only two stacked G-quartets that are stabilized upon

association of the ligands 2, 4, 5 and 6. Nevertheless, this

proposed folding pattern of the oligonucleotide a2 needs to be

confirmed in a more detailed structure analysis by high-resolu-

tion NMR spectroscopy.

Conclusion
This study represents the first comparative investigation of the

interaction of different quadruplex ligands with an oligonu-

cleotide sequence from the ILPR. In summary, it is demon-

strated that in most cases the binding parameters of ligand-ILPR

complexes are different from the ones observed with other

native quadruplex-forming DNA sequences. All ligands under

investigation show a high binding affinity towards the ILPR

quadruplex. Cyanine derivatives – except thiazole orange (6) –

have a higher affinity towards ILPR quadruplex than towards

the telomeric quadruplex. From these results it may be

concluded that, in principle, the association of exogenous

ligands with the ILPR-DNA may assist or interfere with

the biological activity of this physiologically relevant DNA

sequence.

Experimental
Materials
Coralyne (2), porphyrin 4 and thiazole orange (6) were

commercially obtained and used without further purification (2:

Acros Organics, Geel, Belgium; 4, 6: Fluka Chemie AG,

Buchs, Switzerland). The [2.2.2]heptamethine cyanine

dyes 1a–e [22], bis-quinolinium 3 [39] and tetraazoniahetarene

5 [23] were synthesized according to published procedures.

O l i g o d e o x y r i b o n u c l e o t i d e s  ( H P L C  p u r i f i e d )  a 2

[d(ACAG4TGTG4ACAG4TGTG4)] and Fa2T [d(Fluo-

ACAG4TGTG4ACAG4TGTG4-Tamra)] were purchased from

Metabion Int. AG (Planegg/Martinsried). The ILPR-DNA a2 or

Fa2T were dissolved in the proper buffer, heated to 95 °C for

5 min, cooled slowly over 4 hours to room temperature and

used two days after storing. Potassium phosphate buffer:

25 mM K2HPO4, 70 mM KCl; adjusted with 25 mM KH2PO4

t o  p H  7 . 0 ;  s o d i u m  c a c o d y l a t e  b u f f e r :  1 0  m M

Na(CH3)2AsO2·3H2O, 10 mM KCl, 90 mM LiCl; pH 7.2–7.3.

Equipment
Absorption spectroscopy: Varian Cary 100 Bio spectropho-

tometer; emission spectroscopy: Varian Cary Eclipse;
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CD spectroscopy: Chirascan CD-spectrometer, Applied Photo-

physics.

Methods
All photometric and fluorimetric titrations were performed in

thermostated quartz cuvettes at 20 °C. Titrant solutions were

freshly prepared by dilution from the stock solution. Spec-

trophotometer slit widths were 2 nm for photometric experi-

ments and 5 nm for fluorimetric experiments. In fluorimetric

experiments, the spectra were smoothed with implemented

moving-average function by a factor of 5. The binding constants

were determined by fitting the binding isotherms from the fluo-

rimetric titrations to the established theoretical model according

to the independent-site model (Equation 1) [31].

(1)

Where y is the normalized intensity; A = 1/Kb; B = cLig, and n is

the number of the binding sites per quadruplex DNA.

Thermal denaturation experiments were performed according to

the published procedure [20].

For Job plot analysis (continuous variations method), a series of

samples was prepared with a constant sum of concentrations at

10.0 μM, but with varying concentrations of ligand and ILPR

quadruplex. The fluorescence spectra were recorded for each

sample with λex = 580 nm for cyanine derivative 1e, and

λex = 431 nm for porphyrin derivative 4 and λex = 490 nm for

thiazole orange (6). The maximum fluorescence intensity

was plotted versus the molar fraction of the corresponding

ligand, XLigand. For the determination of the maximum the

ascending and descending segments of the curve were

fitted to linear lines, respectively, and the intercept of both

lines denotes the maximum and thus the stoichiometry of the

complex.

For the CD experiments five samples were prepared with fixed

ILPR-DNA concentration (cDNA = 20.0 μM). In four of the

samples different amounts of ligand were added to obtain

different ligand concentrations (5, 10, 20, 40 μM). CD signals

were recorded with a band width of 1 nm, a recording speed of

1 nm s−1 and a time per data point of 0.5 s. For the temperature

dependent circular dichroism (CD) experiments, solutions of the

ILPR-quadruplex a2 (20 μM) and the ligand (20 μM) were

prepared in potassium phosphate buffer (95 mM, pH 7.0) and

measured after an equilibration time of 24 h. After each

measurement, the temperature was increased by 5 °C or 10 °C,

after the temperature has been kept to an equilibration time of

10 min.

Supporting Information
Figures of fluorimetric DNA denaturation experiments,

photometric titration of a2 ILPR-DNA into ligands 1–6,

photometric and fluorimetric titration of 22AG into ligands

1b–e, plots of the CD intensity change of a2 ILPR-DNA in

presence of ligands 1–6 and CD spectra of 22AG in

presence of ligands 1d, 1e and 6 are provided.

Supporting Information File 1
Additional experimental data.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-10-314-S1.pdf]
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Abstract
Modifications of the nucleic acid backbone are essential for the development of oligonucleotide-derived bioactive agents. The

NAA-modification represents a novel artificial internucleotide linkage which enables the site-specific introduction of positive

charges into the otherwise polyanionic backbone of DNA oligonucleotides. Following initial studies with the introduction of the

NAA-linkage at T–T sites, it is now envisioned to prepare NAA-modified oligonucleotides bearing the modification at X–T motifs

(X = A, C, G). We have therefore developed the efficient and stereoselective synthesis of NAA-linked 'dimeric' A–T phosphor-

amidite building blocks for automated DNA synthesis. Both the (S)- and the (R)-configured NAA-motifs were constructed with

high diastereoselectivities to furnish two different phosphoramidite reagents, which were employed for the solid phase-supported

automated synthesis of two NAA-modified DNA oligonucleotides. This represents a significant step to further establish the NAA-

linkage as a useful addition to the existing 'toolbox' of backbone modifications for the design of bioactive oligonucleotide

analogues.
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Introduction
Oligonucleotides are important agents for a number of biomed-

ical applications [1]. Thus, they are employed to exert antigene

[2] or antisense [3] mechanisms as well as to trigger or inhibit

RNA interference [4]. The capability of sequence-specific

molecular recognition is a striking feature of nucleic acids, but

their high polarity represents a significant hurdle for cellular

uptake and leads to problematic pharmcokinetics. Furthermore,

they are prone to nuclease-mediated degradation. As a conse-

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
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quence, it is of utmost importance to modify oligonucleotide

structures using chemical or enzymatic methods in order to

develop oligonucleotide-based drug candidates or biomedical

chemical probes [5,6].

Native nucleic acids are connected by phosphate diesters as

linking units, thus leading to a polyanionic backbone structure.

Implications of this characteristic feature of nucleic acid archi-

tecture have been discussed by Westheimer [7] and Benner

[8,9], among others. However, the accumulation of negative

charges in the nucleic acid backbone is mainly responsible for

their limited membrane penetration. Consequently, a signifi-

cant number of artificial internucleotide linkages has been

studied with the aim to manipulate the charge pattern in the

backbone and to enhance nuclease stability. The electroneutral

nucleic acid mimic 'peptide nucleic acid' (PNA) [10-12] is

capable of sequence-specific binding to nucleic acids, but it was

found to display limited water solubility and a peptide-like

folding behaviour [8]. For the selective replacement of some

phosphate linkages in otherwise native oligonucleotide struc-

tures, e.g., amide [13-20], triazole [21,22], phosphoramidate

[23] and phosphate triester [24] moieties were reported along-

side a considerable number of other modifications.

In comparison, the introduction of positive charges into the

nucleic acid scaffold has found less attention. Positively

charged units were attached to the 2'-hydroxy group or the

nucleobase as a compensation for the presence of negative

charges in the phosphate backbone [25-29]. In contrast to such

zwitterionic, but densely charged systems, only very few

attempts were made to replace the phosphate moiety by a posi-

tively charged motif [30], mainly by Bruice et al. [31-34].

Selective replacement of some phosphates with cationic motifs

furnished oligonucleotide 'chimera' [30] with zwitterionic back-

bone structures as reported both by Bruice [35,36] and

Letsinger [37].

We have found the approach to prepare oligonucleotides with

zwitterionic backbones interesting both for its fundamental

implications and also for its potential contribution to the

existing 'toolbox' of backbone modifications for bioactive

oligonucleotide analogues. These considerations have led to our

recently reported design of a novel artificial internucleotide

linkage named 'NAA-modification' (Figure 1) [38]. Ongoing

synthetic and structure-activity relationship (SAR) studies on

naturally occurring muraymycin antibiotics (e.g., muraymycin

A1 (1)) [39-46] have led to our previously reported synthesis of

'nucleosyl amino acid' structures 2 [47,48] as simplified

5'-defunctionalized analogues of the muraymycin core motif.

Formally merging the nucleosyl amino acid (NAA) structure of

type 2 with previously reported amide internucleotide linkages

such as 3 and 4 provides an 'NAA-modified oligonucleotide' 5,

i.e., a nucleic acid strand with the NAA-linkage replacing a

phosphate diester motif. The amino group of the NAA-modifi-

cation is expected to display a positive charge at physiological

pH values, thus leading to a (partially) zwitterionic backbone

structure in NAA-modified oligonucleotides.

We have previously described that NAA-modified DNA

oligonucleotides can be obtained by standard solid phase-

supported automated DNA synthesis, using the 'dimeric' phos-

phoramidite building blocks 6 (Figure 1) [38]. Overall,

24 different oligonucleotide sequences with one to four NAA-

modifications at various positions were synthesized. The stereo-

chemistry of the NAA-motif was either (S) or (R) (obtained by

application of the corresponding phosphoramidites (S)-6 or

(R)-6 for DNA synthesis) in order to study the influence of the

spatial orientation of the positive charge. Melting temperature

measurements showed that NAA-modified DNA oligonu-

cleotides formed stable duplexes with native unmodified DNA

or RNA counterstrands, although moderate destabilization in

comparison to native duplexes was observed (particularly for

DNA/RNA duplexes). Further experiments with native counter-

strands bearing one nucleobase mismatch were performed, and

duplex structures were studied by CD spectroscopy. Overall, we

found that NAA-modified DNA oligonucleotides (i) formed

stable duplexes with complementary counterstrands; (ii) were

fully capable of mismatch discrimination and (iii) formed

duplexes without significant structural distortion, i.e.,

B-form helices (DNA/DNA duplexes) and A-form helices

(DNA/RNA duplexes), respectively. It was concluded that

typical chemical properties of nucleic acids are retained in

NAA-modified DNA oligonucleotides [38], thus making the

NAA-linkage an interesting structural motif for oligonucleotide

analogues.

Using 'dimeric' T–T phosphoramidites 6, it was only possible to

introduce the NAA-modification at T–T motifs. While this was

fully sufficient for initial studies, it will be of major importance

to develop methods for the synthesis of NAA-modified oligonu-

cleotides with the NAA-motif at more variable positions in the

base sequence. The synthesis of 'dimeric' X–T phosphor-

amidites (X = A, C, G) would enable an introduction of the

NAA-linkage at every position in an oligonucleotide sequence

with a T in 3'-direction, thus significantly broadening the ap-

plicability of the modification. In this work, we describe the

stereoselective synthesis of 'dimeric' NAA-linked A–T phos-

phoramidites (S)-7 and (R)-7 (Figure 1) as well as their applica-

tion in automated DNA synthesis. This represents the first step

towards a comprehensive set of 'dimeric' NAA-linked X–T

phosphoramidites for the automated chemical synthesis of

NAA-modified DNA oligonucleotides.
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Figure 1: Design concept of nucleosyl amino acid (NAA)-modified oligonucleotides 5 formally derived from structures 1–4 (B1, B2 = nucleobases);
previously employed 'dimeric' T–T phosphoramidites 6 [38] for the automated synthesis of NAA-modified oligonucleotides; new 'dimeric' A–T phos-
phoramidites 7 as target structures of this study (DMTr = 4,4'-dimethoxytrityl).

Results and Discussion
For the synthesis of target phosphoramidites 7, it was planned

to employ a similar synthetic strategy as previously described

by us for T–T phosphoramidites 6 [38]. One important objec-

tive was to construct the 6'-stereocenter of the NAA-linkage in a

controlled fashion and to retain the resultant (6'S)- or the (6'R)-

configuration, respectively, on the way to dimeric structures of

type 7 (Scheme 1). Thus, it was envisioned that target com-

pounds (S)-7 and (R)-7 could be obtained from protected

3'-amino-2',3'-dideoxyadenosine 8 and the N-Fmoc-protected

thymidine-derived nucleosyl amino acids (S)-9 and (R)-9, res-

pectively, via amide coupling, protecting group manipulation

and phosphitylation. The stereoselective synthesis of both

6'-epimers of nucleosyl amino acid 9 has been reported before.

We have used 3-(N-BOM)-protected thymidine-5'-aldehyde 10

(BOM = benzyloxymethyl), which can readily be obtained from

thymidine, in a sequence of Wittig–Horner reaction, asym-

metric hydrogenation of the resultant didehydro nucleosyl
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Scheme 1: Retrosynthetic analysis of target phosphoramidites (S)-7 and (R)-7 (BOM = benzyloxymethyl).

amino acid and protecting group manipulations in order to

obtain both 6'-epimers of 9 dependent on the choice of the

hydrogenation catalyst [38]. Here, we report on further studies

directed towards a possible synthesis of 9 without 3-(N-BOM)-

protection of the thymine nucleobase. In the case of the corres-

ponding uridine-derived nucleosyl amino acids, we have found

that uracil protection was not advantageous for the aforemen-

tioned reaction sequence [48]. We have therefore decided to

employ both the 3-(N-BOM)-protected thymidine-5'-aldehyde

10  and also its thymine-unprotected congener 11  in

Wittig–Horner reactions with glycine-derived phosphonate 12

and to compare both possible routes towards 9, i.e., with or

without thymine protection (Scheme 1).

For the synthesis of the N-Fmoc-protected thymidine-derived

nucleosyl amino acids (S)-9 and (R)-9, 3',5'-bis-O-silylated

thymidine 13 (which can be readily prepared from thymidine

with TBDMS chloride and imidazole in pyridine as solvent in

quantitative yield) was 3-N-protected by alkylation with benzyl-

oxymethyl chloride (BOMCl), furnishing product 14 in 96%

yield (Scheme 2). Although the route involving thymdine

protection has been published before [38], it is also depicted in

Scheme 2 in the interest of clarity and readability. Both bis-silyl

ethers 13 and 14 then underwent selective acidic cleavage in the

5'-position using the conditions reported by Khan and Mondal

[49], i.e., hydrochloric acid in methanol (generated by the reac-

tion of acetyl chloride with methanol), thus providing 3'-O-

TBDMS-protected derivatives 15 and 16 in yields of 59% and

66%, respectively. This method turned out to be advantageous

compared to 5'-O-desilylation mediated by TFA, which had

provided satisfying results in the case of the corresponding

uridine derivatives [48]. The yield of the desired 5'-alcohols 15

and 16 was limited though by partial concomitant cleavage of

the 3'-O-TBDMS group upon prolonged reaction times. Alco-

hols 15 and 16 were then oxidized to aldehydes 10 and 11 in

quantitative yields using IBX in refluxing acetonitrile [50].

With respect to their limited stability, thymidine-5'-aldehydes

10 and 11 were not stored, but directly used for the subsequent

Wittig–Horner reaction. They were therefore converted with

glycine-derived phosphonate 12 [51-54] in the presence of

potassium tert-butoxide as a base. As anticipated [47,48,55],

these reactions showed pronounced stereoselectivity towards

the Z-configured didehydro nucleosyl amino acids. In the case

of the reaction of 3-(N-BOM)-protected thymidine-5'-aldehyde

10 with phosphonate 12, isomer Z-17 was isolated in 71% yield,

with E-17 representing a minor byproduct (3% yield) which

could be separated by column chromatography. The assign-

ment of the configuration of the newly formed trisubstituted

C–C double bond was based on empirical 1H NMR criteria for

didehydro amino acids [56], which were proven to be useful

and reliable [38,47,48,57]. In the case of the conversion of 3-N-

unprotected thymidine-5'-aldehyde 11 with phosphonate 12, an

unseparable mixture of Z-18 and E-18 was obtained in 66%

overall yield (Z/E = 91:9). However, it is firmly established

that the subsequent asymmetric hydrogenation proceeds

significantly faster with the Z-configured didehydro amino acid

substrate [58], and it was therefore decided to use the

aforementioned mixture of double bond isomers (containing 9%

of the unwanted E-isomer) as starting material for this transfor-

mation.
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Scheme 2: Synthesis of N-Fmoc-protected thymidine-derived nucleosyl amino acids (S)-9 and (R)-9; details on the reactions from 17 and 18 to 21
(asymmetric hydrogenation and subsequent protecting group manipulations) are given in Table 1.

Table 1: Reactions from 17 and 18 to 21 (see Scheme 2).

Asymmetric hydrogenation Protecting group steps

# Starting
material

Catalysta Reaction
time

Yieldb Additive Yieldc

1 Z-17d (S,S)-Me-DuPHOS-Rh 2 d 94% (S)-19 n-BuNH2 90% (S)-21
2 Z-17d (R,R)-Me-DuPHOS-Rh 7 d 99% (R)-19 n-BuNH2 87% (R)-21
3 18 (mix.)e (S,S)-Me-DuPHOS-Rh 9 d 93% (S)-20 – 84% (S)-21
4 18 (mix.)e (R,R)-Me-DuPHOS-Rh 21 d 77% (R)-20 – 78% (R)-21

aHomogeneous chiral hydrogenation catalysts:

bd.r. >98:2 for all products; cover 2 steps from 19 or 20; dpure Z-isomer; eunseparable mixture of Z- and E-isomers (Z/E 91:9).



Beilstein J. Org. Chem. 2015, 11, 50–60.

55

Asymmetric hydrogenation reactions were performed under

homogeneous conditions using the chiral catalysts (S,S)-Me-

DuPHOS-Rh or (R,R)-Me-DuPHOS-Rh, respectively [59]. It is

known that asymmetric hydrogenations of Z-configured dide-

hydro amino acids catalyzed by (S,S)-Me-DuPHOS-Rh give

L-amino acids and that analogous reactions catalyzed by (R,R)-

Me-DuPHOS-Rh provide D-amino acids [57,60]. This has also

been observed when these catalysts were applied for the syn-

thesis of uridine-derived nucleosyl amino acids [47,48]. It was

therefore possible to direct the stereochemical outcome of the

hydrogenation reaction by the choice of either the (S,S)- or the

(R,R)-catalyst. As reported previously [38], the hydrogenation

of pure 3-(N-BOM)-protected Z-17 in the presence of (S,S)-Me-

DuPHOS-Rh thus furnished thymidine-derived nucleosyl amino

acid (S)-19 in 94% yield, and its 6'-epimer (R)-19 was obtained

from the same starting material in 99% yield using catalytic

amounts of (R,R)-Me-DuPHOS-Rh (Table 1, entries 1 and 2).

Both transformations displayed excellent diastereoselectivies

(d.r. >98:2 for both products), which indicated that these reac-

tions proceeded in a catalyst-controlled fashion. The observa-

tion that full conversion of Z-17 to (S)-19 was reached after

2 days with the (S,S)-Me-DuPHOS-Rh catalyst, while comple-

tion of the reaction took 7 days with the (R,R)-Me-DuPHOS-Rh

catalyst, suggested that the former transformation represented

the apparent 'matched' case and the latter the apparent

'mismatched' case. This was also in agreement with similar

findings for the synthesis of the according uridine-derived

congeners [47,48]. When the isomeric mixture (Z/E = 91:9) of

the 3-N-unprotected didehydro amino acid 18 was employed as

starting material, 3-N-unprotected products (S)-20 (93% yield,

with (S,S)-Me-DuPHOS-Rh) and (R)-20 (77% yield, with (R,R)-

Me-DuPHOS-Rh) were obtained, again with excellent dia-

stereoselectivities (d.r. >98:2 for both products, Table 1, entries

3 and 4). However, it was much more difficult to drive these

reactions to completion as reflected by the significantly

prolonged reaction times (9 and 21 days, respectively). For the

apparent 'mismatched' case, i.e., hydrogenation of 18 in the

presence of (R,R)-Me-DuPHOS-Rh, it was also necessary to

increase the catalyst load (4 mol % added portionwise in com-

parison to 1–2 mol % for the other reactions), and even under

these modified conditions, full conversion could not be reached,

resulting in a moderately reduced yield. For both transforma-

tions of the isomeric mixture of 18, no hydrogenation of the

much less reactive E-isomer was observed, which is proven by

the high diastereoselectivities. If one takes into account that the

purity of the reactive Z-configured starting material Z-18 was

only 91% (vide supra), it is possible to calculate yields of ca.

100% and 85% for products (S)-20 and (R)-20, respectively.

Overall, it can still be concluded though that 3-N-unprotected

didehydro amino acid 18 represented a less reactive substrate

for the asymmetric hydrogenation key step, which was found to

be problematic particularly for reactions on a larger scale (>1 g

starting material). It is interesting to note that such limitations

were not encountered when the analogous nucleobase-unpro-

tected uridine-derived didehydro nucleosyl amino acid under-

went asymmetric hydrogenation with the two aforementioned

catalysts [48]. This decreased reactivity might have been the

result of the presence of the E-isomer E-18 in the reaction mix-

ture, which probably led to partial inhibition of the Rh(I) cata-

lyst.

In order to convert the hydrogenation products 19 and 20 into

the desired building blocks 9, three further transformations were

necessary: (i) hydrogenolytic cleavage of the Cbz and, in the

case of 19, also of the BOM group; (ii) Fmoc-protection of the

6'-amino functionality (furnishing intermediates (S)-21 and

(R)-21) and (iii) cleavage of the tert-butyl ester (Scheme 2).

Using the two diastereomerically pure 6'-epimers of 3-(N-

BOM)-protected 19 as starting material, one challenge was to

avoid unwanted side reactions resulting from the generation of

formaldehyde in the reaction mixture. Hydrogenolysis of the

BOM group affords toluene and formaldehyde as byproducts,

and the Cbz-deprotected 6'-amino group can undergo unwanted

reductive amination, i.e., methylation, with the liberated

formaldehyde. Our method to prevent this side reaction was to

include an excess of n-butylamine as an additive in the reaction

mixture of the hydrogenolysis step. This way, the formalde-

hyde methylated the added n-butylamine, furnishing a reason-

ably volatile byproduct [38,48]. Subsequent Fmoc-protection

under standard conditions then afforded diastereomerically pure

products (S)-21 (90% yield over 2 steps from (S)-19) and (R)-21

(87% yield over 2 steps from (R)-19), respectively (Table 1,

entires 1 and 2). For the analogous transformation of 3-N-

unprotected (S)-20 and (R)-20, it was possible to omit the addi-

tive n-butylamine, but yields were not improved due to this

simplification (84% yield of (S)-21 over 2 steps from (S)-20,

78% yield of (R)-21 over 2 steps from (R)-20, Table 1, entries 3

and 4). Finally, the tert-butyl ester was cleaved selectively in

the presence of the acid-labile silyl group using silica in

refluxing toluene, thus affording the desired nucleosyl amino

acid building blocks (S)-9 (94% yield) and (R)-9 (90% yield),

each in diastereomerically pure form (Scheme 2). Overall, it can

be concluded that the omission of the 3-(N-BOM) protecting

group did not lead to improvements in the synthesis of 9, but

rather made the sequence of Wittig–Horner olefination and

asymmetric hydrogenation slightly less efficient. In contrast to

uridine derivatives [48], thymidine analogues are significantly

more robust towards unwanted reduction of the 5,6-double bond

in heterogeneously catalyzed hydrogenolysis reactions with

palladium catalysts. Therefore, the absence of the BOM group

was not advantageous for the deprotection step following the

asymmetric hydrogenation reaction.
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Scheme 3: Synthesis of protected 3'-amino-2',3'-dideoxyadenosine 8.

The second challenge on the way to target phosphoramidites 7

was the synthesis of protected 3'-amino-2',3'-dideoxyadenosine

8 on a sufficient scale. Richert and Eisenhuth have published a

comprehensive report on the synthesis of all four 3'-amino-2',3'-

dideoxynucleosides with canonical bases [61]. We have decided

to mainly follow their strategy for the synthesis of adenosine

derivative 8, though some modifications were applied

(Scheme 3). Starting from 2'-deoxyadenosine (22), N-6-

benzoyl-5'-O-TBDMS-2'-deoxyadenosine (23) was prepared

[61] and subjected to oxidation of the 3'-hydroxy functionality

to a keto group with Dess–Martin periodinane (DMP). This was

followed by reduction with sodium borohydride via nucleo-

philic attack of the keto group from the sterically less hindered

α-face, therefore resulting in the formation of the 3'-xylo deriva-

tive 24. A tight control of the reaction conditions, i.e., amounts

of reagents, reaction time and temperature, proved to be impor-

tant for this transformation (see Supporting Information File 1).

It was observed that the time period needed for the oxidation

step was dependent on the scale of the reaction and that the

sensitive keto intermediate decomposed when this time period

was unreasonably exceeded. The obtained product 24 still

contained minor amounts of aromatic byproducts from the

oxidizing agent, which were difficult to remove by column

chromatography at this stage. Therefore, this material was

employed in subsequent transformations without further

attempts to remove the aforementioned impurities. Several

methods are known to perform the nucleophilic displacement at

the 3'-position of the 3'-xylo intermediate with azide as a nucle-

ophile [61-65]. We have found that robust results for this reac-

tion could be achieved by activation of the 3'-hydroxy group as

a mesylate, followed by treatment with sodium azide in DMF at

elevated temperature (110 °C). This protocol furnished 3'-azido

derivative 25 in a moderate, but reliably obtained yield of 42%

over 3 steps from 23. Azido nucleoside 25 was finally reduced

to the 3'-amino analogue 8 by standard hydrogenation in 92%

yield (Scheme 3).

With all building blocks 8, (S)-9 and (R)-9 in hand, the dimeric

target structures could be constructed (Scheme 4). Using a stan-

dard procedure for peptide coupling, suitably protected nucleo-

syl amino acids (S)-9 and (R)-9 were activated and reacted with

amine 8 to give bis-O-silylated NAA-linked A–T dimers (S)-26

and (R)-26 in yields of 71% and 68%, respectively. For the

subsequent desilylation reaction, several reaction conditions

were tested, among them acidic silyl ether cleavage with

hydrochloric acid in methanol or treatment with triethylamine

trihydrofluoride (3HF•NEt3). However, the only successful

method was the conversion of both epimers of 26 with ammoni-

um fluoride in methanol at elevated temperature, which

afforded diols (S)-27 and (R)-27, each in 66% yield. DMTr

protection under standard conditions then provided intermedi-

ates (S)-28 and (R)-28 in yields of 72% and 81%, respectively.

Finally, phosphitylation of the 3'-hydroxy group gave target

phosphoramidites (S)-7 (57% yield) and (R)-7 (74% yield), each

with defined stereochemistry at the 6'-position. For this reac-

tion, 2-cyanoethyl N,N,N′,N′-tetraisopropylphosphordiamidite

29 was used under slightly acidic conditions, i.e., in the pres-

ence of the activator 4,5-dicyanoimidazole (DCI, Scheme 4).

The alternative method for the introduction of the phosphor-

amidite functionality, i.e., treatment with the respective
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Scheme 4: Synthesis of target phosphoramidites (S)-7 and (R)-7 and of two NAA-modified DNA oligonucleotides 30, 31 (DCI = 4,5-
dicyanoimidazole); sites of NAA-modifications in the oligonucleotides are indicated as x (6'S) and y (6'R), all other linkages were native phosphates.

chlorophosphite in the presence of a base, resulted in unwanted

concomitant cleavage of the Fmoc group.

In order to demonstrate their principle synthetic versatility,

'dimeric' phosphoramidites (S)-7 and (R)-7 were employed for

the automated synthesis of two DNA oligonucleotides 30 and

31, each bearing two NAA-modifications with defined stereo-

chemistry at the NAA-linkage ((6'S) or (6'R)) and therefore

displaying partially zwitterionic backbone structures. After

assembly on the synthesizer and base-mediated cleavage from

the solid support, the desired full-length products were purified,

isolated and identified by ESI mass spectrometry. The sequence

of 30 and 31 resembled the sequence of model oligonucleotides

32 and 33 prepared for our initial studies on the NAA-modifica-

tion [38] (Scheme 4). This strategy will enable systematic future

studies on the potential influence of the base sequence on the

properties of NAA-modified oligonucleotides.

Conclusion
In summary, we have successfully accomplished the stereose-

lective synthesis of 'dimeric' A–T phosphoramidite building

blocks (S)-7 and (R)-7 for the preparation of novel NAA-modi-
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fied DNA oligonucleotides with partially zwitterionic back-

bone structures. The required nucleosyl amino acid intermedi-

ates (S)-9 and (R)-9 were synthesized from thymidine in overall

yields of 32% and 31%, respectively, over 9 steps when the

nucleobase was 3-(N-BOM)-protected [38]. It was possible to

slightly shorten this route to 8 steps by leaving the nucleobase

unprotected, but the key steps of the synthesis, i.e.,

Wittig–Horner reaction and subsequent asymmetric hydrogena-

tion, proceeded less efficiently in this case. Coupling of (S)-9

and (R)-9 with protected 3'-amino-2',3'-dideoxyadenosine 8

(obtained from protected 2'-deoxyadenosine derivative 23 in

39% overall yield over 4 steps) and some further transforma-

tions furnished target phosphoramidites (S)-7 and (R)-7 in

overall yields of 19% and 27%, respectively, over 4 steps. Phos-

phoramidites (S)-7 and (R)-7 were then employed for solid

phase-supported automated DNA synthesis, which afforded

novel zwitterionic oligonucleotides 31 and 32 bearing the NAA-

modification at A–T sites. Overall, it was therefore demon-

strated that the synthesis of different 'dimeric' NAA-linked X–T

phosphoramidites with X representing pyrimidine or purine

nucleobases appears to be feasible. This will enable the prepar-

ation of NAA-modified oligonucleotides with significant varia-

tions in the base sequence. We are currently finishing the syn-

thesis of a comprehensive set of corresponding X–T phosphor-

amidites (including C–T and G–T congeners). It is planned to

use these reagents to perform a systematic study on the influ-

ence of the base sequence on the properties of NAA-modified

oligonucleotides, particularly on duplex stability. This will set

the stage for further investigations, particularly on oligonu-

cleotides with fully zwitterionic backbone structures and also on

the interaction of NAA-modified oligonucleotides with proteins

such as nucleases and polymerases.

Supporting Information
Supporting Information features preparation, analytical data

and copies of 1H, 13C and 31P NMR spectra of compounds

7, 8, 11, 16, 18, 20, 21, 24–28 as well as preparation and

analytical data of oligonucleotides 30 and 31.

Supporting Information File 1
Experimental procedures and NMR spectra of compounds

7, 8, 11, 16, 18, 20, 21, 24–28, 30, and 31.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-11-8-S1.pdf]
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Abstract
The reaction of the diamidite, (iPr2N)2PH, with acyl chlorides proceeds with the loss of HCl to give the corresponding acyl

diamidites, RC(O)P(N(iPr)2)2 (R = Me (7), Ph (9)), without the intervention of sodium to give a phosphorus anion. The structure of

9 was confirmed by single-crystal X-ray diffraction. The coupling of the diamidites 7 and 9 with 5′-O-DMTr-thymidine was carried

out with N-methylimidazolium triflate as the activator to give the monoamidites 3′-O-(P(N(iPr)2)C(O)R)-5′-O-DMTr-thymidine,

and further coupling with 3′-O-(tert-butyldimethylsilyl)thymidine was carried out with activation by pyridinium trifluoroacetate/N-

methylimidazole. The new dinucleoside acylphosphonites could be further oxidized, hydrolyzed to the H-phosphonates, and sulfur-

ized to give the known mixture of diastereomeric phosphorothioates. The goal of this work was the measurement of the barrier to

inversion of the acylphosphonites, which was expected to be low by analogy to the low barrier found in acylphosphines. However,

the barrier was found to be high as no epimerization was detected up to 150 °C, and consistent with this, density functional theory

calculations give an inversion barrier of over 40 kcal/mol.
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Introduction
Antisense oligonucleotides, which are modified oligonucleo-

tides that bind to mRNA in order to inhibit translation to

proteins, have been intensively investigated for decades [1,2].

Modifications of native DNA or RNA are required to permit

pharmaceutical use, for example, for conferring nuclease resis-

tance, enhanced binding to mRNA, and recruitment of

RNase H. A selection of recent publications [3-7] illustrates the

changes that have occurred since the first antisense drug was

approved in 1998 [8]. However, despite ongoing clinical trials,

only recently has a second antisense drug [3] been approved [9].

Most (albeit not all) antisense reagents, including the two

approved drugs, are phosphorothioates, in which one of the

terminal oxygen atoms on the phosphodiester internucleotide
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linker is replaced by sulfur. A potential issue with phosphoro-

thioates is the creation of a new stereocenter at every phos-

phorus linker. This results in the formation of an enormous

number of diastereomers that may have different properties,

such as nuclease stability and RNase H interactions. Some

[5,10] but not all [11,12] of the non-phosphorothioate antisense

reagents avoid the diastereomer problem, but the extensive

study of phosphorothioates is reason enough to investigate the

synthesis of P-chiral phosphorothioates [13-19]. However, none

of the reported methods seem to allow for routine, high-yield

synthesis with high stereocontrol [20-23]. The extension to

phosphorothioate RNA for applications of RNA interference

has also been described [24].

We recently reported the synthesis of a number of chiral disul-

fide sulfurizing reagents [25] and the results of the sulfurization

of phosphite triesters in order to look for stereoselectivity [26].

In order to change such a method into a practical synthesis route

for P-chiral phosphorothioates, a trivalent dinucleoside phos-

phorus moiety is required that undergoes rapid epimerization

under the sulfurization conditions – that is, the goal was to carry

out a dynamic kinetic resolution with formation of a single

epimeric phosphorothioate.

In order to carry out the required dynamic kinetic resolution, it

was hypothesized that acylphosphonites 1 might undergo rapid

epimerization by comparison to their known acylphosphine

analogs 2 (Figure 1). Mislow previously showed that trialkyl

and triarylphosphines slowly undergo epimerization only at

temperatures above approximately 130 °C, with activation

barriers near 33 kcal/mol [27], but that acylphosphines 2

undergo epimerization much more rapidly [28]. Although

acylphosphines are pyramidal, the analogy to amides suggests

that the planar transition state for epimerization was greatly

stabilized. Literature data from several groups suggests that the

inversion barrier is decreased to below 20 kcal/mol [28-30]. In

order to extend the comparison from phosphines to phosphites,

we recently showed that dinucleoside phosphite triesters, like

phosphines, epimerize slowly – in this case at 150 °C with an

inversion barrier of 33 kcal/mol [31]. Since the replacement of

an alkyl or aryl group in phosphines by an acyl group lowered

the epimerization barrier by >13 kcal/mol, it seemed reasonable

to propose the same could happen by a similar replacement of

an alkoxy group in phosphite triesters.

Figure 1: Acyl phosphorus compounds.

Although the required acylphosphonites are essentially

unknown, acylphosphonates 3 (Figure 1) have been extensively

studied over the past few decades [32], both for their synthetic

utility [33-37] and as compounds of biological interest [38,39].

They have also been used for phosphorothioate synthesis, as

will be described shortly. The straightforward route for the syn-

thesis of 3 involves the Arbuzov reaction of a trialkyl phosphite

ester with an acid chloride [40], necessarily giving the dialkyl

acylphosphonate with identical alkoxy groups. Thus, no compa-

rable synthesis of 1 could be carried out since the dinucleoside

acylphosphonite would require different nucleoside moieties.

One example can be found in the literature of a non-Arbuzov

route leading to the dinucleoside analog of 3 where as reported

by Hata et al., 3a [41] gives 3b via sequential coupling [42,43]

(Scheme 1). While the deoxygenation of phosphine oxides is

known [44,45], deoxygenation of the functionally much more

complex phosphonate 3b to the dinucleoside analog of 1 was

not attempted. Only one example of an acylphosphonite analog

of 1 was found in the literature, namely, a dinucleoside formate

reported by Caruthers et al. [46]. As shown in Scheme 1, the

reaction of H-phosphonodiamidite 4 with chloroformate 5 gave

acyl diamidite 6, which by following standard nucleoside

coupling protocols gave the formate phosphonite 1a. The initial

P–C bond formation yielding 6 was odd, since although the ad-

dition of sodium was intended to give the phosphorus anion

(iPr2N)2P− from 4, the authors noted that there was in fact no

evidence of any reaction of 4 with sodium. The phosphonite 1a

was reported on the basis of 31P NMR analysis to exist as a

mixture of two diastereomers, but the possibility of epimeriza-

tion seems not to have been considered. Instead, 1a was imme-

diately oxidized to give the phosphonoformate dinucleoside.

In this paper we report: (1) a more general synthesis of acyl

diamidites, which most likely accounts for Caruthers’ results,

including the X-ray crystal structure of the benzoyl analog,

(2) the diamidite conversion to dinucleoside acylphosphonites,

(3) conversion of these compounds to phosphorothioates,

(4) evidence that acylphosphonites, unlike their phosphine

analogs, do not undergo facile inversion, and (5) confirmation

of this observation by density functional theory (DFT) calcula-

tions.

Results and Discussion
Synthesis of acylphosphonodiamidites. Initially we attempted

to deprotonate H-phosphonodiamidite 4 with butyllithium, but

in all cases, the major reaction product with acetic anhydride

was simply the starting material. However, a minor product

with a peak in the 31P NMR spectrum near 63 ppm was

observed that was comparable to that exhibited by 6 at 52 ppm.

We repeated Caruthers’ method [46], which involved a two
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Scheme 1: Synthesis of a dinucleoside acylphosphonate (3b) and a formate diester (1a).

hour reflux of 4 with sodium, and similarly detected no visible

disappearance of the sodium. No reaction of this mixture with

acetic anhydride was detected, beyond the occasional appear-

ance of the 63 ppm peak. Removal of the solvent from the 4/Na

mixture, followed by reaction of the resultant crude material

with acetyl chloride, resulted in variable amounts of the 63 ppm

peak.

Since there was no evidence that deprotonation of 4 gave rise to

the product, the direct reaction of 4 with acetyl chloride in the

absence of sodium was examined (Scheme 2). Surprisingly, an

immediate reaction occurred with acetyl chloride, giving a

yellow-orange solution accompanied by copious production of

what was assumed to be gaseous HCl. The hexane-soluble prod-

uct (7, Scheme 2) could be isolated as an orange oil exhibiting a

single peak in the 31P NMR spectrum at 63 ppm, but only in

64% yield. Variable amounts of iPr2NH2
+Cl− also formed,

which presumably accounted for the low yield. The characteri-

zation included a doublet for the carbonyl methyl group in both

the 1H and 13C NMR spectra (1H: 2.27 ppm, 3JPH = 8.8 Hz;
13C: 30.7 ppm, 2JPC = 49.7 Hz). However, a peak for the car-

bonyl carbon could not be found nor could any literature prece-

dent be found. A DFT-NMR calculation using Gaussian [47]

was carried out (see Supporting Information File 1 for details),

with the surprising result that the carbonyl carbon peak was

expected at 242 ppm – that is, not at all analogous to an amide

chemical shift. Expansion of the standard sweep width beyond

220 ppm indeed led to observation of the missing carbon peak,
Scheme 2: Reaction of an H-phosphonodiamidite with acid chlorides.

at 227.9 ppm. The signal was observed as a doublet with 1JPC =

22.4 Hz, in poor agreement with the calculated value of −60 Hz,

although both CH3 calculations were in remarkably good agree-

ment (13C: 31 ppm, 2JPC = 54 Hz). Investigation of the poor

agreement with the one-bond coupling constant has not been

attempted, but the cause might be a phosphorus lone pair/car-

bonyl dihedral angle effect in which the true minimum energy

conformation has not been found [48-50]. Once purified, 7

exhibited a strong carbonyl peak in the infrared spectrum at

1654 cm−1, a surprisingly low frequency considering the down-



Beilstein J. Org. Chem. 2015, 11, 184–191.

187

field 13C chemical shift. This inconsistency is perhaps due to an

effect caused by the electron-donor diisopropylamide groups.

A rational approach to prevent the formation of the HCl and

iPr2NH2
+Cl− that accompany the formation of 7 would involve

the addition of a base. However, the use of Et3N gave a 43:57

mixture of 7 and a new byproduct, 8, with a 31P NMR peak at

49.7 ppm. Although efforts to isolate 8 have been unsuccessful,

the proposed structure (Scheme 2; see Supporting Information

File 1 for details) is consistent both with formation by base-

induced enolization followed by trapping with acetyl chloride,

and with the 1H, 13C, and DEPT NMR spectra. For instance, the

alkene-like hydrogen signals at 5.48 and 5.29 ppm have a

1.1 Hz coupling constant, which is typical of geminal alkyli-

dene hydrogen atoms. The difference between the 1.1 and

7.3 Hz phosphorus–hydrogen coupling constants is plausible for

a vinylphosphine, although the values themselves are low [48].

The NMR spectrum calculated using Gaussian was also in good

agreement with experimental observations (Scheme 2; also,
31P NMR: observed 50 ppm, calculated 52 ppm, and for com-

parison, 7: observed 64 ppm, calculated 70 ppm), although once

again, the calculated one-bond coupling constant is in poor

agreement.

The reaction of 4 with benzoyl chloride yielded a similar reac-

tion, namely, copious bubbling of gaseous HCl with formation

of a red-orange solution. In this case, unlike that with acetyl

chloride, two peaks were observed in the 31P NMR spectrum,

one of which appeared to be due to the desired product, 9, while

the other was far downfield at 121 ppm, perhaps due to

Ph(CO)P(Cl)N(iPr)2. The use of Et3N resulted in a clean reac-

tion presumably since no enolization is possible, leading to 9 in

89% yield after hexane extraction. A carbonyl peak was

observed in the 13C NMR spectrum, similar to that of 7, as a

doublet at 220.9 ppm (1JPC = 23.7 Hz), in addition to a strong

carbonyl band in the infrared spectrum at 1631 cm−1.

X-ray crystal structure of 9. Large crystals of 9 could be

obtained from hexane, allowing confirmation of the structure by

single-crystal X-ray diffraction [51]. An ORTEP drawing is

shown in Figure 2, illustrating the steric crowding around phos-

phorus due to the diisopropylamino groups. One result is that

the amines are essentially planar, where the sum of the angles

about each nitrogen atom is 360.0(1)°. However, the phos-

phorus, as expected, is pyramidal with an N–P–N angle of

112.51(5)° and average N–P–C angles of 100.2°. The dihedral

angle between the carbonyl and the putative phosphorus lone

pair is 108°, that is, only 18° from the angle required for the

lone pair and the carbonyl p-orbital to be parallel to each other.

The low CO stretching frequency in the infrared spectrum at

1631 cm−1 is consistent with the overlap of the carbonyl and

Figure 2: ORTEP [52] drawing of 9. Selected distances (Å) and angles
(°): P–N1 1.687(1), P–N2 1.679(1), P–C1 1.879(1), C1–O 1.221(1),
C1–C2 1.495(1), C1–P–N1 99.90(5), C1–P–N2 100.59(5), P–C1–O
120.23(8), P–C1–C2 119.78(8), C2–C1–O 119.82(9).

lone pair orbitals. However, as noted above, this does not result

in an amide-like 13C chemical shift.

Nucleoside coupling. The initial attempts at coupling 7 and 9

with 5′-O-DMTr-thymidine were carried out using the

Caruthers procedure with 4,5-dicyanoimidazole (DCI) as the

activator. While formation of the product was observed, it was

not a clean reaction. The N-methylimidazolium triflate

(NMI·Tf) method reported for the monosubstitution of

diamidites was found to be effective [53], resulting in relatively

clean formation of amidites 10 and 11 (Scheme 3). The initial

reaction produced a yellow foam, which was assumed to be the

color of the desired products due to its similarity to 7 and 9.

However, the presence of unreacted 5′-O-DMTr-thymidine, the

starting acyls 7 and 9, and downfield 31P NMR peaks that are

characteristic of diesters necessitated chromatographic sep-

aration. The isolation of 11 as a yellow solid as a 42.5:57.5 mix-

ture of phosphorus epimers was carried out without difficulty.

Little fractionation of diastereomers occurred during multiple

chromatographies. In contrast, the isolation of 10 was some-

what tedious both due to the presence of impurities that were

not easily separated and continuous fractionation of the phos-

phorus epimers that occurred during repeated chromatogra-

phies. However, 10 was ultimately obtained as a white foam.

Samples of the fast-moving diastereomer and of a mixture of

the two diastereomers of 10 were fully characterized. They

exhibited the characteristic carbonyl doublets at 226.9 and

226.8 ppm in the 13C NMR spectra (both with 1JPC = 25.3 Hz).

However, the infrared spectra could not be used to confirm the

presence of the carbonyl since the thymidine ring exhibited a

strong carbonyl absorption in the same region (i.e., 5′-O-DMTr-

thymidine at 1684 cm−1, see Supporting Information File 1).

The absence of room-temperature epimerization was apparent
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Scheme 3: Synthesis of dinucleosides.

from both the chromatographic separation as well as the distinct

peaks in the NMR spectra, and is well-known (as is facile

chromatographic separation) for the analogous β-cyanoethoxy

phosphoramidites [54,55]. A similar characterization of the

mixture of diastereomers of 11 also exhibited two sets of peaks

in the NMR spectra. However, one peculiarity involving only

the diisopropylamino moiety was noted, namely, a fluctional

process that resulted in broad peaks for the isopropylmethyl

signals of both 10 and 11 in the 1H and 13C NMR spectra. Since

this was not relevant to phosphorus epimerization, it was not

further investigated.

Dinucleoside coupling was carried out using the 2:1 pyridinium

trifluoroacetate/N-methylimidazole (PTFA/NMI) activator

developed at Isis to combine phosphonamidites 10 and 11 with

3′-tert-butyldimethylsilyl-protected thymidine to give 12 and 13

[56]. The reactions were monitored by 31P NMR, giving fairly

clean conversion from starting materials to the P-epimeric prod-

ucts. The reaction of 10 to give 12 was significantly faster than

that of 11 to give 13. That is, while the former was nearly

complete in 30 min, the latter was not complete even in 2.5 h.

However, prolonged reaction led to formation of diester impuri-

ties that could not be chromatographically separated. While not

identified, the impurities could be due to detritylation although

the characteristic orange color of the trityl cation was not seen.

The diesters were less robust than the precursor monoester

amidites. For instance, rapid chromatographic separation of the

products from the ammonium salts formed during the synthesis

was required to prevent further decomposition. The best proce-

dure was found to involve short reaction times to minimize for-

mation of the diester impurities, and the use of excess phos-

phonamidite since both 10 and 11 could be chromatographi-

cally removed from the dinucleosides. However, even a 50%

excess was not sufficient to consume all of the 3′-O-(tert-butyl-

dimethylsilyl)thymidine, and separation of this alcohol impu-

rity from the acyl dinucleosides could not be achieved.

The characterization of the acyl dinucleosides was accom-

plished by 1D and 2D 1H and 13C NMR spectra, with confirma-

tion of the dinucleoside structures by high-resolution positive

ion ESI mass spectrometry. The characteristic carbonyl doublets

shifted a few ppm upfield with larger P–C coupling constants

than those observed for 10 and 11 (223.28 and 223.25 ppm,
1JPC = 38.6 and 41.4 Hz for 12, 211.6 and 211.1 ppm,
1JPC = 44.3 and 42.4 Hz for 13). Particularly, for 13, the two

deoxyribose hydrogen atom networks could be correlated with

the two H1′ muliplets at 6.2–6.4 ppm in the 2D-COSY NMR

spectrum. The identity of the two networks is based on the

assumption that the downfield H1′ multiplets are due to the

DMTr-thymidine, and the upfield H1′ multiplets are due to the

tert-butyldimethylsilyl thymidine, as is seen for the parent alco-

hols [31]. For 12, this analysis could not be carried out with as

much certainty due to the larger amount of the 3′-O-tert-butyl-

dimethylsilyl thymidine impurity. As previously observed for

the β-cyanoethoxy dithymidyl triesters [31], the characteristic

two pairs of thymidyl methyl doublets (due to allylic coupling

to the H6 alkene hydrogen) on the two diastereomers were seen,

one pair downfield near 1.8 ppm for the tert-butyldimethylsilyl-

thymidine, and one pair upfield near 1.4 ppm for the DMTr-

thymidine.
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Conversion to phosphorothioates. An additional confirmation

of the structures was possible via oxidation and conversion to

the known diastereomeric phosphorothioates. As shown by Hata

et al., acylphosphonate 3b (Scheme 1) was converted to the

corresponding phosphorothioate by treatment with a base (to

give the H-phosphonate via loss of carboxylate) followed by

elemental sulfur [43]. As shown in Scheme 3, oxidation of 12

and 13 with anhydrous tert-butyl hydroperoxide gave the

acylphosphonates 14 and 15. These products were immediately

hydrolyzed by addition of approximately 2 equiv of aqueous

triethylammonium bicarbonate (TEAB) to give the H-phospho-

nate 16. Treatment of 16 with approximately 4 equiv of phenyl-

acetyl disulfide (PADS) [57] gave the known dinucleoside

phosphorothioate 17 [26,58].

Phosphorus epimerization. During the many attempts to

purify the acyl dinucleosides by chromatography, it became

apparent that some fractionation of the diastereomeric mixtures

occurred. Due to the sensitivity of the acyls, chromatography on

long columns of silica (with or without 1% NEt3 to deactivate

the silica) gave rise to the loss of acyls, without any improve-

ment in diastereomer separation. However, the individual

samples of fractionated diastereomers of 12 or 13 showed no

evidence of room-temperature epimerization. Heating of

samples at temperatures from 50 to 150 °C over several hours

was carried out in acetonitrile, as was done for the epimeric

phosphite triesters [31]. Although this was not the most rigorous

test (since available samples only ranged in diastereomer ratios

from 1:1 to 1:1.4), no detectable change in the diastereomer

ratios was observed. More importantly, sample decomposition

occurred at all temperatures. Because of this, it would have

been impossible to distinguish between small changes in dia-

stereomer ratio and small differences in rates of diastereomer

decomposition.

Calculation of acylphosphonite inversion barrier. As

described in the Introduction, inversion barriers for phosphines,

acylphosphines, and phosphites are known. These were calcu-

lated first for validation of the method. The structures of chiral

phosphine 18, chiral acylphosphine 19, and chiral phosphite 20

(Scheme 4) were each minimized by DFT using Gaussian (see

Supporting Information File 1 for details), and the vibrational

calculation confirmed a local minimum for each structure.

While the phosphites are complicated by multiple local minima,

which depend on the conformations about the P–O bonds, the

energies are comparable (separated by less than 1 kcal/mol) and

do not have a significant impact on the inversion barriers. Tran-

sition states were located using routines implemented in

Gaussian (see Supporting Information File 1 for details), and in

all cases the vibrational calculation exhibited one negative

frequency that corresponded to the phosphorus inversion vibra-

tion. Not surprisingly, the phosphine transition state exhibited a

trigonal planar geometry, and the gas-phase energy barrier of

32.5 kcal/mol was in excellent agreement with the values

reported by Mislow for reactions carried out in non-polar

toluene as a solvent. Similarly, the acylphosphine transition

state exhibited a trigonal planar geometry, and the gas-phase

energy barrier of 21.2 kcal/mol was also in excellent agreement

with the typical values noted above. The phosphite, in contrast,

did not yield a trigonal planar transition state, but rather gave a

T-shaped transition state. In fact, such a result has been reported

for PF3 [59,60] and is due to the presence of the highly elec-

tronegative atoms bound to phosphorus. While the alkoxy

groups of the phosphite triester are considered to be π-electron

donors, they are strongly electronegative. This results in an

inversion geometry that is rather different from the phosphines,

presumably mediated by oxygen–phosphorus lone pair–lone

pair repulsion. The calculated barrier of 41.3 kcal/mol (from the

slightly higher ground state geometry) was not in good agree-

ment with that reported, being 8.3 kcal/mol higher. Unlike the

other calculations, this one incorporated the polar acetonitrile

solvent that was used for the epimerization kinetics [31], but it

had essentially no effect on the calculated barrier.

Scheme 4: Calculated phosphine, acylphosphine, phosphite, and
acylphosphonite inversion barriers.

The transition state calculations were then carried out on the

chiral acylphosphonite 21 with the expectation that a high

phosphite-like barrier might occur. In fact, the barrier of

41.7 kcal/mol was slightly higher than the phosphite triester

calculation. Unlike the phosphite T-shaped transition state, this

occurs via a trigonal planar transition state, although like the

others with one negative frequency corresponding to phos-
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phorus inversion. The high barrier is consistent with the absence

of acylphosphonite epimerization of 12 and 13, and this

suggests that any amide-like stabilization of the phosphorus

lone pair in a trigonal transition state is eliminated by

oxygen–phosphorus lone pair–lone pair repulsion.

Conclusion
High-yield syntheses have been developed for some novel phos-

phorus synthons, including the acyl and benzoyldiamidites via

the surprising condensation of phosphonodiamidite 4 and the

two acid chlorides with elimination of HCl. The nucleoside

acylphosphonamidites were also readily prepared, although the

benzoyl analog 11 was more easily isolated (albeit as the

diastereomeric mixture of P-epimers), while the acetyl analog

10 allowed the diastereomers to be separated following repeated

chromatographies. Final coupling to give the dinucleoside

acylphosphonites proceeded smoothly, but separation of the

pure compounds from the nucleoside precursors could not be

completely achieved. If the pure acylphosphonites are to be

obtained, solid-phase synthesis would probably be required.

The chromatography results suggested that room-temperature

epimerization at phosphorus did not occur, and heating at

50–150 °C also gave no indication of epimerization. Density

functional theory calculations are consistent with this result,

giving a calculated inversion barrier of 42 kcal/mol. While one

might argue that given the results of such a calculation, the lack

of epimerization was a foregone conclusion, it is still important

to test theory with experiment. In conclusion, the analogy

between phosphines and phosphites, in which the low barrier to

acylphosphine inversion suggested that the same might occur

with acylphosphonites, is in this case superficial, and the antici-

pated low-temperature inversion does not occur.
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Abstract
Three 2´-deoxynucleosides containing semi-flexible spin labels, namely TA, UA and UC, were prepared and incorporated into

deoxyoligonucleotides using the phosphoramidite method. All three nucleosides contain 2,2,6,6-tetramethylpiperidine-1-oxyl

(TEMPO) connected to the exocyclic amino group; TA directly and UA as well as UC through a urea linkage. TA and UC showed a

minor destabilization of a DNA duplex, as registered by a small decrease in the melting temperature, while UA destabilized the

duplex by more than 10 °C. Circular dichroism (CD) measurements indicated that all three labels were accommodated in B-DNA

duplex. The mobility of the spin label TA varied with different base-pairing partners in duplex DNA, with the TA•T pair being the

least mobile. Furthermore, TA showed decreased mobility under acidic conditions for the sequences TA•C and TA•G, to the extent

that the EPR spectrum of the latter became nearly superimposable to that of TA•T. The reduced mobility of the TA•C and TA•G

mismatches at pH 5 is consistent with the formation of TAH+•C and TAH+•G, in which protonation of N1 of A allows the forma-

tion of an additional hydrogen bond to N3 of C and N7 of G, respectively, with G in a syn-conformation. The urea-based spin labels
UA and UC were more mobile than TA, but still showed a minor variation in their EPR spectra when paired with A, G, C or T in a

DNA duplex. UA and UC had similar mobility order for the different base pairs, with the lowest mobility when paired with C and

the highest when paired with T.
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Introduction
The knowledge about structures and conformational dynamics

of nucleic acids, as well as other biomolecules, is essential to

understand their biological functions, including interactions

with other molecules. The exact atom-to-atom structural infor-

mation can be obtained by X-ray crystallography [1-6] and

nuclear magnetic resonance (NMR) spectroscopy [7-12]. Elec-

tron paramagnetic resonance (EPR) and fluorescence spectro-

scopies are nowadays routinely used to study global structures

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:snorrisi@hi.is
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Figure 1: Base pairing of TC with G (A), TA with T (B), UC with G (C) and UA with T (D).

and conformational changes under biologically relevant condi-

tions through the determination of intermediate to long-range

distances [13-30]. EPR spectroscopy can also give information

about the relative orientation of two rigid spin labels [31-35].

Small angle X-ray scattering is also frequently used to study

global structures of large molecules and molecular assemblies

[36-39].

Local structural perturbations in nucleic acids can be studied

with some of the aforementioned techniques. For example,

NMR has been used to study hydrogen-bonding interactions

[11,40-42], non-native base-pairing properties of nucleobases

[43-46] and their dynamics [42,47,48]. Fluorescence spec-

troscopy, using environmentally sensitive fluorescent nucleo-

sides has been used for detection of local structural perturba-

tions [49-57], including the investigation of single-base

mismatches [51,54,56,58,59], abasic sites [60] as well as nick

sites in duplex DNA [61], and ligand-induced folding of

riboswitches [62,63].

Continuous wave (CW) EPR spectroscopy can be used for the

determination of structure-dependent dynamics based on the

line-shape analysis of the EPR spectra [64-73]. The spin labels

for such experiments are attached to the nucleotide via a flex-

ible or a semi-flexible tether, which allows some motion of the

spin label independent of the nucleic acid. Spin-label motion is

affected by the local surroundings of the label, which in turn is

reflected in the shape of the EPR spectra. We have previously

used the spin label TC [69], containing a 2,2,6,6-tetramethyl-

piperidine-1-oxyl (TEMPO) moiety conjugated to the exocyclic

amino group of C (Figure 1A), to identify the base to which it is

paired with in duplex DNA [69]. In other words, this label

could not only distinguish between pairing with guanine and a

mismatch but was also able to pinpoint the base-pairing partner.

Furthermore, TC revealed a flanking-base dependent variation

in the EPR spectra, showing that minor structural variations in

the local surroundings of a nucleic acid groove can be detected

with spin labels by EPR spectroscopy.

Here, we describe the use of an analogous derivative of A,

namely TA, in which a TEMPO moiety is conjugated to the

exocyclic amino group of 2´-deoxyadenosine (Figure 1B), to

study local perturbations for a purine base in DNA. We show

that TA can indeed be used to differentiate between different

base-pairing partners, albeit not as clearly as TC. Lower pH

causes noticeable changes in the EPR spectra for TA, in particu-

lar for the TA•G and TA•C mismatches, presumably because of

protonation of the base. We have also prepared urea-linked

spin-labeled derivatives of 2´-deoxycytidine (UC) and 2´-deoxy-

adenosine (UA) and incorporated them into DNA duplexes

(Figure 1C and D). These labels provide additional possibilities

for hydrogen-bonding through the urea linkage but are also

more flexible than TA or TC. In spite of the increased flexibility

of UC and UA, inspection of the line-shape of their CW EPR
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Scheme 1: Synthesis of nucleoside TA and its corresponding phosphoramidite 5. TPS = 2,4,6-triisopropylbenzenesulfonyl.

spectra reveals subtle differences between the four base-pairing

partners A, T, G and C when placed in a DNA duplex.

Results and Discussion
Synthesis of TA, UA, UC and their corres-
ponding phosphoramidites
The spin-labeled nucleoside TA and its corresponding phos-

phoramidite were prepared by a previously reported procedure

[74] with minor modifications. The synthesis started with the

reaction between 3′,5′-diacetyl-2′-deoxyinosine (1) and 2,4,6-

triisopropylbenzenesulfonyl chloride to obtain compound 2

(Scheme 1). Coupling of 2 with 4-amino-TEMPO gave 3 in

good yields and deprotection of the acetyl groups gave TA,

which was tritylated and phosphitylated to yield compounds 4

and 5, respectively.

For the synthesis of UA, 3′,5′-TBDMS-protected 2′-deoxy-

adenosine [75] (6) was reacted with 4-isocyanato-TEMPO (7)

[64,76], which gave compound 8 in low yields (Scheme 2).

Cleavage of the TBDMS groups using TBAF gave spin-labeled

nucleoside UA, which was tritylated to give compound 9 and

phosphitylated to give phosphoramidite 10.

The synthesis of UC, the urea-cytidine analogue, started by

reaction of 3′,5′-TBDMS-protected 2′-deoxycytidine (11) with

4-isocyanato-TEMPO (7) [64,76] to give 12 in good yields

(Scheme 3). Removal of the TBDMS groups using TBAF gave

spin-labeled nucleoside UC, which was tritylated to give com-

pound 13 and subsequent phosphitylation yielded phosphor-

amidite 14.

Synthesis and characterization of TA-, UA-
and UC-containing oligonucleotides
The phosphoramidites of TA (5), UA (10) and UC (14) were

used to incorporate the spin-labeled nucleosides into DNA

oligonucleotides using solid-phase synthesis [77]. The low

stability of the nitroxide functional group in the TEMPO moiety

towards acids lead to almost ca. 50% reduction of the nitroxide

during oligonucleotide synthesis, which utilized dichloroacetic

acid for the removal of the trityl groups. However, in spite of

low yields, the spin-labeled oligonucleotides were readily sep-

arated from those containing the reduced spin label by dena-

turing polyacrylamide gel electrophoresis. The incorporation of
TA, UA and UC into DNA was confirmed by MALDI–TOF

mass spectrometry (Table S1, Supporting Information File 1).

Circular dichroism measurements showed that the incorpor-

ation of TA, UA and UC does not alter the B-DNA con-

formation of DNA duplexes containing these modifications

(Figure S1, Supporting Information File 1).

The thermal denaturation studies indicated only a minor desta-

bilization of DNA the duplexes when TA was paired with T (Tm

was only 2.7 °C lower), compared to the natural nucleoside A

(Table S2, Supporting Information File 1). The least stable base

pairing was observed with the TA•A mismatch, which showed

destabilization by 8.2 °C, compared to an A•A mismatch. The
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Scheme 2: Synthesis of nucleoside UA and its corresponding phosphoramidite 10.

Scheme 3: Synthesis of nucleoside UC and its corresponding phosphoramidite 14.
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Figure 2: EPR spectra of 14-mer DNA duplexes 5′-d(GACCTCGTAATCGTG)•5′-d(CACGATYCGAGGTC), (10 mM phosphate, 100 mM NaCl, 0.1 mM
Na2EDTA, pH 7.0 (A) and 5.0 (B)) at 10 °C, where TA is paired with either Y = T, C, G or A.

duplex stability order as a function of base-paring with TA was
TA•T > TA•G > TA•C > TA•A, consistent with the order of

stability previously reported for A [48]. Replacing C with UC

opposite G in a DNA duplex resulted in a 3.9 °C decrease in the

melting temperature (Tm) and a stability order of UC•G > UC•A

> UC•T > UC•C (Table S3, Supporting Information File 1). In

contrast to TA and UC, UA had a large destabilizing effect on

DNA duplexes (ca. 11 °C, Table S4, Supporting Information

File 1). Interestingly, the melting temperatures of the DNA

duplexes containing the base pairs UA•T, UA•G and UA•A were

nearly identical, whereas the UA•C mismatch showed a further

decrease in melting temperature of ca. 9 °C.

EPR analysis of TA-, UC-and UA-labeled DNA
duplexes
To investigate the mobility of TA in duplex DNA, we analyzed

the EPR spectra of the four 14-mer DNA duplexes

5′-d(GACCTCGTAATCGTG)•5′-d(CACGATYCGAGGTC),

where Y is either T, C, G or A (Figure 2). The EPR spectrum of

the TA•T pair was broadest, which is consistent with TA

forming a Watson–Crick base pair with T, and thereby

restricting the rotation around the C6–N6 bond through

hydrogen bonding to N6, and consequently slowing the motion

of the label (Figure 1B). On the other hand, the spectrum of
TA•A was the narrowest and thereby indicating the highest

mobility, while the EPR spectrum of TA•G was slightly broader

than TA•A. Although base pairing schemes can be drawn for
TA•G and TA•A that involve hydrogen bonding to N6 of TA

(Figure S2C and S2D, Supporting Information File 1)

[44,48,78-80], the increased mobility could be the result of the

label being pushed further into the major groove of the DNA

duplex, due to the space-demanding purine–purine pairs [81],

where the spin-label mobility would be less affected by the

local surroundings.

The mobility of TA•C at pH 7, as judged by its EPR spectrum

(Figure 2A), was between that of TA•T and TA•G. Previous

NMR studies of the TA•C mismatch at pH 8.5 [47] and 8.9 [82]

showed one hydrogen bond, located between N6 of TA and N3

of cytidine (Figure S2B, Supporting Information File 1). If TA

is protonated on N1 to form TAH+, it could form a wobble-pair

with C [47,83] (Figure 3A), which would be expected to

decrease the mobility of the spin label. The apparent pKa of the

proton on N1 has been determined by NMR studies to be 7.2

[47], which means that more than half of the TA•C pairs would

be protonated at pH 7. To explore if further reduction in

mobility (due to conversion of the TA•C pair to the TAH+•C

pair) would be detected by EPR, its spectrum was also recorded

at pH 5 (Figure 2B). Indeed, comparison of the EPR spectra of
TA•C at pH 5 and pH 7 clearly shows further broadening at the

lower pH, almost to that of the TA•T pair, and is consistent with

the formation of the TAH+•C pair.

The TA•T and TA•A pairs had similar EPR spectra at pH 7 and

5 (Figure 2B). However, significant broadening was observed in

the EPR spectrum of the TA•G mismatch at pH 5. In fact, the

spectrum of TA•G is nearly superimposable to that of the TA•T

pair, indicating reduction in mobility due to formation of

another hydrogen bond at pH 5. Studies by NMR and X-ray

crystallography have shown that TAH+•G pairs form when
TA•G mismatches are incubated at pH below 5.6, in which the

G has flipped into a syn conformation and the O6 and N7 form
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Figure 3: Possible base pairing of TAH+ with C (A) and G (B) at pH 5.

Figure 4: Possible base pairing of UA and UC with C.

Hoogsteen hydrogen bonds (Figure 3B) [43,44,78]. Thus, the

formation of the TAH+•G pair can be readily detected by EPR

spectroscopy.

Nucleosides UA and UC, the new and readily prepared spin

labels that are described here, contain a stable urea linkage that

provides additional hydrogen-bonding possibilities. In particu-

lar, pairing of UA and UC to C, which has been shown by NMR

to form a hydrogen bond between its N3 and the proton on N6

of A [83] as well as N4 of C [69,84], should enable the oxygen

in the urea moiety of both UA and UC to pair with a N4 proton

of C (Figure 4A and B). Such hydrogen bonding should have an

effect on the spin label mobility and be manifested in the line

width of the EPR spectra.

Therefore, we recorded the EPR spectra of duplexes

5′-d(GACCTCGXATCGTG)•5′-d(CACGATYCGAGGTC),

where X is either UA or UC, and Y is either C, A, G or T

(Figure 5). Indeed, the lowest mobility, i.e., the widest spectra

was observed for both UA•C and UC•C, providing circumstan-

tial evidence for hydrogen bonding of C to the urea linkage.

Interestingly, the same mobility order was observed for both UA

and UC: X•C < X•A ≤ X•G < X•T. Pairing with T resulted in a

high mobility for both UA and UC, whereas pairing with either

A or G, caused mobility intermediate between that of C and T.

As expected, the EPR spectra of the duplexes containing the

urea-linked spin labels (UA and UC) were narrower than for the

N6-TEMPO-dA (TA) labeled duplexes. The extended urea

linker not only contains more rotatable single bonds but also

projects the spin label further out of the major groove, where it

is less constrained sterically by the DNA.

Conclusion
Three spin-labeled deoxynucleosides, TA, UA and UC, were

prepared and incorporated into oligonucleotides by the phos-

phoramidite method. While UA resulted in a major decrease in

the melting temperature of a DNA duplex when incorporated

opposite to C, CD measurements revealed that all three spin

labels were accommodated in a B-form DNA duplex. The

mobility of the spin label TA was highly base-pair sensitive,

allowing detection of its respective base-pairing partner in

duplex DNA. Moreover, the mobility of TA was significantly

reduced when paired with C or G in a DNA duplex at pH 5.

This finding is consistent with protonation of TA and subse-

quent participation of the proton in hydrogen-bonding with C

and G. The urea-linked UA and UC spin labels showed a similar
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Figure 5: EPR spectra of 14-mer DNA duplex 5′-d(GACCTCGUAATCGTG)•5′-d(CACGATYCGAGGTC) (A), and 5′-d(GACCTCGUCATCGTG)•5′-
d(CACGATYCGAGGTC) (B), (10 mM phosphate, 100 mM NaCl, 0.1 mM Na2EDTA, pH 7.0) at 10 °C, where UA or UC is paired with either Y = T, C, G
or A .

mobility order when paired with A, G, C or T in a DNA duplex,

with the lowest mobility when paired with C and the highest for

T. These results show that the three labels, in particular TA, can

report minor changes in their microenvironment, such as proto-

nation, when placed in structured regions of nucleic acids.

Supporting Information
Supporting Information File 1
Experimental part.

[http://www.beilstein-journals.org/bjoc/content/

supplementary/1860-5397-11-24-S1.pdf]
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Abstract
A novel series of 2’-oxa-3’-aza-4’a-carbanucleosides, featured with a triazole linker at the 5’-position, has been developed by

exploiting a click chemistry reaction of 5’-azido-2’-oxa-3’-aza-4’a-carbanucleosides with substituted alkynes. Biological tests indi-

cate an antitumor activity for the synthesized compounds: most of them inhibit cell proliferation of Vero, BS-C-1, HEp-2, MDCK,

and HFF cells with a CC50 in the range of 5.0–40 μM. The synthesized compounds do not show any antiviral activity.
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Introduction
Synthetic modified nucleosides are of great interest as potential

new lead structures in particular as antiviral or anticancer agents

[1-8]. As analogues these compounds can interfere in nucleic

acid synthesis or block nucleosides- and/or nucleotide-depen-

dent biological processes by mimicking natural nucleosides and

serving as inhibitors or building units [9-12]. Many structural

variations of the natural nucleosides have been exploited. In

general, the performed modifications included the replacement

of the furanose moiety by other carbon or heterocyclic systems

[13,14] or even acyclic fragments [15,16], the substitution of

pyrimidine or purine natural nucleobases with unnaturally-

substituted heteroaromatics or homoaromatic systems, or the

modification of the phosphate P(O)–O–C bond with the

non–hydrolyzable phosphonate P(O)–C linkage [17,18].

In this context, nucleoside analogues, where different carbon or

heterocyclic systems replace the furanose ring, have been

reported as anticancer or antiviral agents [19,20]. In particular,
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2’-oxa-3’-aza-4’a-carbanucleosides 1–4, characterized by the

presence of an isoxazolidine ring, represent a scaffold of modi-

fied dideoxynucleosides endowed with interesting physiolog-

ical features (Figure 1) [21-27].

Figure 1: 2’-Oxa-3’-aza-modified nucleosides and 2’-oxa-3’-aza-modi-
fied nucleotides.

2’-Oxa-3’-aza-4’a-carbanucleosides 1–4 can be considered as

mimics of natural nucleosides and act as terminators of the viral

DNA chain. Their antiviral activity is linked to the competitive

reversible inhibition of the reverse transcriptase. Furthermore,

as antimetabolites, they can interact with intracellular targets to

induce cytotoxicity [28-32].

Several functionalities have been inserted as linkers on the

2’-oxa-3’-aza-4’a-carbanucleoside skeleton in order to confer

novel mechanisms of action for nucleoside mimics: in this

context, the 1,2,3-triazole unit assumes particular interest

according to its easily access and the well-known biological

activity of many derivatives. In these last years, in fact, tria-

zoles have gained considerable attention in medicinal chem-

istry, bioconjugation, drug-delivery, and materials science [33-

38]. Moreover, the 1,2,3-triazole motif is exceedingly stable to

basic or acidic hydrolysis and interacts strongly with biological

targets through hydrogen bonding to nitrogen atoms as well as

through dipole–dipole and π-stacking interactions [39].

Recently, a synthetic approach towards 3-hydroxymethyl-5-

(1H-1,2,3-triazol)-isoxazolidines 5 has been described [40]: the

obtained compounds inhibit the growth of anaplastic and follic-

ular human thyroid cancer cell lines, with IC50 values in the

range of 3.87–8.76 μM. In the same context, novel 1,2,3-tria-

zole-appended 2’-oxa-3’-azanucleoside analogs 6 were devel-

oped [41]: Some of these compounds show a good anticancer

activity against the anaplastic (8305C) and the follicular (FTC-

133) human thyroid cancer cell lines, and especially on the

U87MG human primary glioblastoma cell line (Figure 2).

Figure 2: Triazolyl-2’-oxa-3’-aza-4’a-carbanucleosides.

Accordingly, considering that the incorporation of the triazole

moiety can lead to interesting biological properties, we report in

this paper the preparation of a small library of nucleoside

analogues 7 (Figure 2), where the furanose ring is substituted by

an isoxazolidine system and a triazole unit replaces the phos-

phodiester linker at 5’ position of the 2’-oxa-3’-aza-4’a-

carbanucleoside. However, in order to maintain the six-bond

periodicity of the oligonucleotides and thus the flexibility of the

oligonucleotide chain the methylene bridge at the pseudo-5’-

position was retained. The obtained compounds have shown to

be endowed with an interesting antitumor activity: most of them

inhibit cell proliferation of Vero, BS-C-1, HEp-2, MDCK, and

HFF cells by 50% (CC50) at concentrations in the range of

5.0–40.0 μM. No antiviral activity against both RNA and DNA

viruses was observed.

Results and Discussion
Chemistry
The synthetic route to 5’-triazolyl-2’-oxa-3’-aza-4’a-carbanu-

cleosides 13 and 14 is described in Scheme 1 (and Table 1).

(3′RS,5′SR)-2′-N-methyl-3′-hydroxymethyl-1′,2′-isoxazolidin-

5′-ylthymine 8, obtained as the main compound, in a two-step

process, by 1,3-dipolar cycloaddition of vinyl acetate to

C-[(tert-butyldiphenylsilyl)oxy]-N-methylnitrone, followed by

Hilbert–Jones nucleosidation using silylated thymine and TBAF

[42-44], was converted into the corresponding iodo-derivative

10 by sequential tosylation and iodination.

The subsequent reaction of 10 with sodium azide, performed at

50 °C in CH3CN/H2O (1:10) in the presence of NH4Cl for 48 h

afforded two azides, 11 and 12, epimeric at C-5, in a relative

ratio 2:1 with a global yield of 85%. Two azides were sep-

arated by flash chromatography (CH2Cl2/MeOH 98:2 as

eluent). Compound 12 originates from 11: its formation can be

rationalized by considering that the acidic medium of the reac-

tion, linked to the presence of NH4Cl, promotes an equilibrium

process which starts from 11 and leads to a mixture of α- and
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Scheme 1: Synthesis of triazolyl isoxazolidinyl-nucleosides 13 and 14. Reagents and conditions: a) Tosyl chloride, TEA, CH2Cl2, rt, 24 h; b) NaI,
acetone, reflux, 72 h; c) NaN3, CH3CN/H2O (1:10) in the presence of NH4Cl, 50 °C for 48 h; d) substituted alkynes, 17a–g, CuSO4·5H2O, sodium
ascorbate, TEA, rt, 5 h.

Table 1: C-5’-Triazolyl-2’-oxo-3’-aza-4’a-carbanucleosides 13a–g and 14a–g produced via click chemistry.

Alkyne R1 Product Yielda Product Yielda

17a –CH2CH2OH 13a 88 14a 79
17b –CH2OH 13b 84 14b 81
17c –CH2CH2CH3 13c 80 14c 83

17d 13d 78 14d 82

17e 13e 78 14e 82

17f 13f 85 14f 84

17g 13g 89 14g 85

aIsolated yield by flash chromatography.
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Figure 3: α–β Epimerization.

β-anomers, via the intermediate oxonium ion 15 (path a) or 16

(path b) (Figure 3). As reported in similar systems [45], in the

equilibrium mixture the β-anomer 11, thermodynamically more

stable, predominates.

The structure of the obtained compounds was determined by

spectroscopic data and MS analysis: the main product of the

reaction was the cis derivative. NOE measurements confirm the

assigned stereochemistry. For compound 11, the cis isomer, ir-

radiation of the H-5 resonance at 5.99 ppm (as doublet of

doublets) induced a positive NOE effect on H-3 resonance at

3.85–4.00 ppm (as a multiplet) and on H-4b proton

(2.34–2.42 ppm, multiplet) (Scheme 1). Accordingly, in the

trans derivative 12, on irradiating H-5 resonance (6.14 ppm;

doublet of doublets), a positive NOE effect was detected only

for the H-4a proton that resonates at 2.18 ppm as a doublet of

doublet of doublets.

5’-Azido-2’-oxa-3’-aza-4’a-carbanucleosides 11 and 12 were

independently engaged in a CuI-catalyzed Huisgen [3 + 2]

cycloaddition reaction with a series of substituted alkynes 17,

according to the procedure described by Sharpless [46]

(Scheme 1 and Table 1). The click chemistry process, carried

out with equimolar amounts of the respective dipolarophiles,

afforded in all the cases the corresponding C-5’-triazolyl-2’-

oxa-3’-aza-4’a-carbanucleosides 13 and 14 in good yields

(79–89%). According to other copper-catalyzed azide–alkyne

cycloadditions, no traces of 1,5-regioisomers were observed

[47,48].

The structure of the obtained compounds was assessed

according to 1H NMR, 13C NMR and MS data. In particular,

the 1H NMR spectra of 5-methyl-1-[(3RS,5SR)-2-methyl-3-(1H-

1,2,3-triazol-1-ylmethyl)isoxazolidin-5-yl]pyrimidine-

2,4(1H,3H)diones 13 and 5-methyl-1-[(3RS,5RS)-2-methyl-3-

(1H-1,2,3-triazol-1-ylmethyl)isoxazolidin-5-yl]pyrimidine-

2,4(1H,3H)diones 14 show, besides the resonances of the

protons of the isoxazolidine unit, diagnostic resonances at

7.25–7.75 ppm, as a singlet, for the proton of the triazole

system, and at 4.50–5.10 and 4.25–4.75 ppm, respectively in 13

and 14, as a doublet of doublets, for the methylene group at

C-4’ position.
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Biological tests
The antiproliferative effect of the obtained derivatives was

tested on a panel of cell lines: african green monkey kidney

cells (Vero and BS-C-1), human epidermoid carcinoma larynx

cells (HEp-2), Madin–Darby canine kidney (MDCK), and

human foreskin fibroblast cells (HFF). In these assays the cells

were in the logarithmic phase of growth.

Inhibition of cell proliferation, with a CC50 ranging from 5 to

40 µM (Table 2), has been observed for all the new synthesized

compounds. In particular, compound 14d showed a high level

of inhibitory activity with CC50 values of 5 μM for all the

utilized cell lines, while compounds 13c, 13e, 13d, 14c, 14e,

14f and 14g show the same CC50 values only for HFF cells.

Table 2: Biological activity of C-5’-triazolyl-2’-oxa-3’-aza-4’a-carbanu-
cleosides 13a–g and 14a–g.

CC50 μMa

Compound VERO HEp2 MDCK HFF BS-C-1

13a 10 40 10 10 10
14a 20 40 20 20 20
13b 40 40 30 30 30
14b 20 40 20 20 10
13c 20 40 20 5 20
14c 20 40 20 5 20
13d 20 20 20 5 20
14d 5 5 5 5 5
13e 20 40 20 5 20
14e 20 40 20 5 20
13f 10 40 10 40 10
14f 20 40 20 5 20
13g 10 20 10 5 10
14g 10 20 10 5 10

aCC50: Concentration which inhibited cell growth by 50% as compared
with control cultures. Values are mean ± 0.5 S.D. (estimated maximal
standard deviation) of three separate assays.

Noteworthy, the relative cis, trans configuration of 13 and 14

does not seem to affect the biological effect. The cytostatic

activity of the compounds was particularly exploited against

HFF cell proliferation.

According to our initial hypothesis, the presence of the triazole

linker at C-5’ position in the 2’-oxa-3’-aza-4’a-carbanucleoside

skeleton induces a different biological effect with respect to

2’-oxa-3’-aza-4’a-carbanucleosides devoid of the triazole unit,

such as compounds 2 and 8, which are endowed with antiviral

activity, but do not show any cytotoxicity

The ability of compounds 13a–g and 14a–g to interfere with the

replication of different DNA and RNA viruses was also evalu-

ated, by using the subsequent cell-virus tests: (a) Vero cell for

poliovirus 1, human echovirus 9, herpes simplex type 1 (HSV-

1); (b) HEp-2 cell for Coxsackievirus B1, adenovirus type 2;

(c) human foreskin fibroblast cells (HFF) for cytomegalovirus

(CMV); (d) BS-C-1 cell (African green monkey kidney) for

varicella-zoster virus (VZV); (e) Madin–Darby canine kidney

(MDCK) for influenza virus A/Puerto Rico/8/34 H1N1 (PR8).

Acyclovir was used as the reference compound. For the synthe-

sized compounds, no inhibitory activity against any virus was

detected until 250 μM.

Biological assays
Cells. Biological assays have been performed on African green

monkey kidney cells (Vero and BS-C-1), human epithelial type

2 cells (HEp-2), human foreskin fibroblast cells (HFF), Madin-

Darby canine kidney (MDCK). All cell lines were obtained

from the American Type Culture Collection. The cell cultures

were maintained at 37 °C in a humidified atmosphere with 5%

CO2 and grown in D-MEM (Dulbecco's modified Eagle’s

Minimum Essential medium) supplemented with 10% FCS

(fetal calf serum, 2 mM/L glutamine, 0.1% sodium bicarbonate,

200 μg/mL of streptomycin and 200 units/mL of penicillin G.

The maintenance medium (DMEM with 2% heat inactivated

FCS) was used to culture the viruses.

Cell viability. The cytotoxicity of the tested compounds was

evaluated by measuring the effect created on cell morphology

and/or cell growth (cytostatic activity). Cell monolayers were

prepared in 24-well tissue culture plates and exposed to various

concentrations of the compounds. Cytotoxicity was recorded as

morphological variations (such as rounding up, shrinking and

detachment) at 24, 48, 72 and 96 h, using light microscopy.

Cytotoxicity was expressed as the minimum cytotoxic concen-

tration (MCC) that caused a microscopically detectable varia-

tion of cell morphology. The extent of cytostatic activity was

measured as inhibition of cell growth using the MTT method, as

previously described [49,50]. The 50% cytotoxic dose (CC50) is

the compound concentration required to reduce cell prolifera-

tion by 50% relative to the absorbance of the untreated control.

CC50 values were estimated from graphic plots of the

percentage of control as a function of the concentration of the

test compounds.

Test compounds. Compounds 13 and 14 were dissolved in

DMSO and diluted in maintenance medium to achieve the

final required concentration. The final dilution of test com-

pounds contained a maximum concentration of 0.01% DMSO,

which had no effect on the viability of the cell lines. Stock solu-

tions of acycloguanosine (Sigma, USA) were prepared in

distilled water, filtered through 0. 2 μm filter and stored at 4 °C

until use.
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Viruses. In the antiviral assays the following viruses were used:

Poliovirus 1 (Sabin strain: VR-1562), Human echovirus 9 (VR-

1050), Herpes simplex type 1 (HSV-1: VR-260), Coxsack-

ievirus B1 (VR-28),  adenovirus type 2 (VR-1080),

Cytomegalovirus (CMV: VR-538), varicella-zoster virus (VZV:

VR-1367), influenza virus A/Puerto Rico/8/34 H1N1 (PR8).

Viruses were obtained from the American Type Culture Collec-

tion. The tests on the antiviral activity were carried out by the

50% plaque reduction assay or by 50% virus-induced cytopath-

ogenicity, as previously described [51]. The concentration of

the compound that inhibit the formation of viral plaques or

virus-induced cytopathogenicity by 50% is expressed as EC50.

Conclusion
In summary, starting from 5’-azido-2’-oxa-3’-azanucleosides, a

new series of C-5’-triazolyl-2’-oxo-3’-aza-4’a-carbanucleo-

sides has been synthesized by using a CuI-catalyzed Huisgen

[3 + 2] cycloaddition with substituted alkynes. The biological

assays indicate that these compounds inhibit the cell prolifera-

tion of Vero, BS-C-1, HEp-2, MDCK, and HFF cells by 50%

(CC50) at concentrations in the range of 5.0–40.0 μM. No

antiviral activity at subtoxic concentrations was observed.
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Abstract
Tris[bis(triphenylphosphoranylidene)ammonium] pyrophosphate (PPN pyrophosphate) was used in the SN2 displacements of the

tosylate ion from 5’-tosylnucleosides to afford nucleoside-5’-diphosphates. Selective precipitation permitted the direct isolation of

nucleoside-5’-diphosphates from crude reaction mixtures.
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Introduction
Nucleoside-5'-phosphates are key to many mechanistic studies

and chemical biology applications [1-3]. Synthetic approaches

towards nucleoside-5'-phosphates are well-established [4],

however, the methods tend to be cumbersome. Newer

approaches have started to become available over the last

decade, where a key driver in these approaches is limiting the

effects of moisture on the reaction outcome [5-11].

Nucleoside-5'-triphosphates (NTPs) are frequently accessed via

the Ludwig modification [12] of the Yoshikawa procedure

[13,14], where an unprotected ribonucleoside is first phospho-

phorylated, then the resulting phosphodichloridate is captured

using pyrophosphate ions. Unfortunately, similar attempts

towards nucleoside-5'-diphosphates (NDPs), with phosphate ion

as nucleophile, tend to produce greater quantities of NTP than

NDP [15,16]. Nuceloside-5’-diphosphates can, however, be

accessed via SN2 displacement at 5’-activated nucleosides using

pyrophosphate as the nucleophile. This approach, developed by

Poulter and co-workers [17], forms a cornerstone in the

armoury towards the synthesis of nucleoside-5’-polyphosphates

[4]. The key element to the success of this process is the avail-

ability of dry, organic-solvent-soluble pyrophosphate.

Tris(tetrabutylammonium) pyrophosphate is generally

employed in this role [18], however, isolating this material in a

dry condition, and maintaining its dryness are significant prob-

lems [4,19]. In addition, excess pyrophosphate is usually

employed in order to drive the kinetics of the displacement

process, however, this excess material tends to co-elute with

nucleoside-5’-diphosphate products during anion exchange

chromatographic purifications.
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We have recently reported the successful synthesis of PPN

pyrophosphate (Scheme 1) and its application in the syntheses

of nucleoside-5’-triphosphates (NTPs) [11]. PPN pyrophos-

phate is straightforward to prepare, and, unlike alkylammonium

salts, shows limited levels of moisture uptake. In this letter we

explore the use of PPN pyrophosphate as a replacement for

tris(tetrabutylammonium) pyrophosphate in the preparation of

NDPs via the Poulter approach [17]. Thereafter, we consider the

removal of the PPN cation from reaction mixtures alongside

removal of excess pyrophosphate to facilitate the isolation of

NDP products.

Scheme 1: PPN pyrophosphate.

Results and Discussion
Preliminary experiments focused on 5’-tosylthymidine 1a as a

test substrate (Scheme 2), using conditions similar to those

employed by Poulter and co-workers [17]. An excess of

pyrophosphate was used to drive the kinetics of the displace-

ment process in concentrated solutions in acetonitrile as the

reaction solvent. The reaction progress was monitored via
31P NMR spectroscopy, and ~62% conversion to TDP 2a was

attained after 30 h of reaction based on pyrophosphate

consumption. We found that slightly elevated temperature

(30 °C) accelerated the displacement, with no adverse effect on

conversion levels to NDP. We believe that our use of PPN

pyrophosphate supports the use of elevated temperatures

because it limits (or even eliminates) the possibility of water

ingress into reaction mixtures and the resulting hydrolysis

processes that lead to the formation of monophosphate byprod-

ucts. Additional 5’-tosylnucleosides 1b–d were then exposed to

the same reaction conditions and reaction progress was moni-

tored by 31P NMR spectroscopy (Table 1).

Scheme 2: Preparation of NDPs.

Table 1: Reaction times, yields and purities of 5’-diphosphates.

Nucleoside Time [h] Yield [%] Purity [%]a Product

1a 30 45 98 2a
1b 91 40 98 2b
1c 91 44 92 2c
1d 91 20 87 2d

aDetermined by 31P NMR spectroscopy.

In order to remove inorganic pyrophosphate from the crude

reaction mixtures we developed selective precipitation pro-

cedures. To ensure that these procedures were readily repeat-

able, we used triethylammonium bicarbonate (TEAB) buffer to

control the pH value, and we used ice baths to ensure constant

conditions of temperature. Owing to its charge-dense nature, we

hoped to be able to precipitate pyrophosphate as its sodium salt

through the use of sodium iodide solution in acetone, where

acetone served as the precipitating solvent. A systematic study

of conditions was performed in order to allow selective precipi-

tation of pyrophosphate ions. Variables included; TEAB buffer

concentration and volume, the concentration of the sodium

iodide solution in acetone and the volume of this solution that

was added. The effectiveness of conditions was assessed using
31P NMR spectroscopic analyses of both precipitated and super-

natant materials, and, conveniently, we found conditions that

removed the pyrophosphate effectively. Thereafter, NDPs were

isolated through the addition of further volumes of sodium

iodide solution in acetone. Gratifyingly, the sequence of selec-

tive precipitations allowed for the removal of both pyrophos-

phate and PPN ions, and isolated materials showed high levels

of purity, and reasonable levels of mass recovery without

chromatographic purifications (Scheme 3, Table 1).

Scheme 3: 31P NMR spectrum of TDP 2a after precipitation from reac-
tion mixture.
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Protected substrate 3 showed conversion to diphosphate 4

after 91 h of reaction, however, we were unable to precipitate

this material after removal of excess pyrophosphate ions

(Scheme 4). We believe the isopropylidene protecting group

decreases the polarity of diphosphate 4 to such an extent that it

remains soluble even after the addition of excess sodium iodide

and acetone.

Scheme 4: Attempted use of an isopropylidene-protected 5’-tosylnu-
cleoside.

Conclusion
PPN pyrophosphate is a convenient, effective reagent for the

preparation of NDPs from 5’-tosylnucleosides. Post-reaction

removal of PPN cations and elimination of excess pyrophos-

phate followed by isolation of polar NDPs as sodium salts can

be readily achieved through selective precipitation.

Experimental
General procedure for the synthesis of NDPs
2a–d
PPN pyrophosphate was prepared as described previously [11]

and was dried in a vacuum desiccator over P2O5 (we have also

found freeze-drying to be effective in other experiments), then

dissolved in dry acetonitrile, and stored over activated 4 Å

molecular sieves. Tosylated nucleoside 1a–d (0.18 mmol) and

PPN pyrophosphate (0.36 mmol) in dry acetonitrile (0.8 mL)

were stirred at 30 °C under an inert atmosphere. The reaction

progress was monitored by 31P NMR spectroscopy until no

further reaction was observed. Sodium iodide (0.149 g) was

dissolved into 9:1 acetone/water (10 mL) and the solution was

added dropwise with stirring to the crude reaction mixture

which had been transferred to a centrifuge tube. The solution

was mixed for 30 minutes at 0 °C and then centrifuged at

4,000 rpm for 10 minutes. The supernatant was removed by a

pipette and the solid residue was dissolved in TEAB buffer

(3 mL, 0.1 M, pH 8.0) [4]. Sodium iodide in acetone (5 mL,

0.1 M) was added slowly to the solution and the mixture was

stirred for 30 minutes at 0 °C. Solids were collected by centrifu-

gation at 4,000 rpm for 10 minutes, and the liquid layer was

analysed by 31P NMR spectroscopy to ensure that selective

removal of inorganic pyrophosphate had been achieved. In

cases where pyrophosphate ions were still present, an addition-

al small volume (<1 mL) of sodium iodide in acetone was

added and the mixture was stirred and solids were collected by

centrifugation as described above. When all pyrophosphate had

been removed from the supernatant layer (determined by
31P NMR spectroscopy), sodium iodide in acetone (5 mL,

0.1 M) was added in order to precipitate the NDP product. The

mixture was stirred for 30 minutes at 0 °C and then centrifuged

at 4,000 rpm for 10 minutes. The precipitated NDP was washed

with acetone (2 × 2 mL) in order to remove remaining sodium

iodide and dried in a vacuum desiccator to yield a white solid.
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Abstract
Tris(2-aminobenzimidazole) conjugates with antisense oligonucleotides are effective site-specific RNA cleavers. Their mechanism

of action is independent of metal ions. Here we investigate conjugates with peptide nucleic acids (PNA). RNA degradation occurs

with similar rates and substrate specificities as in experiments with DNA conjugates we performed earlier. Although aggregation

phenomena are observed in some cases, proper substrate recognition is not compromised. While our previous synthesis of

2-aminobenzimidazoles required an HgO induced cyclization step, a mercury free variant is described herein.
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Introduction
Sequence specific artificial ribonucleases are an attractive

research target for several reasons. On the one hand, they can

improve our mechanistic understanding of natural ribo-

nucleases and of phosphodiester reactivity in general. On the

other hand, a wide range of practical applications is conceiv-

able for such RNA cleavers ranging from tools in molecular

biology to chemotherapeutics targeting mRNAs or miRNAs.

Although most site-selective artificial ribonucleases consist of a

catalytic unit (both with and without metal ions) attached to a

DNA oligonucleotide or 2’-O-methyloligoribonucleotide

complementary to the targeted RNA [1-3], possible future in

cell applications suggest the conjugation of RNA cleavers to

oligonucleotide analogues such as peptide nucleic acids (PNA)

[4]. The benefits of oligonucleotide analogues are higher

affinity towards RNA [5] as well as improved resistance against

biodegradation [6]. Furthermore, PNA can be applied to block

miRNA functions in cell culture experiments [7].

PNA conjugates of both metal-containing and metal-free RNA

cleavers have been effectively used as artificial nucleases

towards different substrates [8-11]. Most notable is a copper-

based PNAzyme which cleaves RNA site-specifically with sub-

strate half-lifes as low as 30 minutes [12]. A PNA-10mer at-

tached to diethylenetriamine showed a higher cleavage activity

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:m.goebel@chemie.uni-frankfurt.de
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Scheme 2: Synthesis of tris(2-aminobenzimidazole). Conditions: a: Boc-ON, THF, 0 °C to rt, 46 h, 45%; b: 1) 1,1‘-thiocarbonyldiimidazole, imidazole,
MeCN, 0 °C to rt, 1 h; 2) methyl 3,4-diaminobenzoate, MeCN, 50 °C, 4 h, rt, overnight, 79%; c: Mukaiyama’s reagent, NEt3, DMF, 20 h, rt, 88%;
d: 1) SOCl2, MeOH, 0 °C to rt, 3 h; 2) 2-nitrophenylisothiocyanate, NEt3, EtOH, 0 °C to rt, overnight, 90%; e: 45 bar H2, Pd/C (10%), MeOH sat. with
NH3, 60 °C, 5 h, rt, overnight, 37%; f: Mukaiyama’s reagent, NEt3, DMF, 22 h, rt, 56%. Boc-ON: 2-(tert-butoxycarbonyloxyimino)-2-phenylacetonitrile.

[13] when compared to the corresponding 22mer DNA conju-

gate [14]. We therefore decided to investigate the activity of

tris(2-aminobenzimidazole) [15] – a metal-free ribonuclease

developed by us formerly – as a conjugate with PNA. Previous

results for the corresponding DNA conjugates had shown

sequence specific RNA cleavage with substrate half-lives in the

range of 12 to 17 h [16]. Tris(2-aminobenzimidazole) 7 can be

obtained in a six-step reaction sequence starting from tris(2-

aminoethyl)amine (1) [15]. However, the use of toxic

mercury(II) oxide for the formation of the benzimidazole

moieties (Scheme 1) is a disadvantage of this synthesis espe-

cially with regard to future biological applications of the final

product. Furthermore, conditions for these reactions are rather

harsh and the yields may differ considerably. Here we report a

new and mercury-free synthesis of tris(2-aminobenzimidazole)

and its conjugation to PNA oligomers. In addition, the results of

cleaving experiments with three different RNA substrates are

presented.

Results and Discussion
Alternative reagents to convert thioureas into guanidines

include metal salts like CuCl2 or HgCl2 and carbodiimides such

as 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDCI) or

Scheme 1: Formation of the 2-aminobenzimidazole moiety.

N,N’-diisopropylcarbodiimide (DIC) [17]. Another method

developed by Lipton et al. uses Mukaiyama's reagent (2-chloro-

1-methylpyridinium iodide) to prepare guanidines in high yields

[18]. The reaction proceeds at ambient temperature. In contrast

to ureas and thioureas formed as byproducts when using

carbodiimides, the N-methylpyridine-2(1H)-thione resulting

from Mukaiyama's reagent is soluble and can be easily removed

by chromatography. As we were searching for a heavy metal-

free approach towards tris(2-aminobenzimidazole), we adopted

Lipton's method to the synthesis of aminobenzimidazoles.

Thiourea 3 was prepared as described before [15], starting with

the Boc-protection of tris(2-aminoethyl)amine (1) followed by

the stepwise reaction of the free NH2 group of product 2 with

thiocarbonyldiimidazole and methyl 3,4-diaminobenzoate

(Scheme 2). The cyclisation to form the first benzimidazole unit
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Figure 1: Sequences of PNA conjugates 10–14 and oligonucleotides 15–20. Lysines are attached to the C-terminus, linker and cleaver to the
N-terminus. The parts with base complementarity to 15mer PNAs, i.e., the binding sites, are underlined. When 10mer PNAs bind to substrates 15 and
16, the first five ribonucleotides at the 5’ end will remain single stranded.

was then achieved by reacting thiourea 3 with Mukaiyama’s

reagent in the presence of NEt3 at rt yielding 88% of 4.

Although the yield is slightly lower compared to the cyclisation

with HgO (97% yield), the mild and metal-free reaction condi-

tions are a big advantage of this new method. For the subse-

quent two conversions, again the known procedures were used.

Thiourea 6 was prepared by deprotection of 4 with SOCl2 in

MeOH and addition of 2-nitrophenylisothiocyanate followed by

reduction of the nitro groups with H2. In the last step of the syn-

thesis, again Mukaiyama’s reagent was used for the formation

of the two benzimidazole moieties. Stirring at rt for 22 h in the

presence of NEt3 yielded 56% of tris(2-aminobenzimidazole) 7

after HPLC purification. Ester hydrolysis with aq HCl led to the

free carboxylic acid 8, which after removal of the solvent was

used for conjugation to PNA without further purification

(Scheme 3).

Conjugation of tris(2-aminobenzimidazole) 8 was performed

with fully protected PNA-oligomers still bound to the solid

support. To increase the solubility of the final product, 10mers

were attached to one, 15mers to two lysine units placed at the

C-terminus. For conjugation, the Fmoc-protected 6-amino-

hexanoic acid 9 was bound to the PNA at the terminal amino

group as a linker. After deprotection of the linker’s amino func-

tion, tris(2-aminobenzimidazole) was attached. In both steps,

DIC and HOBt were used as reagents. Coupling of the cleaver

proceeded in high yields with no unconjugated PNA detectable

in the MALDI mass spectra of the crude products. All conju-

gates were purified by RP-HPLC and isolated as trifluoro-

acetate salts. Starting from 20–30 mg of Rink amide MBHA

resin (0.66 mmol/g) even manual synthesis routinely yielded

milligram amounts of the purified final product. This compares

favorably to the yield of DNA conjugates we have studied

earlier [16].

Scheme 3: Synthesis of PNA conjugates. Conditions: a: 1) 9, HOBt,
DIC, DMF, rt, 24 h; 2) piperidine, DMF, rt, 30 min; b: 1) 8, HOBt, DIC,
NEt3, DMF, rt, 72 h; 2) TFA/H2O/triisopropysilane (95:2.5:2.5), rt, 3 h.

Cleavage experiments were run with Cy5-labeled RNA, the

fluorescent dye permitting the detection and quantification of

fragments by gel electrophoresis in a DNA sequencer

(Figure 1). Substrates 15 and 16 have been used for comparison

with our previous studies [16]. The third substrate 17 has the
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sequence of miRNA 20a, a member of the oncogenic miRNA

17–92 cluster [19] that is a promising target for site-specific

RNA cleavers. All RNA parts of substrates 15–17 are

embedded into a stretch of nonreacting deoxythymidine

residues to improve the separation and resolution of substrate

and fragment peaks in the sequencer.

Incubation of RNA 15 with conjugate 12, which has the same

15mer sequence as a previously tested DNA conjugate [16], led

to 8 dye labeled fragments, all located in the non-hybridized

part of the substrate. Most prominent is cleavage after G(18)

(Figure 2, lane b; note the slight shift and duplication of the

substrate peak compared to the hydrolysis ladder shown in lane

f). The product distribution is considerably broader compared to

degradation of RNA 15 by the corresponding DNA conjugate.

Similar results were obtained by reaction of substrate 17 with

15mer-conjugate 14 (lane e). Here, A(18) and G(19) are the

main cleaving sites. Unexpectedly, no distinct cleavage pattern

could be observed with the 15mer-conjugate 13 and its cognate

RNA 16. Instead, the electropherogram showed a shift of

several signals including the substrate peak (lane d, compare to

hydrolysis ladder of 16 in lane g), making it difficult to assign

the signals to individual cleavage fragments. However, the pos-

ition of the signals relative to the substrate peak suggests that

cleavage occurred only in the non-hybridized part of the RNA.

We explain this effect by incomplete PNA–RNA strand sep-

aration during electrophoresis due to stronger hybridization

resulting from the G/C-rich sequence of the conjugate (10 G/C-

base pairs in contrast to 7 and 4 for conjugates 12 and 14, res-

pectively). The fact that incubation of RNA 15 with PNA 12

also leads to a slight, but much weaker shift of signals (lane b),

supports this assumption. The first four nucleotides in the single

stranded part of RNA 16 where cleavage takes place have only

pyrimidine bases, while RNA 15 and 17 have mainly purine

bases in the corresponding regions. If the tris(2-aminobenzimi-

dazole) cleaver interacts with the purine bases (e.g., by

stacking) it is not impossible that this could also be related to

the apparent lower rate and lower selectivity in cleavage of

RNA 16 with both 11 and 13. Consistent with that idea, we

previously had observed similar effects when RNAs 15 and 16

were cleaved by DNA-catalyst conjugates analogous to 12 and

13 [16].

As it is known that PNA binds more tightly to RNA than does

DNA [5], 10mer-conjugates 10 and 11 complementary to

substrates 15 and 16 were also tested in cleavage experiments.

Compared to the 15mers, the first 5 monomers were omitted in

order to keep the cleavage site unchanged. Results for the incu-

bation of 15 with 10 were as expected (lane a). In contrast to

incubation of substrate 16 with 15mer-conjugate 13, no signal

shift is seen with the 10mer-conjugate 11. However, the

Figure 2: Cleavage of RNA by their corresponding PNA conjugates
(150 nM substrate, 750 nM conjugate, 50 mM Tris-HCl, pH 8, 37 °C,
20 h). Lane a: conjugate 10 and substrate 15. Lane b: conjugate 12
and substrate 15. Lane c: conjugate 11 and substrate 16. Lane d:
conjugate 13 and substrate 16. Lane e: conjugate 14 and substrate 17.
Lanes f, g and h: hydrolysis patterns of 15, 16 and 17 (Na2CO3).

cleavage occurs in a nonspecific way in nearly all positions not

protected by hybridization with PNA (lane c). Though site

specificity is low in this case, conjugate 13 is nevertheless sub-

strate specific and does not degrade RNAs 15 or 17 under iden-

tical conditions (Supporting Information File 1). The relatively

low site specificity, as discussed above, may be related to the

pyrimidine rich sequence of RNA 16.

To examine whether PNA conjugates 10–14 would form molec-

ular aggregates with noncognate oligonucleotides, the diffusion

time of Cy5-labeled DNA 18 (19 nM, diluted with 131 nM

unlabeled DNA 19) in absence and presence of different PNA

conjugates (750 nM) was studied by fluorescence correlation

spectroscopy (FCS) [15,20]. No significant change in diffusion

time was observed upon addition of 10mer conjugate 10 to

noncognate DNAs 18/19, indicating that no aggregates were

formed. In contrast, addition of 10mer conjugate 11 or of 15mer

conjugates 12, 13, and 14 to DNAs 18/19 led to considerable

changes in diffusion times, which was most evident for PNAs

11 and 13. This clearly shows that molecular aggregates of

oligonucleotides and PNA conjugates are formed in all of these

cases [21]. Although such effects were absent in FCS experi-

ments with analogous DNA conjugates [16], this result is not

surprising as PNA, with its uncharged backbone, is more likely

to form aggregates. In the presence of 10% of DMSO, no

change in diffusion times was observed for conjugates 12 and

14. Conjugates 11 and 13 still caused an effect but less

pronounced than in the absence of DMSO, indicating that

DMSO prevents aggregation partially. We also investigated
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RNA 16 by FCS (19 nM 16, diluted with 131 nM of the unla-

beled analog 20). Upon addition of 10mer PNA 11, a large

increase of diffusion times was observed that can only be

explained by aggregation.

Aggregation of PNA conjugates with complementary RNA but

even with noncognate oligonucleotides [21] might cause a loss

of sequence specificity. It was of critical importance, therefore,

to conduct cross reaction experiments of PNA conjugates 10–14

in all possible combinations with substrates 15–17. Exem-

plarily, Figure 3 shows tests of conjugates 12 and 14 with

RNAs 15 and 17. Consistent data was obtained for all other

possible combinations of conjugates and substrates (Supporting

Information File 1), which proves that cleavage in the exam-

ined concentration range fully depends on Watson–Crick base

pairing.

Figure 3: Substrate specificity of conjugates 12 and 14 (150 nM sub-
strate, 750 nM conjugate, 50 mM Tris-HCl, pH 8, 37 °C, 20 h). Lane a:
conjugate 12 and substrate 15. Lane b: conjugate 14 and substrate 15.
Lane c: conjugate 14 and substrate 17. Lane d: conjugate 12 and sub-
strate 17. Lanes e and f: hydrolysis patterns of 15 and 17 (Na2CO3).

Cleavage experiments with varying amounts of conjugates

(Figure 4) show that – at concentrations below 1.5 µM – RNA

cleavage by PNAs 10–12 and 14 obeys saturation kinetics. Full

activity is reached at concentrations of 500–750 nM. In com-

parison to the shortened analog 10, 15mer conjugate 12 shows

higher cleavage yields of RNA 15 at concentrations from 62.5

to 1000 nM. Larger amounts of PNA, however, decrease the

effectiveness of RNA degradation. This drop is quite consider-

able for the 15mer conjugates, whereas it is less significant for

the 10mer analogs. The decreasing cleavage yields at high PNA

concentrations are likely to result from increased aggregation,

which might prevent the cleaver from interacting with the RNA

backbone.

Figure 4: Cleavage of RNA substrates 15, 16, and 17 by their
matching conjugates as a function of conjugate concentration (150 nM
substrate, 62.5–2000 nM conjugate, 50 mM Tris-HCl, pH 8, 37 °C,
20 h). Data points are connected by lines for the sake of clarity.

Figure 5: Cleavage kinetics of 15 in the presence and absence of
conjugate 12. Conditions: 150 nM substrate, 0 or 750 nM conjugate,
50 mM Tris-HCl, pH 8, 100 mM NaCl, 37 °C. The solid curves are
calculated assuming first order kinetics.

For the reaction of substrate 15 with conjugate 12, cleavage

kinetics were studied in detail. Figure 5 shows RNA decay

under saturation conditions as a function of time. While in the

absence of a cleaver the substrate proved to be quite stable for

several days, it was cleaved significantly by conjugate 12 within

a few hours. Almost complete degradation was achieved after

60 h. As seen before [16], a small percentage of RNA remained

intact even after one week. This could be due to structural

imperfections in the synthetic substrate RNA preventing the

PNA conjugate from hybridizing with its target molecule. The

best fit of data to a first order rate law is shown as a solid curve:

k1 = 0.062 h−1, t1/2 = 11.2 h. This number comes close to the
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half-life of 15 when cleaved by the analogous DNA conjugate

(t1/2 = 12.4 h) [16].

Conclusion
We have shown that PNA conjugates of tris(2-aminobenzimida-

zole) are potent hydrolytic cleavers of RNA, exhibiting similar

efficiency and substrate specificity as the corresponding DNA

conjugates tested previously. Our optimized synthesis of tris(2-

aminobenzimidazole) provides a new way to obtain the catalyst

avoiding mercury salts with all their disadvantages (toxicity,

harsh reaction conditions, variable yields). Conjugation to PNA

oligomers can be readily achieved in high yields, providing an

easy way to synthesize sequence specific metal-free artificial

nucleases for a wide range of RNA substrates. Due to the ten-

dency of PNA conjugates to form aggregates, a phenomenon

not seen with their DNA analogs, optimization of the PNA

oligomer length is necessary, especially for strands rich in G/C

base pairs. Reduced activity of long PNA conjugates caused by

aggregation can be a minor disadvantage in comparison to DNA

conjugates. However, the higher affinity of PNA towards RNA

allows using shorter PNA oligomers. In addition, the stability of

PNA against biodegradation is another advantage especially

with respect to possible in cell applications.

Supporting Information
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Experimental procedures and characterization data.
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Abstract
A series of six cyanine-5-labeled oligonucleotides (LONs 10–15), each terminally lipophilized with different nucleolipid head

groups, were synthesized using the recently prepared phosphoramidites 4b–9b. The insertion of the LONs within an artificial lipid

bilayer, composed of 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) and 1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-

ethanolamine (POPE), was studied by single molecule fluorescence spectroscopy and microscopy with the help of an optically

transparent microfluidic sample carrier with perfusion capabilities. The incorporation of the lipo-oligonucleotides into the bilayer

was studied with respect to efficiency (maximal bilayer brightness) as well as stability against perfusion (final stable bilayer bright-

ness). Attempts to correlate these parameters with the log P values of the corresponding nucleolipid head groups failed, a result

which clearly demonstrates that not only the lipophilicity but mainly the chemical structure and topology of the head group is of

decisive importance for the optimal interaction of a lipo-oligonucleotide with an artificial lipid bilayer. Moreover, fluorescence

half-live and diffusion time values were measured to determine the diffusion coefficients of the lipo-oligonucleotides.

913

Introduction
For proper cell function, the biosynthetic lipophilization of

proteins and carbohydrates, such as palmitoylation and farnesy-

lation, is of decisive importance [1]. The same seems to be true

for bacterial tRNAs [2], which was postulated recently and

substantiated by the finding of geranylated tRNAs. Therefore a

continuously growing interest in so-called lipo-oligonucleo-

tides (LONs) [3-6] can be observed. In a preceding manuscript

[7] we described the base-specific DNA duplex formation at a

http://www.beilstein-journals.org/bjoc/about/openAccess.htm
mailto:Helmut.Rosemeyer@uos.de
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Figure 1: General structure of the fluorophore-labeled lipo-oligonucleotides and positions of lipophilization of the pyrimidine β-D-ribonucleoside head
groups 1–3 [18].

lipid bilayer–water phase boundary using SYBR Green I

staining. For this purpose, various nucleic acids of different

length and sequence were lipophilized by appending a terminal

non-nucleosidic lipid head group and then bound on the surface

of an artificial lipid bilayer. Subsequently, equimolar amounts

of complementary and non-complementary DNA strands as

well as a SYBR Green I solution were added to the bilayer-

bound lipo-oligonucleotide. The kinetics of the ternary com-

plex formation at the bilayer surface as well as the stability of

the complexes against perfusion was measured by determin-

ation of the bilayer brightness using fluorescence microscopy

[8].

In the following, we describe the insertion of six unique single-

stranded DNA dodecamers carrying different nucleolipid head

groups as well as cyanine-5 (Cy5) at the 5’-(n−1) position in

artificial lipid bilayers. In this case we varied the amphiphilic

head group but preserved the oligonucleotide DNA sequence.

This sequence [5’-d(NL-(Cy5) TAG GTC AAT ACT); NL =

nucleolipid] was chosen because it forms neither a hairpin

structure nor a self-complementary duplex [9]. Particularly, for

a successful delivery of siRNAs [10-12] their lipophilization

and studies on the interactions of lipophilized nucleic acids with

lipid bilayers is of growing importance. As lipophilic head

groups we used a series of nucleolipid cyanoethyl phosphor-

amidites that were recently synthesized [13-17].

Results and Discussion
Figure 1 indicates the positions of the pyrimidine β-D-ribonu-

cleosides uridine (1, R = H), 5-methyluridine (2, R = CH3) and

5-fluorouridine (3, R = F) which were lipophilized by different

hydrophobic residues.

The following formulae (Figure 2) show the six nucleolipids

4a–9a [13-17], which designate that mono-, sesqui-, and diter-

penes as well as single and double-chained alkyl groups

(completed by an alicyclic alkyl group), have been introduced

for the lipophilization of the pyrimidine nucleosides. The

resulting nucleolipids were converted into their corresponding

2-cyanoethyl phosphoramidites 4b–9b.

Figure 3 shows the energy-minimized 3D structures of the

lipophilic nucleoside headgroups 4a–9a.

The reactive building blocks 4b–9b were subsequently used to

synthesize the following lipo-oligonucleotides (LONs), which

have an identical nucleotide sequence in common as well as a

cyanine-5 (Cy5) fluorophore at the (n−1) position. The integrity

of all oligonucleotides was proven by MALDI–TOF mass spec-

trometry (see Experimental).

Insertion of the six LONs into an artificial lipid
bilayer and their specific characteristics
The different lipo-oligonucleotides (LON 10–15) were incorpo-

rated into stable artificial lipid bilayers, which create two com-

partments (cis/trans channel) of an optically transparent micro-

fluidic sample carrier with perfusion capabilities, as shown in

Figure 4. Both the cis and the trans channel were filled with

saline buffered solution. The injection of the different oligo-

nucleotides into the cis channel followed by cycles of incuba-

tion and perfusion leads to the binding of the corresponding

oligomer on the membrane, as detected by microscopy and

single molecule fluorescence spectroscopy. The kinetics of the

binding of the different bilayer-bound oligonucleotides were

studied as well as their stability against perfusion.
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Figure 2: Chemical formulae 1–9 and lipo-oligonucleotide sequences 10–15.
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Figure 3: Energy-minimized 3D structures of the lipophilic nucleoside headgroups 4a–9a. All 3D structures were calculated using the program
ChemBio3D Ultra v. 12.0 (number of iterations, 387 ± 147, standard deviation of the mean).

Figure 4 illustrates the three main equilibria: the lipid

bilayer–H2O boundary, the air–H2O interface boundary, and at

the Teflon surface, which exist on the cis side of the bilayer

chamber. This was proven experimentally as shown later in

Figure 9.

Figure 4: Schematic display of the three main equilibria existing on the
cis side of the bilayer chamber.

The technique and some of the results are visualized in a video

which can be downloaded free from the repository (RepOSito-

rium) of the library of the University of Osnabrück, Germany

[18].

Figure 5 displays the bilayer brightness (both normalized to

100% as maximum as well as in kHz) as a function of the

various events (perfusion and incubation time) for the lipo-

oligomer 10.

As can be seen, the incorporation of the lipo-oligomer 10

carrying an O-2’,3’-undecylidene-modified uridine head group

into the artificial lipid bilayer occurs spontaneously after

25 min, corresponding to the maximum brightness. However,

even after a single perfusion, the brightness is reduced to about

15%, and after further incubation, it is again enhanced to 30%

brightness. Subsequent perfusion and incubation periods over

the course of roughly 1 h resulted in a constant brightness of

5–10%.

In contrast to this, an O-2’,3’-pentatriacontanylidene-modified

uridine head group shows a different behavior (Figure 6):

the corresponding lipo-oligonucleotide 11 is bound directly

after addition into the cis compartment of the sample carrier

within the lipid bilayer (5 min). Once bound it exhibits a

significantly higher resistance against perfusion of the cis

chamber, and after approximately 100 min (8 perfusions), a

constant bilayer brightness (40%, 1 × 104 kHz) is reached.

This demonstrates the significant influence of the O-2’,3’-

alkylidene chain length of the nucleolipid head group on the
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Figure 5: Bilayer brightness vs event graph of 5’-d(4a-Cy5-TAG GTC AAT ACT) (10).

Figure 6: Bilayer brightness vs event graph of 5’-d(5a-Cy5-TAG GTC AAT ACT) (11).
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Figure 7: Bilayer brightness vs event graph of 5’-d(6a-Cy5-TAG GTC AAT ACT) (12).

stability of the lipo-oligonucleotide within the lipid bilayer

against perfusion.

Figure 7 presents the bilayer brightness as a function of the

perfusion/incubation events for the oligomer 12. This oligomer

is 5’-terminated with a nucleolipid head group which carries a

double-chained lipid with a clickable group at N(3) of thymi-

dine (6a). Among all nucleolipid head groups, this is the only

one which can be incorporated once or more at each position of

a growing oligonucleotide chain. As was found for the oligomer

10 (Figure 5), a maximum brightness was not immediately

reached, but rather after a long incubation time (42 min).

However, in contrast to the aforementioned experiment, the

oligomer 12 is highly resistant against perfusions. After 3 perfu-

sions, interrupted by incubation periods of 10 min each, a

constant normalized bilayer brightness of about 60–65% is

reached, which stays constant for more than 1 h and 6 perfu-

sions.

Figure 8 displays the adsorption and desorption results for the

lipo-oligonucleotide 13 carrying an O-2’,3’-nonadecylidene-

lipophilized 5-fluorouridine at the 5’-terminus. This oligomer

shows a somewhat unusual behavior upon binding on the lipid

bilayer. After 70 min the bilayer brightness reaches a first

maximum at about 45%, which stays constant for about 10 min,

even during 2 perfusions. Subsequently, however, between

t = 81 min and t = 99 min, the bilayer brightness significantly

increases from 40 to 100% (third to fifth perfusion). Further

perfusions (up to the 22nd) and incubation periods (until

t = 208 min) lead to an exponential decrease of the brightness

value to almost zero. In order to study this further, the level of

the buffer phase in the cis compartment was lowered until it

could be visualized within the focus of the fluorescence micro-

scope (Figure 9).

From the z-direction scan shown in Figure 9E (for which the

air–buffer boundary was lowered until it could be observed

within the focus), it can be recognized that the lipo-oligonucleo-

tide is concentrated at various phase boundaries: (1) at the lipid

bilayer–H2O boundary, (2) at the air–H2O phase boundary, as

well as (3) at the Teflon surface. Therefore, the further enhance-

ment of the bilayer brightness (as in Figure 4 at t = 81 min)

might be due to a redelivery of the lipo-oligonucleotide from (2)

or (3).

Transport of the oligomer through the aqueous phase most

likely occurs in the form of micelles. For example, the infiltra-

tion of such micelles was demonstrated after the 9th perfusion

step (Figure 4). Moreover, from Figure 9E it can be seen that

the bilayer is significantly arched upwards towards the trans
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Figure 8: Bilayer brightness vs event graph of 5’-d(7a-Cy5-TAG GTC AAT ACT) (13).

chamber so that it is out of focus. This indicates the develop-

ment of a Donnan pressure caused by the existence of signifi-

cantly different osmotic pressures within the cis and the trans

compartment, which is due to the fact that the polyanionic

nucleic acid is unable to cross the artificial bilayer.

Figure 10 shows the bilayer brightness vs the various events for

the lipo-oligonucleotide 14. This oligomer carries a phytyl

residue at the N(3) atom of 5-fluorouridine (8a). Nature uses

this diterpenoid group for a membrane binding of chlorophyll,

tocopherol and other biomolecules.

The lipo-oligonucleotide is characterized by being very quickly

bound at the lipid bilayer. After 15 min the maximum bright-

ness is reached followed by an exponential decrease over the

course of six perfusion/incubation periods. A stable bilayer

brightness is reached after approximately 1 h after, which

remains constant for at least another 90 min.

The incorporation kinetics and stability of the lipo-oligonucleo-

tide 15 are shown in Figure 11. As the nucleolipid head group,

it contains 5-fluorouridine carrying an alicyclic O-2’,3’-

cyclopentadecanylidene ring. As can be seen, the binding within

or (more likely) at the lipid bilayer occurs relatively slowly

within 55–60 min until the maximum brightness of the bilayer

is reached. A single perfusion reduces the brightness to 55%.

Further perfusion, followed by incubation periods of 5 min,

leads to an almost complete removal of the lipo-oligonucleo-

tide (t ≤ 80 min). We therefore assume that the lipophilic

moiety of the head group is too bulky (Figure 3F) to be fully

inserted into the bilayer and that the lipo-oligonucleotide is only

loosely adsorbed at the bilayer surface.

From these results, it can be stated that the insertion rate of a

lipo-oligonucleotide into an artificial lipid bilayer as well as its

stability within the bilayer does not exclusively depend on the

lipophilicity of the head group but also (i) results from the

three-dimensional structure of the latter, (ii) from the length of

the lipophilic moiety and (iii) from the position of the lipid

residue at the nucleoside.

For the LONs 10 and 11 we observed that the elongation of the

C-atom chain length from 5 to 17 does not necessarily lead to

an enhancement of the amount of the LON incorporated into the

bilayer. LON 10 is on one hand side incorporated very fast and

in a high amount, and on the other hand, 85–90% is released
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Figure 9: Infiltration of lipo-oligonucleotide (13) aggregates from the buffer into the lipid bilayer. Z-direction scan A) of a pure lipid bilayer without fluo-
rescence, B) after the fourth perfusion/incubation step with high bilayer fluorescence and an accumulation of fluorescent aggregates/micelles above
the bilayer. C) Z-direction scan of the bilayer after the ninth perfusion/incubation step, resulting in decreased bilayer brightness and an increased
amount of micelles. D) After the 13th perfusion/incubation step, the bilayer sags into the trans compartment. After the 14th perfusion the bilayer
returns to the starting position. E) After the 22nd perfusion/incubation step, the air–buffer boundary of the cis compartment was lowered over the
bilayer. F) Z-direction scan after raising the buffer out of the focus. Brightness of the air–buffer boundary and of the lipid bilayer, each determined
within the region of interest. G) The brightness of the liquid–air boundary is approximately 100,000 kHz. H) The brightness of the area between the
two boundaries is approximately 28,000 kHz, and the brightness of the bilayer is approximately 50,000 kHz. I) The ratio of the brightness values of the
liquid–air boundary and that of the bilayer is 2.

from the bilayer very easily by just a single perfusion

(Figure 12A,B). In contrast, LON 11, which differs from LON

10 only in the C-atom chain length of the lipid moiety, is incor-

porated only at a relatively low amount but stays bound to a

significantly greater extent (40–50%), even after 10 perfusions

(Figure 6).

Other lipophilic head groups such as LONs 13–15 lead to a fast

and efficient incorporation into the bilayer (Figure 12A). Here,

we observed LON 14 carrying a single-stranded phytyl residue

at N(3) of 5-fluorouridine plus a short O-2’,3’-ketal group. This

was also observed for LON 13 with an O-2’,3’-nonadecylidene

ketal group which had a very strong binding within the bilayer,

much stronger than that observed for LON 15 with a cyclic

O-2’,3’-ketal, which was washed out completely from the

bilayer after only three perfusion steps (Figure 11).

LON 12 represents an oligomer with a long double-tailed lipid

moiety at the N(3) position of thymidine. Interestingly, this

LON is incorporated into the bilayer at a relatively low rate but

proved highly stable against perfusion.

Diffusion time measurements of LON 10
inserted within the lipid bilayer
Additionally, the diffusion times of LON 10 at positions 1, 2,

and 3 (Figure 13A–C, Table 1) were measured in order to char-

acterize its binding at and within the bilayer. Right above the

bilayer (position 2), the diffusion of the oligomer is signifi-

cantly reduced as compared to that in free solution (position 1).

From the fitted and normalized fluorescence correlation curves

(Figure 13C), the corresponding diffusion times could be

deduced as summarized in Table 1. The decreasing mobility of
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Figure 10: Bilayer brightness vs event graph of 5’-d(8a-Cy5-TAG GTC AAT ACT) (14).

Figure 11: Bilayer brightness vs event graph of 5’-d(9a-Cy5-TAG GTC AAT ACT) (15).
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Figure 12: Summarizing the bilayer brightness for LONs 10–15
depending on the incubation time up to the maximum brightness (A),
as well as on the number of perfusions (B) with details shown in (C).

Table 1: Diffusion times, τD (ms), of LON 10 in the presence of a lipid
bilayer. Position: 1 - buffer; 2 - solution in close proximity to the bilayer;
3 - bilayer-bound.

Position τD [ms]

1 in buffer 0.25 ± 0.08
2 close to the bilayer 0.73 ± 0.01
3 bilayer-bound 4.25 ± 0.98

the oligomer from position 1 < position 2 < position 3 clearly

indicates a loose adsorption at the bilayer (position 2) followed

by incorporation within the bilayer (position 3).

Figure 13: Diffusion time measurements of LON 10 (5 µL, 50 nM).
A) Z-direction scan directly after the addition of the oligomer probe into
the cis compartment of the bilayer chip. B) Z-direction scan after
7 perfusion/incubation cycles upon which unbound oligomer was
completely washed out. This allows a diffusion time measurement of
bilayer-bound LON 10. C) Normalized and fitted correlation curves of
the measured diffusion times at positions 1, 2 and 3.

Obviously, at position 2 (which is only ≈5–10 µm away from

the bilayer), an attractive interaction exists between a LON and

the lipids of the bilayer, which leads to a decrease in diffusion

time. However, it is not clear if the diffusion slows down gradu-

ally. For this, it would be necessary to measure the diffusion at

various positions above or below the bilayer. This is, however,

difficult because of the floating of the bilayer.

Correlation between the structure of the
lipophilic head groups of the lipo-oligonucleo-
tides and their stability within the artificial lipid
bilayer
Next, we tried to correlate various parameters taken from the

“brightness vs event” graphs such as the absolute maximum

bilayer brightness values (in MHz) as well as the final stable

brightness data (in MHz and %) with the log P values of the

corresponding nucleolipid headgroup using Tetko’s ALOGPS

method (v. 3.01) for the calculation (Table 2). As can be seen in

Table 2, no obvious correlation could be deduced. This means
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Table 2: Experimental results of the incorporation of the LONs into artificial lipid bilayers with respect to the log P values of the nucleolipid head
groups.

LON
10 11 12 13 14 15

Nucleolipid head group (number of
C-atoms of the lipid moieties) 4a (11) 5a (35) 6a (36) 7a (19) 8a (20) 9a (15)

log Pa of head groups 2.27b 9.07b 9.04b 5.34b 6.43b 3.99b

Maximum bilayer
brightness [MHz]c 45.77 26.52 26.22 273.49 (sh)/

627.14d 316.97 324.46

Time to reach maximum
brightness [min] 35 15 40 70e/

99f 15 55

Number of perfusion steps to
reach a stable bilayer brightness 4 7 3 1/

16 6 4

Final stable bilayer brightness
[MHz] 3.64 ± 0.56 9.78 ± 1.60 14.87 ± 1.52 258.16 ± 1.52/

53.95 ± 20.68 88.51 ± 9.71 2.98 ± 0.99

Final normalized stable bilayer
brightness [%] 7.96 ± 1.22 36.88 ± 6.04 56.73 ± 5.80 41.16 ± 2.00/

8.60 ± 3.00 27.93 ± 3.06 0.92 ± 0.31

alog P values were calculated at the http://eadmet.com/de/physprop.php site with ePhysChem that uses ALOGPS v. 3.01 for log P prediction. b±0.74
with a confidence interval of 66%. cThe brightness of the empty bilayer amounts to 425 ± 300 kHz (N = 6). dReached after 5 perfusions. eFirst plateau,
reached after 1 perfusion. fConstant final brightness, reached after 16 perfusions.

that the lipophilicity of the nucleolipid head group is of minor

importance for the effectiveness of lipo-oligonucleotide binding

within the artificial lipid bilayer with respect to (i) the maximal

bilayer brightness, (ii) the binding rate to reach this maximum

brightness, (iii) the stability of the LON within the bilayer

(expressed in number of perfusions to reach a stable brightness,

and (iv) the final constant bilayer brightness. The log P values

can only be correlated with the number of C-atoms of the lipid

moieties, which are probably responsible for the binding to the

bilayer. Of decisive importance for an effective insertion of a

LON is obviously the chemical structure and topology of the

corresponding nucleolipid head group. An acceptable compro-

mise seems to be the phytol-labeled 5-fluorouridine head group,

which has a mean log P value (6.43 ± 0.74) of the nucleolipid.

The corresponding LON 14 reaches a high maximum bilayer

brightness (316.9 MHz) within 15 min and proves also to be

relatively stable within the bilayer (final brightness, 88.5 MHz).

The log P values of the nucleotides uridine, 2-deoxythymidine

and 5-fluorouridine are as follows: −1.90, −0.96 and −1.30

(±0.38 with a confidence interval of 66%). Thus they prove

significantly smaller than the value of the corresponding lipo-

oligonucleotides. The log P data gives insight into the augmen-

tation of the lipophilicity of the nucleosides 4a–9a.

Calculations and experimental measure-
ments of hydrodynamic properties of lipo-
oligonucleotides
Simulation and modeling of the LONs and calcula-
tion of their hydrodynamic parameters
For the calculation of the hydrodynamic properties of LONs

10–15, first the 3D structure of the single-stranded oligomer

sequence 5’-d(TAG GTC AAT ACT)-3’ was calculated using

the HyperChem software (Hypercube, ON, Canada) and then

5’-linked to the structures of the lipophilic head groups. The

resulting 3D structures of the LONs were subsequently energy-

minimized by applying the MMFF94 force field by using the

freely available software package, Avogadro v 1.1.1 [19]

(Figure 14).

For the subsequent calculations of the viscous drag and the

diffusion coefficient, D, LONs 10–15 were adapted to the form

of a stretched rotation ellipsoid, moving at random (Figure 15).

For this purpose, from the 3D structures (Figure 14) of the

LONs, the half axes a and b were deduced. The half axis a

amounts to half of the sum a1 – a3 (Figure 15, Equation 2). The

half axis b is half of the diameter of the DNA single strand of

the LON and is approximated using Pythagoras’ theorem. For

this assessment, the distances between the phosphate groups P1

and P5, P5 and P9 as well as between P9 and P1 were taken from

the 3D structures from the 12-mer DNA sequence using the

Avogadro or the RasMol software. Half of the diameter corre-

sponds to the half axis, b.

Because nucleic acids bind water molecules and are, therefore,

covered by a hydration shell, 2.8 Å is added to the radius b

which is the diameter of a water molecule. The mean value of

the semi-minor axis, b, of a hydrated nucleic acid single strand

is 12.03 ± 0.15 Å.

The frictional coefficient, f, of an ellipsoid, moving at random,

with the semi-major axis a and semi-minor axis b [20], is

described by Equation 1:

http://eadmet.com/de/physprop.php
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Figure 14: Hydrodynamic models of lipophilic oligonucleotides 10–15. Views are perpendicular (right) or parallel (left) to the helix axis.
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Table 3: Hydrodynamic properties of the lipo-oligonucleotides 10–15.

LON Nucleo-lipid
head groupa

MWLON
[g·mol−1]

a1
DNA
length
[Å]

a2
Cy5-base
distance
[Å]

a3
lipid
length [Å]

2·banh
DNA
diameter
[Å]

A
Semi-major
axis [Å]b

bhyd
Semi-minor
axes [Å]c

fcalc
d

× 10−8

[g·s−1]

Dcalc
e

× 10−6

[cm2·s−1]

10 4a (11)a 4637.8 33.17 13.85 7.35 18.55 27.19 12.08 3.41 1.19
11 5a (35)a 4974.4 33.13 13.53 22.13 18.15 34.40 11.87 3.69 1.10
12 6a (36)a 5054.4 34.48 22.33 25.85 19.00 41.33 12.30 4.09 0.99
13 7a (19)a 4767.8 33.07 13.51 11.85 18.45 29.22 12.02 3.48 1.16
14 8a (20)a 4875.9 32.92 18.78 21.23 18.37 36.47 11.98 3.81 1.06
15 9a (15)a 4707.6 33.68 13.59 6.31 18.29 26.49 11.94 3.36 1.20

aNumber of C-atoms of the lipid moieties. bFrom an approximation of an ellipsoid, moving at random [20]. cbhyd, semi-major axis of hydrated ssDNA.
dCalculated viscous drag coefficient of an ellipsoid, moving at random [20]. eCalculated diffusion coefficient.

Figure 16: Schematic structure of a Cy5-labeled lipo-oligonucleotide.

Figure 15: Scheme of a stretched rotation ellipsoid with the semi-
major axes a and b.

(1)

Figure 16 schematically displays the structure of a Cy5-labeled

lipo-oligonucleotide for the calculation of the semi-major axis a

according to Equation 2. According to the Stockes–Einstein

relation for ellipsoidal particles, the diffusion coefficient, D, can

be expressed as

(2)

where kBT is the thermal energy, f is the frictional coefficient of

an ellipsoid, moving at random and η (Equation 1) is the solvent

viscosity.

Table 3 summarizes the results of the theoretically calculated

hydrodynamic properties of the lipo-oligonucleotides

10–15. The mean diffusion coefficient was found to be

1.2·10−6 ± 0.08 cm2 s−1.

We do not exclude the formation of LON aggregates, but under

our experimental conditions with respect to concentration and

temperature, we do not observe a strong aggregation tendency –

a finding corroborated by the agreement between the calculated

and measured hydrodynamic properties. Any aggregates are

obviously not bound within the lipid bilayer, but only in free

solution. They act to resupply LONs for the incorporation of

LON monomers into the lipid bilayer (Figure 9) by disintegra-

tion.

Fluorescence correlation spectroscopy (FCS)
measurements and experimental determination of
hydrodynamic properties
Using fluorescence correlation spectroscopy (FCS), we moni-

tored the diffusion of Cy5-labeled lipophilized oligonucleotides

10–15 in aqueous solution within a confocal detection volume

of 0.9 fL. The diffusion time, τD (Equation 3), depends on the

mass and the shape of the molecule as well as on the dimen-

sions of the detection focus ωx,y in the x,y-dimension, in addi-

tion to the diffusion coefficient D as
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Table 4: Experimental hydrodynamic data from FCS measurements.

LON Nucleolipid headgroupa τD [ms]b χ2 [ms]c Dexp × 10−6 [cm2·s−1]d Dexp/Dcalc
e

10 4a (11)a 0.16 ± 0.007 0.12 1.62 1.37
11 5a (35)a 0.17 ± 0.015 0.27 1.54 1.41
12 6a (36)a 0.16 ± 0.005 0.23 1.62 1.61
13 7a (19)a 0.16 ± 0.006 0.16 1.63 1.40
14 8a (20)a 0.16 ± 0.010 0.28 1.57 1.48
15 9a (15)a 0.15 ± 0.011 0.14 1.68 1.42

aNumber of C-atoms of the lipid moieties. bMeasured diffusion time [ms]. cχ2: indicates the quality of the dataset. dDiffusion coefficient calculated from
measured diffusion time, τD. eRatio of the experimentally determined diffusion coefficients and the calculated data.

Table 5: Vhyd, Vanh and partial specific volume  as well as the degree of hydration (δ) for LONs 10–15.

LON Hydration involving the whole ellipsoid,
calculated with major semi-axis a

Hydration of DNA strand only,
calculated with major semi-axis a1

Vanh
× 10−20

[cm3]

Vhyd
× 10−20

[cm3]

Vhyd−Vanh
× 10−21

[cm3] [cm3 g−1]
δ
[cm3 g−1]

Vanh
× 10−21

[cm3]

Vhyd
× 10−20

[cm3]

Vhyd−Vanh
× 10−21

[cm3] [cm3 g−1]
δ
[cm3 g−1]

10 0.98 1.66 6.81 1.3 0.9 5.97 1.01 4.15 0.8 0.5
11 1.19 2.03 8.45 1.4 1.0 5.71 0.98 4.07 0.7 0.5
12 1.56 2.62 10.56 1.9 1.2 6.51 1.09 4.41 0.8 0.5
13 1.04 1.77 7.28 1.3 0.9 5.89 1.00 4.12 0.7 0.5
14 1.29 2.19 9.05 1.6 1.1 5.81 0.99 4.08 0.7 0.5
15 0.94 1.60 6.62 1.2 0.8 5.90 1.00 4.16 0.8 0.5

(3)

Assuming a diffusion coefficient of D = 4.3 × 10−6 cm2 s−1 for

MR121 [21,22] and a measured diffusion time of 60 ± 2.05 µs,

we calculated the diffusion coefficients for the LONs to be

1.61 ± 0.06 × 10−6 cm2 s−1 (Table 4). This means that the ratio

between the experimental and the calculated diffusion coeffi-

cients (Table 5, last column) is 1.45 ± 0.09 on average. Our data

are comparable with those reported by Fernandes et al. in 2002

[23], which was also determined for DNA 12mers (1.22 and

1.45 × 10−6 cm2 s−1).

Hydration of the lipo-oligonucleotides
In an aqueous environment, water molecules form a hydration

shell around the nucleic acid. Consequently, the surface of the

nucleic acid chain is smoothed, and the partial volume of the

hydrated molecule (Vhyd) is increased by the volume of the

water shell. By determining the Vhyd of the LONs, one can

calculate the degree of hydration. The anhydrous volume, Vanh,

can be expressed by Equation 4:

(4)

where M is the molecular weight of the lipo-oligonucleotide,

NA is Avogadro’s number, and  is the partial specific volume.

For the calculation of Vanh and Vhyd, the volume of the LON is

adapted to be an elongated rotation ellipsoid as:

(5)

where b is the shorter semi-major axis. For the calculations, the

parameters a and banh and bhyd (Table 3), respectively, were

used.

The difference Vhyd−Vanh describes the volume of the hydrody-

namically bound water. The degree of hydration is often

described as the ratio, δ, of bound water in grams per gram of

molecule as described by

(6)

Our calculations demonstrate slight differences between the

degree of hydration values depending on the different methods
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of volume calculation: (i) calculation using a or (ii) using a1/2

(Figure 16). Assuming an increase in the hydrated shell with an

increase in the total LONs, the hydration values amount to

0.8–1.2 g of H2O per gram of LON. Assuming, however, only

hydration of the nucleic acid moiety, the hydration values

amount to 0.5 g of H2O per g of molecules.

From IR measurements it could be concluded that 20 water

molecules hydrate one nucleotide residue within a nucleic acid

[24,25]. This results in a hydration of 1 g of H2O per gram.

However, Bloomfield et al. in 2000 [26] as well as Fernandes et

al. in 2002 [23] reported hydration degrees of 0.35 [26] or 0.3 g

of water per gram of nucleotide (Table 5).

Confocal fluorescence lifetime analysis (cFLA)
Next, the fluorescence lifetime values of the LONs 10–15

were measured and are listed in Figure 17A–C as well as in

Table 6.

Figure 17: Fluorescence lifetime τF values of the LONs 10–15.
A) Logarithmic imaging of fluorescence intensity–time decay of LONs
10–15 and the corresponding fitting curves (–). B) The residuals show
some minor systematic errors (the color legend is the same as in A
and C). C) Normalized logarithmic fluorescence intensity of the fitting
curves.

The fluorescence lifetime of the free Cy5 dye is reported to be

0.91 ns [27], 1.0 ns [28,29], and 1.0–1.4 ns [30]. In the litera-

ture, fluorescence lifetimes of free Cy5 dye attached to ssDNA

as well as to dsDNA, respectively, also exist. The fluorescence

lifetime, τF, of two 5’-Cy5-ssDNA conjugates were measured as

Table 6: Fluorescence lifetime values of LONs 10–15.

LON
τF
[ns]

10 1.92 ± 0.01
11 2.29 ± 0.08
12 1.73 ± 0.00
13 1.99 ± 0.01
14 2.23 ± 0.04
15 1.92 ± 0.01

1.8 ± 0.1 ns [31] for a 36mer and a 23mer [32]. For a Cy5-

labeled 25mer, a value of 1.26 ns [27] was reported.

For the LONs 10–15 described here, longer lifetime values

between 1.7 and 2.3 ns were measured. These data are in accor-

dance with corresponding data of Cy5–ssDNA, and also with

those of Cy5–dsDNA.

Conclusion
The studies described in this manuscript complement the

research of various scientific groups whose work is focused on

the formation of complex nanoarchitectures [33,34], the inter-

action of such nanostructures with lipid membranes [35-38], as

well as the optimization of the in vivo delivery of lipophilic

siRNA [10-12] (e.g., by DNA trafficking [7]).

Further studies from our group will include the binding of

terminally lipophilized oligonucleotides at water–air or

water–decane boundaries [39] as well as the transdermal appli-

cation of such LONs through the human Stratum corneum by

iontophoresis techniques as well as the transport across the

blood–brain barrier [40].

Experimental
Materials. 1-Palmitoyl-2-oleyl-sn-glycero-3-phospho-

ethanolamine (POPE) and 1-palmitoyl-2-oleyl-sn-glycero-3-

phosphocholine (POPC) were purchased from Avanti Polar

Lipids (Alabaster ,  Al) ,  n-decane from Alfa Aesar

(D-Karlsruhe), potassium chloride (KCl), 3-morpholino-

propane-1-sulfonic acid (MOPS) and 2-amino-2-(hydroxy-

methyl)propane-1,3-diol (TRIS) were purchased from Roth

(D-Karlsruhe). All lipo-oligonucleotides 10–15 (Figure 2) were

synthesized, purified and characterized by MALDI–TOF mass

spectrometry by Eurogentec SA (B-Liege). In each case, the

detected mass confirmed the corresponding calculated mass.

MALDI–TOF–MS (m/z): 4636.8 (10, [M + H]+; calcd 4637.8);

4976.3 (11, [M + H]+; calcd 4974.4); 5043.4 (12, [M + H]+;

calcd 5054.4); 4755.0 (13, [M + H]+; calcd 4767.8); 4866.5 (14,

[M + H]+; calcd 4875.9); 4696.9 (15, [M + H]+; calcd 4707.6).
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Similar to that described in [9,18], we have chosen the particu-

lar sequence 5’-d(TAG GTC AAT ACT)-3’, because it does not

form hair pins or self-complementary duplexes. The

lipophilized strand and the complementary oligomer contain the

same number of canonical nucleotides, so that a mixture of the

1 A260 units, from both strands, gives an equimolar mixture. For

nearly all base pairs, amongst all nearest neighbor combina-

tions exist. Both strands have the same composition; the

unmodified duplex exhibits a melting point of 46 °C in a phos-

phate buffered solution.

Methods. The technique of horizontal lipid bilayer fabrication

and incorporation of lipo-oligonucleotides is described therein.

Analogous to the description in [7,8,41], in the following, the

automated bilayer fabrication is described. Horizontal bilayers

were automatically fabricated using a lipid mixture of POPE/

POPC 8:2 (w/w), 10 mg/mL of n-decane within the “bilayer

slides” [7,8,41] and observed with an add-on for the inverted

confocal microscope (bilayer slides and Ionovation Explorer,

Ionovation GmbH, D-Osnabrück). A bent Hamilton syringe

(CH-Bonaduz) was used to fill the bilayer slide with 250 mM

KCl, 10 mM MOPS/Tris, pH 7 buffer and 0.2 µL of the lipid

mixture. The automated bilayer production was started and

monitored optically and electrochemically. For the electrochem-

ical measurements, Ag/AgCl electrodes embedded in agarose

were used to connect the cis and the trans compartments. As

described in previous works [7,8,15,18,41], the measurement

protocol is as follows: When a bilayer has been established

(C > 50 pF ± 20), a solution of the cyanine-labeled lipophilized

oligonucleotide (5 µL, 50 nM, solubilized in water) was

injected over the bilayer. The probe was incubated until a stable

brightness was reached. During the incubation time, the bilayer

integrity was monitored by continuous capacitance measure-

ments. In all graphs, the brightness was given either in kHz or it

was normalized (0–100%). The z-direction scan was performed

in 5 min intervals (see below). After the incubation steps, the

cis compartment was perfused repeatedly for 30 s (1.1 mL/min,

each), and the bilayer was inspected by confocal fluorescence

microscopy. Each perfusion step using the Ionovation perfu-

sion unit was followed by an incubation step. This procedure

was repeated until the brightness of the bilayer stabilized.

All confocal imaging and lifetime measurements were per-

formed on a confocal laser scanning microscope (Insight Cell

3D, Evotec Technologies GmbH, Hamburg, Germany)

equipped with a 635 nm emitting laser diode (LDH-P-635,

PicoQuant, Berlin, Germany), a 40× water immersion objective

(UApo 340, 40×, NA = 1.15, Olympus, Tokyo, Japan), and an

Avalanche photodiode detector (SPCM-AQR-13-FC, Perkin-

Elmer Optoelectronics, Fremont, CA, USA). Fluorescence ir-

radiation was achieved with an excitation laser power of

200 ± 20 µW directly in front of the objective. Z-direction scans

were performed by scanning the confocal laser spot in the X–Y

direction with a rotating beam scanner and movement of the

objective in the Z direction. The movement in all directions was

piezo-controlled, which allows for nanometer precision posi-

tioning.

As in [7], each measurement protocol was carried out as

follows: (a) a reference scan of the stable bilayer was per-

formed, (b) the lipophilized oligonucleotide sample was added,

(c) the solution was incubated until the brightness in the bilayer

reached a maximum, (d) followed by an additional series of

scans performed after each perfusion of the cis compartment

(for 30 s, 1.1 mL/min), and (e) followed by a given incubation

time.

In order to analyze the 2D images they were processed with

Image J A 1.44 software and the obtained data was evaluated

with OriginPro 8 (OriginLab Corporation). For an evaluation of

the z-direction scan data, the brightness within the bilayer was

measured. The mean area of the bilayer cross section was

400 ± 115 counts per pixel (N = 230). Next, the brightness was

determined by summing up the number of pixels, where one

pixel equals 1 kHz or 1 µm.

All devices used as well as the general techniques used in this

paper have been described in detail in preceding manuscripts as

well as in an mp4 video [18].
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